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Objectives and outline of this study  
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Our understanding of arthropods in general and insects in particular is deep, but still narrow. 
Some model organisms such as the fruitfly Drosophila melanogaster, the red flour beetle 
Tribolium castaneum or the silkmoth Bombyx mori are thoroughly described and their 
genome is sequenced and well-annotated. However, all these model insects that had their 
genome sequenced thus far were holometabolic. On the side of the hemimetabolic insects and 
also other non-insect arthropods, our knowledge is still limited. This also counts for the 
nuclear receptors (NRs). In fact, when we started this research project four years ago, the 
available knowledge on nuclear receptors outside the Holometabola was very fragmentary and 
no full non-holometabolic set of NRs was described. The main goal of this thesis was to 
identify and characterize the nuclear receptors outside of holometabolic insects and 
subsequently see if any remarkable differences between holometabolic insects and other 
arthropods are to be discovered.  
 
Three organisms have been chosen to investigate the diversity of nuclear receptors throughout 
the Arthropoda phylum, namely the hemimetabolous pea aphid (Acyrthosiphon pisum), the 
holometabolic bumblebee (Bombus terrestris) and the chelicerate spider mite (Tetranychus 
urticae). These three species represent a wide scope in the Arthropoda phylum and allow a 
comparison between the different sets of nuclear receptors in a chelicerate organism, a 
hemimetabolous insect and a holometabolous insect. 
 
In Chapter 1, a general introduction on nuclear receptors will be presented; their structure, 
working mechanism, characteristics, evolution and their link to the signaling cascade of the 
ecdysteroids, known as the moulting hormones, will be elaborated on. Additionally, an 
introduction on RNA interference (RNAi), a functional genomics tool used further on in this 
thesis, will be presented as well. 
 
Chapter 2 highlights the paradox that nuclear receptors in arthropods exhibit great 
conservation, as well as some remarkable diversity. The full sets of nuclear receptors from the 
aforementioned species will be presented and differences between the different species and 
taxonomical groups which were discovered, will be discussed.  
 
Special interest in this thesis will go towards the ecdysteroid signaling pathway. Centrally in 
this pathway is the binding of the major insect moulting hormone 20-hydroxyecdysone (20E) 
with the functional ecdysone receptor complex, formed by the nuclear receptors EcR and 
 IX 
 
Usp/RXR. This heterodimer and its components will be discussed in Chapter 3. The EcR and 
RXR/USP of the pea aphid and the two-spotted spider mite will be examined more closely. 
Also, modeling and docking studies, where the 3D-structure of the protein as well as the 
possible interaction with different ligands are predicted in silico, will be presented.  Structural 
differences between the insect and chelicerate EcR may then reflect the presence of the 
different moulting hormones. 
 
In Chapter 4, we will investigate what happens upstream, namely the 20E biosynthesis. A 
group of enzymes, called the Halloween genes, which are responsible for the conversion of 
cholesterol to the functional 20E will be investigated.  
 
In a final part, the objective was to investigate the functionality of nuclear receptors, 
especially EcR and USP. RNA interference (RNAi) was chosen as an ideal technique to 
elucidate functional information regarding the nuclear receptor genes that were found in the 
pea aphid. Our first goal was to set up a microinjection and feeding protocol for dsRNA-
delivery to aphids. The second goal was to attempt silencing of EcR and USP and examine the 
phenotypic effects. Despite intensive attempts, RNAi experiments did not provide the 
expected results and RNAi proved to be inefficient in aphids. Therefore, we investigated 
possible reasons behind these observations that the RNAi mechanism did not seem to be as 
robust as for example in T. castaneum and Apis mellifera. The results of these experiments 
towards a functional RNAi experimental setup are presented in Chapter 5. 
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1. General introduction on arthropod phylogeny 
Arthropods are invertebrates that are characterized by a bilateral symmetry, a segmented body, 
jointed appendages and an exoskeleton, providing both structure and protection. This phylum 
is the largest and most diverse taxonomical group in the animal kingdom. It is also a very 
successful group of species. They have been around for over 500 billions of years, are still 
evolving, show a great diversity, are found in almost all possible environments and are 
inhabiting our planet in huge numbers. Both the ecological and economic importance of 
arthropods cannot be underestimated. They play a huge role in agriculture, be it as pest or as a 
beneficial insect, and are also known carriers of some devastating diseases.  
 
Taxonomically, the Arthropoda are part of the larger Superphylum Ecdysozoa, which is the 
group of Protostomia that includes all animals which undergo ecdysis during their 
development (Fig. 1.1). The arthropods are generally divided into five subphyla;  
 
 The extinct Trilobitomorpha 
 the Chelicerata including all spiders, scorpions and mites 
 the Myriapoda containing millipedes and centipedes 
 the Crustacea containing all shrimp, crab and lobster species 
 the Hexapoda which consists mainly out of insects 
 
Despite the fact that a lot of genomic and evolutionary data are available, there is still some 
debate about the relationships between these different arthropod groups. During the past few 
decades, a lot of attention has gone towards these phylogenetic relationships. A clear 
consensus however has not been met. One of the first successes in this field was the 
observation that Hexapoda are more closely related to the aquatic Crustacea than to the 
terrestrial Myriapoda (Friedrich & Tautz, 1995; Boore et al., 1998), confirming the hypothesis 
of the Pancrustacea group (Hexapoda + Crustacea). 
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Figure 1.1 General phylogeny of Animales highlighting the Ecdysozoa clade to which the Arthropoda 
belong (after Sanetra et al., 2005). CNS: central nervous system; PDA: protostome-deuterostome ancestor. 
 
The position of the Myriapoda however was still not so clear. Are they more closely related to 
the Pancrustacea, forming a Mandibulata clade, as was long thought based on morphological 
observations? Or do they have a common ancestor with the Chelicerata and form the 
Paradoxopoda clade, as is suggested by some molecular research (Friedrich & Tautz, 1995; 
Hwang et al., 2001; Mallatt et al., 2004)? Figure 1.2 gives a representation of both theories. 
For a long time, these observations and conclusions about phylogenetic relationships were 
based on morphological criteria and later also sequence data obtained from limited taxa and 
genes. In recent years however, high throughput analyses have enabled us to get a more 
complete and correct view on these relationships. Regier et al. (2010) have used sequence 
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information from 62 single-copy nuclear protein-coding genes from 75 arthropod species in 
order to get a clearer view on the molecular phylogeny of Arthropda. Their results strongly 
supported both the Pancrustacea and the Mandibulata (Myriapoda plus Pancrustacea) 
hypotheses.  
 
  
Figure 1.2 Phylogenetic trees visualizing the Paradoxopoda (left) and the Mandibulata (right) hypotheses 
(Regier et al., 2010). 
 
Another point of debate in arthropod phylogeny was the relationship within the Pancrustacea 
group, between the Hexapoda and Crustacea. Both were long considered to be monophyletic 
sister groups, but recent evidence also supported the idea that the insects could belong to a 
subset of some Crustacea (Carapelli et al., 2007; Cook et al., 2005; Regier et al., 2005, 2010). 
Based on mitochondrial genome studies,  Carapelli et al. (2007) also places the Collembola 
outside of the clade formed by the other hexapods and considered them as another Crustacea 
clade. Thus, at this time the arthropod phylogeny is far from clear and a consensus has not 
been met. However, the volume of data used in the research by Regier et al. (2010) makes 
that their conclusions have a solid base of evidence and that they could provide a clear 
framework for the phylogeny in this group (Fig. 1.3).  
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Figure 1.3 Phylogenetic tree showing the full Arthropoda phylogeny, based on Regier et al. (2010). The 
major taxonomical groups are indicated on the right. Arthropoa, Mandibulata and Pancrustacea nodes 
are indicated on the tree.  
 
1.1. Hexapoda 
This group of six-legged arthropods is generally considered to contain four taxonomical 
groups, namely the Insecta, Diplura, Protura, Collembola. These last three groups of 
ametabolous hexapods were all once considered insects, but are now considered separate 
orders within the class of Entognatha (Fig. 1.3). Even though this class was traditionally 
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created based on the morphological feature of internal mouth parts, recent molecular evidence 
seems to confirm this hypothesis (Regier et al., 2010).  
 
Besides the very small group of wingless and ametabolous insects belonging to the 
Entognatha, the Hexapoda can generally be divided into two main groups based on their 
growth and development. The holometabolous insects or Endopterygota undergo a large 
metamorphosis during the pupal stage resulting in adults that have very large morphological 
differences compared to the larval stages. However, in hemimetabolous insects, known as 
Exopterygota, the adult stage organisms have a very similar morphology as their juvenile 
stages, called nymphs. The only main difference is the formation of wings in the adult stage. 
Figure 1.4 gives an overview of some of the most important orders belonging to both 
superorders. In this thesis, the hemipteran aphid Acyrthosiphon pisum (Hemimetabola) and 
the hymenopteran bumblebee Bombus terrestris (Holometabola) will feature prominently as 
examples of species from each of these two superorders and the phylogeny of the Hemiptera 
and Hymenoptera orders is shown in more detail. 
 
 
Figure 1.4 Simplified phylogenetic tree showing the relationship between the most important insect orders. 
The phylogenetic position of the three organisms used in this thesis is  shown. The Holometabola and 
Hemimetabola groups are indicated on the right. 
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1.2. Chelicerata 
Another important arthropod group is the Chelicerata. They are a large and old group 
generally divided into three classes. The Pycnogonida contain the sea spiders, the Xiphosura 
are the horseshoe crabs but the most important class is that of the Arachnida, a large and 
diverse group of which the spiders (order Araneae), scorpions (order Scorpiones) and the 
subclass of Acari, containing ticks and mites, are the most well-known taxonomic groups. The 
Acari are subdivided into two main superorders, the Acariformes (containing most 
herbivorous mites) and the Parasitiformes (containing ticks). Tetranychus urticae was chosen 
as a model organism to characterize the nuclear receptors in chelicerates and thus the clade of 
Acari is indicated in the phylogenetic tree (Fig. 1.5). 
 
Figure 1.5 Simplified phylogenetic tree of the Chelicerata clade, showing the most important and largest 
taxonomical groups belonging to this subphylum. The Acari clade, containing Acariformes and 
Parasitiformes, is indicated on the tree itself. 
 
2. Nuclear receptors 
2.1. Definition 
The nuclear receptor superfamily is a group of transcription factors which are found in all 
metazoans or Animalia. Until now, no members of this protein superfamily have been 
identified in plants, fungi, or unicellular eukaryotes, despite the many genomes that have been 
sequenced. They are involved in a vast array of biological processes such as molting and 
Chapter I 
 
- 8 - 
 
metamorphosis (Ashburner, 1973), embryonic development (King-Jones and Thummel, 2005), 
cell differentiation (Siaussat et al., 2007), reproduction (Raikhel et al., 1999), and are 
therefore also considered as important novel targets in pest insect control (Palli et al., 2005; 
Billas et al., 2009). Transcriptional regulation of many of these nuclear receptors is dependent 
on binding of receptor ligands, which are usually small, lipophilic compounds such as steroids, 
retinoids, thyroid hormones and fatty acids. These nuclear receptors therefore form a direct 
link between signaling molecules that control these processes and the transcriptional 
responses that need to follow. In addition, there is a large group of NRs, the so called orphan 
receptors for which no ligand has been identified. In some cases, the NR is simply incapable 
of binding with a ligand, due to the absence of a ligand binding pocket (LBP). Examples are 
the Drosophila HR38 and Tribolium USP. These are called true orphans. Some other nuclear 
receptors have been speculated as being ligand independent mediators of gene transcription, 
but time will tell if this hypothesis remains standing (Bunce and Campbell, 2010). 
 
2.2. Structure and working mechanism of nuclear receptors 
2.2.1. The modular structure of NRs 
The NRs have a typical structure consisting of five or six regions which have a modular 
character, that is, they are composed of distinct domains, each responsible for one or more 
specific molecular functions (Fig. 1.6).  
 
 
Figure 1.6 Schematic overview of the NR modular structure including the different functional domains. 
 
The A/B-domain 
The N-terminal A/B-domain harbors a transcriptional activation function (AF-1) and can 
interact with other transcriptional factors. Distinction between the A- and B-domain is often 
not evident and this is the region where most of the difference between isoforms of NRs is 
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found. This region is poorly conserved, is extremely variable in length and its structure is 
largely unkown. 
 
The C-domain or DNA-binding domain (DBD) 
The highly conserved C-domain, also known as the DNA-binding domain, contains two 
typical non-equivalent C4 zinc finger structures. These structures are responsible for the 
sequence-specific DNA recognition and binding to the hormone receptor response element 
(HRE) on the DNA.  
 
The D-domain or hinge region 
The variable D-domain acts as a hinge between the DBD and the E-domain, which is the 
ligand-binding domain (LBD). This region contains the nuclear localization signal (NLS) 
which may overlap partly with the C-domain. 
 
The E-domain or ligand-binding domain (LBD) 
In sequence, this LBD is less conserved compared to the DBD but still more than the other 
domains. The tertiary structure of the LBD however is more strongly conserved. This LBD 
harbors the second transcriptional activation function (AF-2), a second NLS and is important 
for dimerization and recruitment of co-regulators.  
 
The F-domain 
In some cases, for example the ecdysone receptor (EcR) in Drosophila melanogaster, these 
NRs also contain an F-domain at the carboxy-terminal end but its function is unknown. Just 
like the A/B and D regions, this domain is poorly conserved and its structure has not been 
elucidated yet. 
 
Exceptions 
Some unusual NRs that are missing either a DBD or an LBD have been characterized as well. 
In vertebrates, there are two NRs that are missing a DBD (DAX1 and SHP; NR0B1, 2) and in 
insects, three NRs have been found that do not possess a LBD (Knirps, Knirps-like and 
EGON/Eagle; NR0A1, 2, 3). In the case of the former NRs, It is hypothesized that they 
perform their function by dimerization with another NR, that is then responsible for DNA 
binding. In the case of the NRs lacking a LBD, activation will most likely be due to 
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dimerization as well, but these NRs do have the ability to recognize and bind to genomic 
DNA and execute their function as a transcription factor.  
 
2.2.2. Working mechanism 
Classical signal transduction can be seen as a multistep procedure where a signaling molecule 
binds to a receptor, usually in the cell membrane, which is followed by a cascade of reactions 
in the cytoplasm eventually leading to the physiological response. This response can happen 
in the form of gene regulation or a change in metabolism. However, NRs bypass this “second 
messenger” signaling system and act more directly, due to their unique structure. Indeed, NRs 
contain both a ligand binding domain and a DNA-binding domain, which means they can 
effectively act as a receptor and also cause the immediate physiological response due to their 
ability to regulate gene expression. The general working mechanisms behind both sides of the 
NR will briefly be discussed. Note that most of our understanding in this field comes from 
research on vertebrate NRs which are very important in drug research. Research on the 
working mechanism in insect NRs is thus far limited to the ecdysone receptor (EcR), the 
Retinoid X Receptor/Ultraspiracle (RXR/USP) and a few other NRs which are involved in the 
ecdysteroid-cascade. 
 
Ligand binding 
NRs are intracellular proteins and their ligands are small lipophilic molecules which have the 
ability to enter the cell through passive diffusion. Binding of these signaling molecules to the 
receptor happens in the LBD region of the protein. The crystal structure has been determined 
for many vertebrate NRs, both liganded (holo-form) and unliganded (apo-form), helping us to 
understand the mechanisms involved in ligand binding. The first X-ray crystallography results 
for NRs were published in the mid-1990s (Bourguet et al., 1995; Renaud et al., 1995; Wagner 
et al., 1995; Brzozowski et al., 1997) and since then the number of NRs to have their crystal 
structure elucidated, both in apo- and holo-form rapidly grew. Most of these were vertebrate 
receptors. However, during the last decade the crystal structure of some insect NRs has also 
been published, including the Heliothis, Drosophila and Tribolium USP (Billas et al., 2001; 
Clayton et al., 2001, Iwema et al., 2007) and the Heliothis EcR (Billas et al., 2003). 
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Figure 1.7 Schematic drawing representing the three-dimensional structure of the LBD (a) The 
unliganded (apo) retinoid X receptor (RXR) LBD with the open ligand binding pocket. (b) The liganded 
(holo) retinoic acid receptor (RAR) LBD. α-Helices are represented by the cilinders while β-sheets are 
represented by broad arrows (Bourguet et al., 2000). 
 
These crystal structures show a LBD, generally made up of 12 α-helices (numbered H1-H12) 
associated with a short hairpin of two antiparallel β-strands, creating a ligand binding 
pocket (LBP). There can be some variation though. For example, the human RARγ has no H2 
(Renaud et al., 1995) and of the 21 known D. melanogaster NRs, two do not possess the 12 α-
helices (King-Jones and Thummel, 2005). Based on the structure of the apo- and holo-
conformations, the mechanism of ligand binding itself has often been described as a 
mousetrap-like mechanism. Upon ligand binding, some helices rearrange themselves and H12 
will fold over the ligand-binding cavity, creating a sort of lid on the LBP. This H12 mobility 
explains the lack of entry site into the LBP that is to be seen in crystal structures of liganded 
receptors (Moras and Gronemeyer, 1998). The 3D-structure of the LBP both in holo- and apo-
form is represented in Figure 1.7. This schematic drawing shows the positional changes of 
helices H11 and H12 after binding of the ligand. 
 
Dimerization and DNA binding 
Most NRs function as dimers, either as homodimers or as heterodimers, often partnered with 
RXR (USP in insects). Both the DBD and the LBD contribute to the dimerization interface of 
the receptor. In the former, one of the zinc fingers stabilizes the dimer and in the latter, helices 
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9 and 10 are the most important regions for dimerization but some residues on H7 and H11 
are also involved, as well as parts of loop L8-9 and L9-10 (Bourguet et al., 2000; Gampe et 
al., 2000). 
 
Figure 1.8 Schematic drawing of the DBD of the Estrogen receptor (ER) showing the two zinc fingers and 
the location of the P- and D-box upon binding of the dimer to the HRE. Amino acids in blue can vary 
depending on the NR, as shown in the table (Vanden Heuvel, 2009). 
 
Two important elements in the DBD are the two zinc-fingers (Fig. 1.8). These are small 
protein domains forming folds that are created and stabilized due to the binding of specific 
amino acids to a zinc atom. Each zinc atom coordinates with four cysteine residues. The first 
zinc finger contains the proximal- or P-box which is an α-helix responsible for the recognition 
of the highly conserved ‘core half-site’ of the response element. The second contains the 
distal- or D-box and is mainly responsible for the stability of the NR complex and 
dimerization. Both the P- and D-box are highly conserved. 
 
The HREs to which the receptors bind have a common hexanucleotide consensus sequence 
originally described as AGGTCA, but variations do occur. Specificity of DNA binding 
between different NRs is achieved in part through variation in the nucleotide sequence 5’ to 
the HRE as well as in the number of nucleotides between half-sites. Most steroid receptors for 
example recognize a slightly different consensus AGAACA sequence (Bain et al., 2007). The 
response elements for these dimeric NRs are organized as direct repeats 
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(AGGTCA…AGGTCA), inverted repeats (AGGTCA…ACTGGA) or everted repeats 
(ACTGGA…AGGTCA) of these hexanucleotide ‘half-sites’, each separated by a variable 
number of non-consensus nucleotides, somewhere between 0 and 10. In the case of monomers, 
such as FTZ-F1, HR3 or E75, the NR can bind to DNA through a single core sequence. In this 
case these flanking nucleotides are also critical.  
 
Co-repressors, co-activators and gene transcription activation 
The NRs can generally be divided into three different groups based on their working 
mechanism and ligand type: the steroid receptor family (type I), the thyroid/retinoid receptor 
family (type II) and the orphan receptor family (type III). These three groups distinguish 
themselves in the way they bind to DNA, their localization in the cell and their dimerization 
as well (Fig. 1.9).  
 
 
Figure 1.9 Overview of the working mechanisms of Type I and Type II NRs. (a). Steroid receptors (Type 
I) bind their ligands in the cytosol and upon binding, migrate to the cell nucleus where they will bind the 
DNA as homodimers and eventually activate transcription. (b). Thyroid/retinoid receptors (Type II) are 
always present in the nucleus and are always bound to the DNA. In unliganded form, they act as 
transcription inhibitors due to the action of the corepressors. Upon binding with the ligand, the 
corepressors are replaced by coactivators and transcription is activated (Vanden Heuvel, 2009). 
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Type I NRs are typically located in the cytosol in a protein complex which includes several 
proteins (hsp70, hsp90, FKBP52/51 and others). Upon binding with a ligand, the NR 
homodimer becomes free from the complex and migrates to the nucleus. The receptors 
belonging to the type II group on the other hand are always located in the nucleus and 
typically act as heterodimers, often partnered with the RXR. The remaining NRs, all orphan 
receptors, are grouped as Type III NRs. These receptors can either bind the HRE as a 
heterodimer, usually partnering RXR, or as monomers. The NRs contain two activation 
factors (AF). AF-1 is situated in the unconserved A/B domain, just before the DBD and the 
other one, AF-2 is located in the LBD. Both elements are capable of recruiting coactivators 
and activating transcription of the target gene. Not much is known about the weakly 
conserved AF-1, its working mechanism and function. In contrast, the ligand binding-
dependent AF-2 is well described, being situated in the LBD.  
 
Upon binding of a ligand, the conformational changes in the LBD give rise to a hydrophobic 
groove which is formed by several helices of the LBD, including helix 12 which is 
indispensable for the formation of this coactivator binding surface. This hydrophobic groove 
is then capable of recruiting proteins called coactivators. Most of these coactivators that 
contain helical LXXLL motifs (where L is leucine and X is any amino acid), such as those 
from the p160 family, can then bind with the groove through hydrophobic interactions. In the 
absence of a ligand, H12 is positioned away from the LBD core structure and the hydrophobic 
groove is thus unable to take form. These coregulators often appear to function in large 
protein complexes and it is suggested that the transcriptional activity of the NRs involves both 
the sequential and the combinatorial cooperation of multiple of these coregulators (Glass and 
Rosenfeld, 2000).  
 
2.3. Diversity and evolution of nuclear receptors 
2.3.1. Introduction 
Until the 1990s, when first the human genome and the fruit fly’s genome were sequenced, 
information on NRs remained scarce, especially for insects. Research towards NRs in humans 
had started as early as the late 1950s, when Edward Jensen managed to isolate one of the 
estrogen receptors (Jensen & Jacobson, 1960), but our knowledge on this protein family 
remained fragmentary until the 80s and 90s, when the importance of NRs in for example drug 
Introduction and general background 
- 15 - 
 
research became apparent. Recent genome projects of both vertebrate, nematode, arthropod 
and some more basal species contributed a lot in identifying the different NRs and providing 
us with a number of complete sets of nuclear receptors, allowing us to have an overview of 
the diversity of this protein superfamily throughout the animal kingdom. In total, 48 NRs are 
known in humans (Robinson-Rechavi, 2001), 49 in mouse, 47 in rat (Zhang et al., 2004), 68 
in the pufferfish (Maglich et al., 2003) and over 284 are present in Caenorhabditis elegans 
(Gissendanner, 2004). In insects on the other hand, the number of NRs found is  significantly 
lower compared to vertebrates and nematodes. In Drosophila, only 21 NR genes have been 
identified, while 20 were found in Anopheles, 22 in Apis, 19 in Bombyx and 21 in Tribolium 
(Adams et al., 2000; Holt et al. 2002; Velarde et al., 2006; Bonneton et al., 2008; Cheng et al., 
2008). 
 
2.3.2. Nomenclature and classification of nuclear Receptors 
After about two decades of NR research, it became apparent that there was a need for a clear 
nomenclature and classification system. Until then, NRs were given names by the researchers 
describing them and in many cases different names for the same NRs were prevalent. In order 
to organize this growing diversity of NRs, the nuclear receptors Nomenclature Committee 
was brought to life and, together with the International Union of Pharmacology Committee on 
Receptor Nomenclature and Drug Classification (NC-IUPHAR), proposed a clear system in 
1999, similar to the one that is used for the cytochrome P450 superfamily as well. Studies of 
NRs in both mammals and arthropods revealed seven distinct subfamilies (NR0-NR6) in 
which they could be classified, mainly based on phylogenetic data (Fig. 1.10) (Laudet, 1997; 
Nuclear Receptors Nomenclature Committee,  1999; Aranda & Pascual, 2001). Each of these 
subfamilies is a monophyletic group and all receptors belonging to one subfamily have a 
single common ancestor. The proposed names start with the capital letters ‘NR’ followed by 
the subfamily numeral. NRs that group together within a subfamily are then further identified 
using a capital letter followed by Arabic numerals for the individual receptors.  
 
What follows is a short overview of the different subfamilies, their characteristics and a brief 
summary of some important and well described NRs. A full overview of all subfamilies and 
their vertebrate NRs can be found on the website of the nuclear receptor Research 
(http://nrresource.org/pathways-2.html), together with a plethora of information about their 
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function and the pathways in which they are involved. The Arthropoda NRs will be discussed 
into more detail later. 
 
 
Figure 1.10 Summarized phylogenetic tree of the NR superfamily, containing all human, Drosophila and a 
number of nematode NRs. The NR0 subfamily has been left out of this tree. On the right, gene groups 
with official gene nomenclature (Nuclear Receptors Nomenclature Committee 1999) are listed. Open 
circles indicate genes that are inferred to have existed in the common Bilaterian ancestor. Hatched circles 
represent alternative ancestral genes. The broken lines leading to EcR, UNC-55, RevErb, NHR67 and the 
coral TLL/DSF indicate the lack of significant resolution of phylogenetic methods to position these genes 
(adapted from Bertrand et al., 2004).   
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Subfamily NR1  
This subfamily is the largest and contains many of the Type I NRs, such as the thyroid 
receptor (TR) and retinoic acid receptor (RAR), peroxisome proliferator-activated receptor 
(PPAR), Rev-Erb as well as the Vitamin D receptor (VDR). Most members of this subfamily 
form heterodimers with RXR and bind to direct repeats of the core motif. 
 
Subfamily NR2 
All members of subfamily 2 are able to form homodimers on direct repeat sequences. 
Members of this group include Hepatocyte Nuclear Factor 4 (HNF4), the tailless homologue 
TLX and RXR, which is an important heterodimerisation partner for many NRs.  
 
Subfamily NR3 
The Type I progesterone receptor (PR), androgen receptor (AR) and estrogen receptor (ER) 
are part of subfamily 3. This group clusters members of the steroid receptor group that are 
able to dimerize on palindromic elements as homodimers. 
 
Subfamily NR4, NR5 and NR6 
These small subfamilies contain nerve growth factor IB (NGFIB), nuclear receptor related 
protein 1 (NURR1), neuron-derived orphan receptor 1 (NOR1) (all NR4), liver receptor 
homolog 1 (LRH1), steroidogenic factor 1 (SF1) (both NR5) and the germ cell nuclear factor 
(GCNF1) from subfamily 6.  
 
Subfamily NR0 
This subfamily contains the NRs that have an exceptional structure. SHP and DAX1 which do 
not have a DBD are the only vertebrate members of this subfamily. 
 
2.3.3. Evolution of nuclear receptors 
2.3.3.1. Diversity through gene losses and duplications 
The growing amount of sequenced genomes from species occupying key positions in the 
metazoan clade makes it possible to find out when and where gene families originated and 
how they differentiated. Bertrand et al. (2004) found by inference based on the available 
sequence data at the time that the Urbilateria, common ancestor of chordates, nematodes and 
Chapter I 
 
- 18 - 
 
arthropods, must have possessed around 25 nuclear receptors. Recently, sequence data from 
species belonging to ancient metazoan branches has become available that allows us to look a 
bit further back (Fig. 1.11).  
 
 
Figure 1.11 Overview of the origin of NRs and their evolution within the Metazoa clade. Green bars: gene 
duplication; Red bars: gene losses. The names next to the coloured boxes represent the NRs or NR groups 
they generated in those lineages. The NR1/NR4/INR ortholog lost in the placozoans (marked *) was 
generated in the duplication marked ** (Bridgham et al., 2010). 
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The genome from the cnidarian Nematostella vectensis for example contains 17 NRs and that 
of the placozoan Trichoplax adhaerens contains no more than 4 NRs (Bridgham et al., 2010; 
Reitzel and Tarrant, 2009). However, the demosponge Amphimedon queenslandica, belonging 
to the Porifera, is part of an even more ancient branch of the metazoan group. This sponge 
seems to possess only 2 NRs. Bridgham et al. (2010) included these early metazoan NRs in 
their phylogenetic analysis, together with no less than 275 NR sequences of species 
strategically located in the metazoan tree of life. Rooting the phylogeny of the NR 
superfamily between these two NRs, they found that AqNR2 is orthologous to the fatty acid 
binding HNF4 family, which is present in all metazoan clades. Their phylogeny indicates that 
the last common ancestor of all Metazoa had two NRs, one orthologous to HNF4 and one NR 
that eventually gave rise to all other known NRs through a series of gene duplications.  
 
The last common ancestor of all bilateria probably contained about 22-25 receptors (Bertrand 
et al., 2004). This is close to the number of NRs found in arthropods. However, arthropods 
should not be seen as a kind of primitive state within the Bilateria when it concerns NRs. 
Between this common ancestor and the Protostomia/Deuterostomia branch, a whole history of 
gene loss and gene duplication took place and many changes have occurred after this 
separation as well. Figure 1.12 gives a summary of these diversification events inside the 
Bilateria clade. Branches where a high degree of gene duplication is seen are the vertebrate 
branch, the fish branch and the time before the diversification into the major bilaterian clades 
(Bertrand et al., 2004). We know that most gene duplications in the vertebrate and fish 
branches is due to the genome duplication events (Escriva et al., 2003, Bertrand et al., 2007). 
Incidences of intense gene loss can be situated in the sea squirt and nematode lineages, as well 
as a parallel gene loss event in the chordate and ecdysozoan lineages. A special case is that of 
the apparent gene duplication in nematodes. Of the 280+ known NRs in C. elegans, about 250 
belong to the NR2A group (Robinson-Rechavi et al., 2005). However, at the same time of this 
lineage-specific duplication event, many different NRs were lost as well in the nematode 
branch. 
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Figure 1.12 Overview of gene loss and gene duplication/diversification in Bilateria based on the Ecdysozoa 
phylogeny (Bertrand et al., 2004). Branch lengths are arbitrary. Above each species, the total number of 
NRs is noted. SRs: Steroid receptors. Gene losses are indicated in blue, gene duplication events are 
indicated in green. Note the intense gene duplication in the vertebrate and fish branches, coinciding with 
the events of genome duplication.  
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2.3.3.2. Evolution of ligand binding 
Evolution of NRs seems to be connected to DNA-binding and dimerization characteristics. 
For example, the receptors that can interact/dimerize with RXR in vertebrates seem to cluster 
together in subfamilies 1 and 4. This could imply that this function is not shared by the whole 
family (Brelivet et al., 2004). Another example is subfamily 3, containing the NRs that are 
able to bind on palindromic elements. In contrast, no link with ligand binding has been 
detected so far. In the phylogenetic tree of the NR superfamily, receptors with the same 
ligands do not group together but are interspersed with receptors that bind completely 
different type of molecules. Steroid receptors for example are separated in multiple 
subfamilies (1 and 3). Moreover, receptors that are closely related can have completely 
different ligands as is the case in the NR1 subfamily where NR1A binds thyroid hormones, 
NR1B binds retinoids and NR1C has prostaglandids as ligand. This led to the hypothesis that 
NRs have evolved from an ancestral orphan receptor and that the ligand binding capacity of 
many receptors has been acquired several times during their evolution independently (Laudet, 
1997; Escriva et al., 2000). 
 
Bridgham et al. (2010) however found that NRs probably evolved from a ligand-activated 
receptor near the base of the Metazoa, with fatty acids as a possible ancestral ligand. Their 
robust phylogeny, thanks to functional data on NRs in basal metazoan lineages, allowed them 
to infer a model for the ancestral NR (AncNR). They proposed a NR that has the ability to 
activate transcription and be activated by binding a ligand. The fact that no ligand-
independent activators are found so far in these basal lineages  such as the sponges and 
cnidarians seems to support this idea. This model would of course implicate that the ligand-
independent activity that is seen in some NRs has been derived repeatedly over different 
clades and for multiple receptors. 
 
In the same publication, an attempt was also made to try and reconstruct the AncNR’s LBD 
structure (Bridgham et al., 2010). They found strong support for the fact that the ancestor’s 
LBD possessed a classical NR fold consisting of three layers of helices in highly conserved 
positions, that it possessed an open ligand binding pocket and a surface for binding 
coactivator proteins. The speculation about the possible ligand is a bit more difficult, but 
several of the most basal NRs bind fatty acids and the necessary hydrogen bond between the 
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FA’s carboxyl-group oxygen and the Arg side chain on H5 is conserved in several basal 
lineages and receptors, including HNF4s, RXRs and AqNR1 (Bridgham et al., 2010). 
 
2.4. Overview and function of the different NRs in arthropods 
2.4.1. The ecdysone receptor 
The functional ecdysone receptor is a heterodimer consisting of EcR (NR1H1) and RXR/USP 
(NR2B4) (Yao et al., 1993). Of all arthropod NRs, these two are by far the best known and 
have been studied intensively. EcR seems to be present in all arthropods and recently some 
functional orthologues have been discovered in a nematode as well (Shea et al., 2010). A 
whole list of known and sequenced EcR or USP proteins can be found in Henrich, 2012. 
 
EcR (NR1H1) 
The arthropod EcR is distantly related to the vertebrate farnesol X receptor (FXR; Forman et 
al., 1995) and liver X receptor (LXR; Willy et al., 1995) and first described in Drosophila. 
The main ligand for this NR in most insects is 20E, but it can also bind numerous other 
ecdysteroids and even nonsteroidal compounds used in pest management (Yao et al., 1992, 
1993; Thomas et al., 1993). In decapod Crustacea for example, the main ecdysteroids 
regulating the different ecdysteroid-dependent processes are 20-hydroxyecdysone (20E) as 
well as ponasterone A (Pon A, 25-Deoxy-20-hydroxyecdysone) (Chung, 2010). 
Crystal structures of EcR bound to PonA have been described for H. virescens (Billas et al., 
2003), B. tabaci (Carmichael et al., 2005) and T. castaneum (Iwema et al., 2007) and in the 
case of HvEcR, the crystal structure bound to 20E (Browning et al., 2007) and to a 
nonsteroidal agonist (Billas et al., 2003) was published as well. The EcR LBD is very flexible 
and can adapt the shape of its ligand binding pocket to the ligand that is bound to it, whether 
this is an ecdysteroid or a nonsteroidal compound (Billas et al., 2003). The gene coding for 
EcR has two different promoters in most insects, coding for two different isoforms EcR-A and 
EcR-B. This can vary however. In Drosophila for example, three different isoforms have been 
found; A, B1 and B2. The two B-isoforms are a result of alternative splicing. 
 
RXR/USP (NR2B4) 
USP, just like its vertebrate homolog RXR seems to act as a heterodimerization partner for 
many other NRs. Until now, no ligand for USP has been found. Research into the evolution of 
Introduction and general background 
- 23 - 
 
the USP LBD and EcR/USP dimerization interface showed that the divergence rate of this 
LBD was high in Mecopterida, the major insect terminal group, containing the Diptera and 
Lepidoptera (Iwema et al., 2009). An increase in evolutionary rate for some NRs, including 
USP, was already reported in these lineages (Bonneton et al., 2008). They have proposed a 
classification of USP into three categories: (1) the mecopteridan USP which underwent 
considerable evolutionary divergence and seems to possess a large LBP (Carmichael et al., 
2005; Iwema et al., 2007); (2) the coleopteran and hymenopteran USP which underwent a 
slower divergence and has no LBP; (3) the USP of more basal insects, which possesses an 
LBP and is reported to be able to bind the RXR-ligand 9-cis retinoic acid (Nowickyj et al., 
2008). These shape modifications in the Mecopterida USP LBD also proved to significantly 
alter the heterodimerization surface and also modifiy the structure of the functional EcR/USP 
complex. These changes could also explain why the non-Mecopterida USP and EcR are both 
able to form homodimers while the Mecopterida USP and EcR are unable to do so (Lezzi et 
al., 2002; Graham et al., 2007; Iwema et al., 2007, Minakuchi et al., 2007; Henrich, 2012). 
Earlier research had also showed that Mecopterida EcR needs USP for stabilization and 
solubilization (Li et al., 1997; Henrich et al., 2012), contrary to the non-Mecopterida EcR. 
The dimerization between those receptors has co-evolved and seems to have reinforced the 
need for heterodimerization between these two NRs (Iwema, 2009).  
 
There might not be a bona fide ligand yet for the Mecopterida USP, but some research 
suggests methyl farnesoate (MF) could be a candidate. Experiments in Drosophila showed 
some affinity of the receptor for MF (Jones et al., 2006). Furthermore, Wang and Leblanc 
(2009) showed that the RXR of the crustacean Daphnia magna when complexed with EcR is 
responsive to MF. Interestingly, in the USP LBP crystal structures of Drosophila and 
Heliothis, a phospholipid was discovered (Billas et al., 2001, 2003; Clayton et al., 2001). One 
hypothesis to explain this is that this phospholipid could be a structural cofactor for USP, in a 
similar was as fatty acids are for HNF-4 (Benoit et al., 2004). Iwema et al. (2009) also 
showed that this phospholipid is essential for the special structure of Mecopterida USP LBD. 
 
EcR-RXR/USP heterodimer 
Insect EcR proteins can also form functional heterodimers with several USP and RXR 
proteins from other species. The chimaeric dimer constructed with Drosophila EcR and the 
mammalian RXR becomes responsive to muristerone A (murA), but not 20E. This suggests 
that USP plays a role in the specificity of EcR ligand binding in this dimer (Christopherson et 
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al., 1992; Yao et al., 1993). Even though no direct evidence for this influence is available, it is 
known that for example heterologous pairings of EcR with USP from different species can 
significantly change the levels of transcriptional activity (Beatty et al., 2009).  
 
 
 
Figure 1.13 A schematic diagram showing the points of interactions between EcR and USP in three species 
from different orders (Hemiptera: Bemisia tabaci; Coleoptera: Tribolium castaneum; Lepidoptera: 
Heliothis virescens). The hydrophobic core is presented as dashed lines, conserved electrostatic and polar 
interactions as black lines. The electrostatic and polar interactions that are specific to one species are in 
red, whereas Heliothis/Bemisia-specific interactions are in blue. (Iwema et al., 2009). 
 
The natural response elements for the ecdysone receptor that have been discovered so far 
were asymmetric elements composed of either palindromic inverted or direct repeats. In vitro 
work has shown that the receptor can also bind on symmetric response elements. One of these 
natural response elements is a palindromic inverted nucleotide repeat sequence situated in the 
ecdysteroid-inducible promoter of the 27 kDa heat shock protein (hsp27) in D. melanogaster 
(Riddihough and Pelham, 1987). However, recent research revealed that EcR and USP co-
localize at multiple early puff sites as well as hundreds of other sites (Gauhar et al., 2009). 
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2.4.2. Subfamily 1 
This group contains a few core NRs of the ecdysone signaling cascade, including EcR, E75, 
E78 and HR3. Together with the NR2 member USP/RXR, these are by far the most 
intensively studied NRs in arthropods. The fifth member of this subfamily is HR96. Three 
important groups of vertebrate subfamily 1 NRs have been lost in ecdyzoans, namely the 
PPAR-, RAR- and thyroid hormone receptor group (NR1C, NR1B and NR1A respectively).  
 
E75 (NR1D3) 
E75 is a transcriptional repressor, present in all insect genomes which have been sequenced 
up until now and a homologue of the vertebrate REVERB-α and REVERB-β NRs, which are 
involved in the pacemaker controlling the circadian clock in vertebrates. However, a similar 
role for E75 in insects has not been reported yet. It is known that in Drosophila and Bombyx, 
the ecdysone-inducible E75 acts as a repressor of HR3, another member of the ecdysone 
pathway (White et al., 1997; Swevers et al., 2002a), probably through direct interaction. E75 
also seems to act as a link in the ecdysone and juvenile hormone (JH) pathways (Dubrovsky 
et al., 2004). Other processes E75 is thought to be involved in are embryogenesis, 
metamorphosis, oogenesis and vitellogenesis (Bonneton & Laudet, 2012) but the complex 
role of this gene is not fully understood yet. A remarkable recent discovery is the presence of 
a heme prosthetic group in Drosophila E75 and the fact that E75 is regulated by the binding 
of gases (NO and CO) (Reinking et al., 2005; de Rosny et al., 2006). Binding of CO by the 
receptor seems to interfere with the ability of E75 to interact with HR3. Also interesting to 
mention is that some E75 isoforms do not present the typical domain structure. Drosophila 
E75B and E75D for example lack one and two zinc-fingers in the DBD respectively, making 
them incapable of binding to DNA (Jiang et al., 2000).  
 
E78 (NR1E1) 
The NR1E gene and paralog of E75 seems to be present in all and only in protostomes. Just 
like its paralog, it is ecdysone-induced in Drosophila (Stone and Thummel, 1993). However, 
not much is known about E78. Mutant phenotypes in Drosophila seem to be viable and fertile 
with some minor defects in regulation of some puffs and formation of dorsal chorionic 
appendages (Russel et al., 1996; Bryant et al., 1999). In Tribolium, knockdown of this gene 
resulted in a partially blocked embryogenesis, but this did not seem to have an effect on 
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reproduction or metamorphosis which means it may possibly not be involved in the ecdysone 
cascade in this beetle (Tan and Palli, 2008; Xu et al., 2010). 
 
HR3 (NR1F4) 
HR3 is a homolog of the vertebrate and ROR NRs. These transcriptional activators bind to the 
same response elements as REVERB and together they play a role in circadian rhythm (Jetten 
et al., 2009). Similar to E75, it is still unknown whether or not HR3 could be involved in 
insect circadian rhythm. HR3 is an ecdysone-inducible early-late gene which acts as a 
repressor on early genes and inducor of the late gene βFTZ-F1 in Drosophila (White et al., 
1997). Its role in moulting and metamorphosis could be conserved throughout the arthropods 
and even ecdysozoa, since inhibition of the nematode HR3 homologue nhr-23 is necessary for 
moulting (Kostrouchova et al., 2001). Just like E75, HR3 also seems to act as a link in the 
interplay between ecdysone and JH pathways (Siaussat et al., 2004). Since this NR is 
expressed in many different tissues and life stages (embryo, larval, adult), it is expected to 
have other functions as well, besides its involvement in the ecdysone cascade. 
 
HR96 (NR1J1) 
The hr96 gene has first been discovered in Drosophila (Fisk and Thummel, 1995) and has 
since been found in all insect genomes. Also in non-insect ecdysozoans, this gene is present. 
In the crustacean Daphnia pulex, an extra three divergent duplicates have been found besides 
the true orthologue DpHR96 (Thomson et al., 2009) and in C. elegans, three homologues of 
HR96 are known, namely DAF-12, NHR-8 and NHR-48 (Sluder and Maina, 2001). In 
vertebrates, all of these ecdysozoan genes are related to the NR1I group containing PXR, 
CAR and the vitamin D receptor VDR. These receptors are known to bind a wide variety of 
xenobiotics (Moore et al., 2006). In Drosophila, results with loss of function mutants revealed 
that HR96 plays a role in the response to certain xenobiotics, such as the insecticide 
dichlorodiphenyl-trichloroethane (DDT) (King-Jones et al., 2006). This role has recently been 
confirmed in Daphnia as well (Karimullina et al., 2012) and a similar function has also been 
reported for one of the HR96 homologs in C. elegans, namely NHR-8 (Lindblom et al., 2001). 
Another parallel is that these receptors all seem to interact with some lipid metabolism 
elements (Horner et al., 2009; Motola et al., 2006). Regulation of the lipid metabolism and 
the response to xenobiotics could be an ancestral function of the NR1I/J group.  
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2.4.3. Subfamily 2 
This group contains most of the ecdysone-independent or ecdysone pathway-inhibiting NRs. 
Many members in this group are involved in neural development during embryogenesis. The 
three most conserved NRs throughout the metazoans (HNF4, SVP and TLL) are also member 
of this subfamily. 
 
HNF4 (NR2A4) 
This receptor is very well conserved among all animals. There are three homologs in 
vertebrates and two in mammals (HNF4α and HNF4γ) which do not only share a high 
sequence identity with the insect HNF4, but the expression pattern is similar as well. In 
Drosophila, HNF4 can be found in developing fat body, Malpighian tubules and the midgut 
during organogenesis (Zhong et al., 1993). In B. mori and Aedes aegypti, this receptor has 
been found in fat body, gut and ovaries (Swevers & Iatrou, 1998; Kapitskaya et al., 1998). 
Not much is known about its function in insects, but in Drosophila it seems to play a role in 
the activation of genes involved in lipid catabolism and β-oxidation required for energy 
production (Palanker et al., 2009). 
 
HR78 (NR2D1) 
HR78 is a repressor of the 20E signaling cascade. In Drosophila, this receptor is able to bind 
to a number EcR/USP binding sites and in Bombyx the receptor heterodimerizes with BmUSP 
in vitro (Hirai et al., 2002). Functional analysis of Drosophila HR78 has also shown the 
receptor to act as a repressor of the 20E signaling cascade in Drosophila (Fisk and Thummel, 
1998; Astle et al., 2003). Despite a constant expression of this gene throughout embryonic 
development, the receptor does not seem to be crucial in early development. RNAi 
experiments showed that this is also the case in Tribolium, where knockdown of the HR78 
gene resulted in a decrease of egg production and 40% larval lethality but did not affect the 
embryogenesis (Tan and Palli, 2008; Xu et al., 2010). HR78 also seems to be involved in 
growth (Baker et al., 2007) which could be a conserved function of the NR2C/D group, since 
TR4 mutants in mice show similar defects. 
 
TLL (NR2E2) 
TLL and especially its involvement in embryogenesis has been studied intensively in 
Drosophila. The NR is one of the terminal gap genes of the fruitfly and is involved in 
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posterior and anterior patterning (Pignoni et al., 1990). Even though TLL has been shown to 
function only as transcriptional repressor, it is also able to activate the expression of certain 
genes, probably by repressing other repressors (Moran and Jimenez, 2006). Just like its 
vertebrate homolog TLX, TLL is also involved in the neural development in later stages of 
development, such as the formation of protocerebral neuroblasts and in eye formation 
(Rudolph et al., 1997; Daniel et al., 1999). 
 
HR51(NR2E3) 
The gene coding for HR51 is called unfulfilled and was only discovered during the genome 
annotation of the D. melanogaster genome. Similar to E75, this receptor contains a heme iron 
and was shown to bind NO and CO (de Rosney et al., 2008). In Drosophila, this gene is 
expressed in the nervous system during developmental stages but unlike its vertebrate 
homolog Photoreceptor-specific nuclear receptor (PNR), this NR is not involved in the 
development of the visual system. Mutations in this gene in Drosophila affect wing expansion 
and fertility (Sung et al., 2009). 
 
DSF (NR2E4) 
The dissatisfaction gene in Drosophila is reported to be expressed throughout all stages of 
development, but its expression is limited to a small number of different neurons (Finley et al., 
1998). In Drosophila, DSF seems necessary for normal courtship behaviours and sex-specific 
neuronal differentiation (Finley et al., 1997). In Tribolium, DSF has proven to be required for 
egg production and also for embryogenic development (Tan and Palli, 2008; Xu et al., 2010). 
 
HR83 (NR2E5) 
Similar to HR51, this other PNR-homolog was found thanks to annotation of some insect 
genomes. HR83 has been found in all insects, except B. mori and the human body louse 
Pediculus humanus. In the recently sequenced genome of the crustacean Daphnia pulex, this 
receptor seems to be missing as well. Not much is known about HR83 or its functions. In 
Drosophila and Tribolium, no LBD has been found in the sequence for this receptor. In 
contrast, a LBD is present in the HR83 of the hymenopterans Nasonia vitripennis and A. 
mellifera. In Drosophila, the expression in all developmental stages is very low which could 
mean the expression is tissue restricted (Sullivan and Thummel, 2003). 
 
 
Introduction and general background 
- 29 - 
 
NR2E6 
This is a NR discovered very recently in the honeybee A. mellifera, where it was found to be 
expressed in the brain and the compound eye of pupa and adult bees (Velarde et al., 2006). It 
has therefore also been named PNR-like. Even though it seems to be present in most insect 
genomes, it is absent in Drosophila. Because of this, not much is known about the function of 
this NR. The only species in which functional studies have been done is Tribolium, but 
silencing of this gene delivered no phenotype (Tan & Palli, 2008). 
 
SVP (NR2F3) 
The seven-up gene belongs to the group of COUP-TFs. These orphan receptors are repressors 
that show a wide variety of function and are widely expressed throughout all stages. During 
embyogenesis, SVP has a crucial role in neural development. It is involved in the 
establishment of the embryonic nervous system and the development of four photoreceptor 
cells (Mlodzik et al., 1990). Besides the nervous system, SVP in Drosophila embryos was 
also found in the Malpighian tubes and the fat body (Hoshizaki et al., 1994; Broadus and Doe, 
1995; Kerber et al., 1998; Sudarsan et al., 2002). In Callosobruchus maculates, SVP is shown 
to be involved in the response of this beetle against certain plant defenses. This response 
seems to depend on interaction of SVP with HNF-4, which can act as an activator (Ahn et al., 
2007; 2010).  
Just like the vertebrate COUP-TF receptors can inhibit the RXR signaling pathways, the same 
can be said about SVP and USP/RXR (Zelhof et al., 1995b). In Drosophila, no direct 
interaction between SVP and USP was detected but in vitro tests with the mosquito Aedes 
showed that the repression of the ecdysone pathway is probably due to direct interaction 
between both NRs (Miura et al., 2002; Zhu et al., 2003). In Tribolium, SVP is proven to be 
involved in the ecdysone pathway as well, since the receptor was required to complete 
metamorphosis (Tan and Palli, 2008). 
 
2.4.4. Subfamily 3 
ERR (NR3B4) 
The estrogen related receptor (ERR) is the only member of the NR3 group found in insects. In 
vertebrates, the group is relatively large, containing the NR3C group of steroid receptors (AR, 
PR, GR and MR), the NR3A group of estrogen receptors (ERs) and the group of ERRs. The 
receptors in this last group share many similarities in structure and function with ERs and are 
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considered orphan receptors since their ligands are not known yet. Not much is known about 
this NR, other than the fact that this gene is expressed during mid-embryogenesis and the 
third larval stage of D. melanogaster (Sullivan and Thummel, 2003). This last upregulation 
seems to coincide with the start of preparation for metamorphosis, but functional data is 
lacking in order to make any hypothesis about its possible role herein. Since the gene is also 
shown to be expressed in the adult brain of honeybees (Velarde et al., 2006), a role in the 
nervous system is likely. 
 
2.4.5. Subfamily 4 
HR38 (NR4A4) 
Subfamily 4 is a small group of NRs containing HR38 and the vertebrate Nurr1 and NGFI-B 
NRs. Just like their vertebrate relatives, HR38 can bind the DNA either as a monomer, or as a 
heterodimer with RXR/USP. Another parallel between vertebrate and insect NR4 receptors is 
that these lack a functional LBP, which means these receptors are true orphans. Just like 
HR78, HR38 is a repressor of the 20E cascade. It can indirectly inhibit the ecdysone response 
by its ability to bind to the same response elements as the functional ecdysone receptor and 
also because of its ability to compete with EcR in binding with USP. This heterodimer seems 
to respond not only to 20E, but also to a number of other ecdysteroids such as α-ecdysone, 3-
epi-20E and 3-dehydromakisterone A. We know that this alternative ecdysone pathway does 
not depend on binding of the ligand with HR38 though since the crystal structure of the LBD 
showed that the receptor is unable to bind a ligand due to the lack of a LBP. It is hypothesized 
that the working mechanism would involve interaction with another protein that is able to 
bind these ecdysteroids (Baker et al., 2003). In Drosophila, HR38 is widely expressed 
throughout all stages and has a role in metamorphosis, but also in cuticle-forming as shown 
by null mutant experiments as well as the fact that HR38 is reported to activate some 
epidermal genes involved in cuticle formation (Bruey-Sedano et al., 2005; Davis et al., 2007). 
In Tribolium, HR38 is important in embryogenesis and for both larva to pupa and pupa to 
adult transitions (Tan and Palli, 2008; Xu et al., 2010). 
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2.4.6. Subfamily 5 
FTZ-F1 (NR5A3) 
The Drosophila FTZ-F1 gene has two promotors, causing the expression of two different 
isoforms, αFTZ-F1 and βFTZ-F1. The former is only expressed during early embryogenesis, 
where it has a role in the segmentation of the early embryo. βFTZ-F1 on the other hand is 
expressed during late embryogenesis but also during the larval and pupal development stages. 
It has multiple reported functions. It is crucial for reproduction and embryogenesis but it is 
best known as being the late gene in the ecdysone signaling cascade. βFTZ-F1 is expressed 
just before each developmental transition in all insects thus far investigated (Martin, 2010). It 
is repressed by 20E and expression always occurs when 20E titers are low (Yamada et al., 
2000; Sullivan and Thummel, 2003; Palanker et al., 2006). In holometabolic insects, βFTZ-F1 
also plays a role as a competence factor for stage-specific transcriptional responses to 20E 
(Yamada et al., 2000). This is not the case in more primitive insects however. In Drosophila 
and Blattella, βFTZ-F1 has also been proven to play a role in the onset of ecdysteroid 
production during the intermolt periods (Parvy et al., 2005; Cruz et al., 2008).  
Interestingly, in C. elegans, the homologs of HR3 and FTZ-F1, NHR-23 and NHR-25 
respectively, seem to have a similar cooperation which could suggest this function is 
conserved throughout Ecdysozoa. 
 
HR39 (NR5B1) 
HR39 is the result of a duplication of the ftz-f1 gene very early during bilaterian evolution 
(Bertrand et al., 2004). They are somewhat similar in sequence and structure. Both bind to 
DNA as monomers and recognize the same response elements (Ohno and Petkovich, 1993; 
Crispi et al., 1998) which means they are effectively in competition with each other. They 
also seem to function completely differently. While FTZ-F1 is a transcriptional activator, 
HR39 is probably a repressor (Palanker et al., 2006). Their expression patterns are also rather 
different. While βFTZ-F1 is a ‘late gene’ in the ecdysteroid signaling cascade, HR39 seems to 
act like an ‘early gene’ during the onset of metamorphosis. In Drosophila, HR39 null mutants 
are viable. In Tribolium however, RNAi experiments showed that HR39 is necessary for 
embryonic and post-embryonic development (Tan and Palli, 2008; Xu et al., 2010). 
Furthermore, HR39 is also involved in sexual development in insects, just like βFTZ-F1 
(Allen and Spradling, 2008; Xu et al., 2010). 
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2.4.7. Subfamily 6 
HR4 (NR6A6) 
HR4 is the only member of this subfamily in insects. This transcriptional repressor is 
homologous to Germ Cell Nuclear Factor (GCNF; NR6A1), an orphan receptor in vertebrates. 
It is found in all insect genomes sequenced and could have a similar function as HR3. Loss of 
function mutants in Drosophila and Blattella point out that HR4 is involved in the repression 
of a few early or early/late genes such as E75 and HR3 and that HR4 is required for the 
transcriptional activation of the late gene FTZ-F1 (King-Jones et al., 2005; Martin et al., 
2010). RNAi experiments in Tribolium also proved an involvement in vitellogenesis and 
oogenesis (Xu et al., 2010). 
 
2.4.8. Subfamily 0 
The three members of this subfamily are Knirps (Kni; NR0A1), knirps-like (Knrl; NR0A2) 
and eagle/Egon (NR0A3). These are special NRs which do not have the normal canonical NR 
structure. All three NRs are missing their LBD. Kni and Knrl are both involved in early 
embryonic development where they are found to be expressed in posterior and anterior 
domains at the blastoderm stage. Interestingly, while mutations in both genes resulted in 
defects in head morphogenesis, these defects were not observed in the single mutants, 
meaning one can take over from the other at least what the role in head patterning is 
concerned. Drosophila has so far been the only insect in which all three NRs have been found. 
All other insect genomes sequenced so far, including some other Diptera, do not contain Kni 
which suggests that the gene coding for this NR is probably a very recent duplication of Knrl. 
 
3. Ecdysone signaling pathway 
3.1. Insect growth, moulting and metamorphosis 
Most insects are oviparous or egg laying. After hatching, insects go through a series of 
juvenile stages before turning adult. To overcome the rigid constraints of their exoskeleton, 
they undergo one or more moulting events during their development in which the old 
exoskeleton is shed and a new and bigger one is created. This moulting event is a necessary 
though potentially dangerous moment in the arthropod’s life. Failure to execute this process in 
a correct way can mean the death of the animal and intervening in this process hence draws 
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the attention from researches working in the field of pest control. In the Hexapoda subphylum, 
three different types can be observed. The ametabolous (Collembola,…), the hemimetabolous 
(Hemiptera, Orthoptera, Dermaptera,…) and the holometabolous development (Diptera, 
Coleoptera, Lepidoptera, Hymenoptera,…) (Fig. 1.14).  
 
The ametabolous hexapods do not go through any metamorphosis. Their juvenile stages look 
exactly the same as the adult stage, albeit smaller. Similar to the ametabolous, the instar 
stages of the hemimetabolous species (called nymphs) look just like their adult stages as well. 
The main difference with the aforementioned ametabolous group is the formation of wings in 
the adult stages. Holometabolous species undergo a complete metamorphosis and have a 
pupal stage between the juvenile stages (also called larval stages) and the adult stage. In some 
cases, the insects have a constant number of instar stages (somewhere between 3 and 15) but 
in other cases this can vary depending on temperature, availability of food or other 
environmental factors, as is the case in the red flour beetle T. castaneum. 
 
 
 
Fig 1.14 Schematic representation of the three types of development in arthropods. Ametabolic insects are 
characterized by juvenile stages that look exactly like the adult stage, only smaller. In hemimetabolous 
insects, the juveniles also look like the adults, but lack wings while the adults develop wings during the last 
moult. Holometabolic insects are characterized by a complete metamorphosis between the last larval stage 
and the adult stage, involving a pupal stage.  
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3.2. Ecdysone biosynthesis 
Growth and post-embryonic development of insects, including moulting, are regulated 
through a number of pathways activated by juvenile hormones, ecdysteroids or neuropeptides, 
such as the insulin-like peptides. The critical endocrinological signal that switches the animal 
from its feeding stage or ‘intermoult’ to the pharate stage or moulting stage is the elevation of 
ecdysteroid levels. During the feeding stage, the insect grows until internal mechanisms cause 
the brain to send a signal to go to the next stage. This signal starts with the secretion of the 
prothoracicotropic hormone (PTTH) in the brain. This PTTH, probably in combination with a 
number of other neuropeptides such as insulin-like peptides (ILPs), triggers the prothoracic 
glands to start the production of the ecdysteroid. The biosynthesis of ecdysone and other 
ecdysteroids starts with cholesterol and the conversions are mediated by a group of 
cytochrome P-450 enzymes which are the product of the so-called Halloween genes (Petryk et 
al., 2003; Rewitz et al., 2006a; Iga and Smagghe, 2009). In most insects, these prothoracic 
glands produce ecdysone, but some larval Lepidoptera are also known to secrete 3-
dehydroecdysone which is then later converted to ecdysone by enzymes present in the 
hemolymph (Fescemeyer et al., 1995). Ecdysone itself is a prohormone, and is converted to 
the active ecdysteroid in most insects, which is 20E, by Shade, one of the P-450 enzymes 
encoded for by the Halloween genes. 
 
3.3. Ecdysone signaling cascade 
Which ecdysteroid exactly is responsible for the moult-trigger depends on the species. In most 
insects this is 20-hydroxy-ecdysone (20E), but there are some arthropods (e.g. decapod 
Crustacea) where ponasterone A (Pon A, 25-Deoxy-20-hydroxyecdysone) is a main active 
ecdysteroid as well (Fig. 1.15). Epidermal cells respond to these rising levels of ecdysteroid 
by changing shape and expressing a set of genes involved in the moulting process. These 
changes will eventually cause a new cuticle to be formed underneath the old one after which 
the latter will eventually be shed. 
 
On a molecular level, the whole moulting process is triggered by the binding of the active 
ecdysteroid hormone to its functional receptor, a heterodimer of EcR RXR/USP which sets 
off the expression of a number of genes in the so called ‘early’, ‘early-late’ and ‘late’ phases, 
resulting in the production of a series of peptides and receptors, peptide processing enzymes 
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and signal transduction proteins. Many of these are genes encoding nuclear receptors, 
including DHR3, DHR39, E75, E78, FTZ-F1 (Fig. 1.16). These proteins will be responsible 
for the activation of certain processes which are necessary in the upcoming ecdysis sequence, 
such as air swallowing or certain movements which will ultimately cause the cuticle shedding. 
 
 
 
Figure 1.15 Structure of ecdysone (E), 20E and Pon A 
 
On a molecular level, the whole moulting process is triggered by the binding of the active 
ecdysteroid hormone to its functional receptor, a heterodimer of EcR RXR/USP which sets 
off the expression of a number of genes in the so called ‘early’, ‘early-late’ and ‘late’ phases, 
resulting in the production of a series of peptides and receptors, peptide processing enzymes 
and signal transduction proteins. Many of these are genes encoding nuclear receptors, 
including DHR3, DHR39, E75, E78, FTZ-F1 (Fig. 1.16). These proteins will be responsible 
for the activation of certain processes which are necessary in the upcoming ecdysis sequence, 
such as air swallowing or certain movements which will ultimately cause the cuticle shedding.  
 
In salivary glands of Drosophila, many of these genes have been observed to be located in the 
polytene chromosome puffs. Polytene chromosomes result from several rounds of DNA 
amplification without cell division following. The so-called puffs are regions on the 
chromosome where the DNA is unraveled, allowing RNA transcription. Many insights in this 
pathway have been gained due to observations of the location, timing and size of these puffs 
during insect development since these changes are linked to the transcriptional activity. 
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Ashburner et al. (1973) proposed a first model on how ecdysone controls the activation of the 
early and late puffs in Drosophila melanogaster. Binding of ecdysone to its receptor would 
induce the expression of a few early genes while at the same time it represses the expression 
of the late genes. Then, when the proteins encoded by the early genes are sufficiently 
abundant, they repress their own promoter while at the same time activating those of the late 
genes. Since Ashburner presented his initial ideas, many aspects of the model have been 
confirmed and extended by molecular analyses. The active receptor that binds ecdysone in the 
first place is since identified as a heterodimer of the EcR and Usp/RXR, which has been 
observed to co-localize to early puff sites (Yao et al., 1993) but also to late puff sites (Talbot 
et al., 1993). Huet et al. (1995) have integrated the inter-moult and early-late puffs in this 
original Ashburner model.  
 
 
Figure 1.16 Summary of the ecdysteroid regulatory cascade. Binding of 20E to the EcR-Usp complex 
starts the ecdysteroid cascade with the expression of the so called ‘early’ genes (EcR, E75, BR, E74 and 
E93) that will then be responsible for the upregulation of a set of ‘early-late’ genes (including HR3, HR4, 
HR38 and E78). Via FTZ-F1, the signal will eventually be passed on to the ‘late’ genes. The nuclear 
receptors are boxed. Redrafted after Bonneton et al. (2008). 
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While the ecdysteroid pathway is mainly known for its role in moulting and metamorphosis 
and its action in these processes have been studied well, it has been implicated in the 
regulation of many other biological processes as well. One of these processes in which 20E is 
thought to be involved is reproduction and more specifically in oogenesis, vitellogenesis and 
spermatogenesis (Raikhel et al., 2005). Additionally, this pathway plays a critical role in the 
control of cellular proliferation and differentiation (Siaussat et al., 2009), embryogenesis 
(Kozlova and Thummel, 2003), diapause (Denlinger et al., 2005) and polyphenism 
(Hartfelder and Emlen, 2012) as well.  
 
3.4. The ecdysone receptor as a pest control target 
Over the last three decades a number of chemically novel insecticides called diacylhydrazines 
(DAHs) have been discovered and developed. They were first discovered in 1983 by Rohm 
and Haas Company and appeared to be very specific in their toxicity towards certain insect 
orders such as Lepidoptera, Coleoptera and Diptera. Other non-target organisms were 
generally unaffected. Wing et al. (1988) showed that this class of compounds acted as 
ecdysteroid agonists, mimicking the action of ecdysteroids. A range of different DAH 
compounds have been developed and commercialized over the years, such as tebufenozide 
(RH-5992), halofenozide (RH-0345) and methoxyfenozide (RH-2485). Even though there are 
some differences in spectrum and potency between these different compounds, their mode of 
action and effect were generally the same. The effects on larvae were comparable with those 
that are expected from a state of ecdysteroid excess, called hyperecdysonism. They are 
therefore also called molting-accelerating compounds (MACs). Their activity is based on 
binding to EcR and inducing premature lethal molting in larval stages and aborting 
reproduction in adults (Dhadialla et al. 1998, 2005; Pineda et al. 2007; Smagghe et al., 2013). 
The DAH-based ecdysone agonist insecticides are active against several economically 
important lepidopteran and coleopteran pests, and considered as environmentally friendly 
compounds with an excellent margin of safety to non-target organisms (Dhadialla et al. 1998; 
2005; Smagghe et al., 2013). Consequently, these pesticides are usually included in IPM 
programs targeting different pests and crops all over the world. 
 
An important process in the selectivity of these compounds is the specific binding of the 
MACs to the target EcR that is governed by a lock-and-key principle (Dhadialla et al. 2005). 
For instance, according to Carlson et al. (2001) the binding affinity is high in targeted 
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Lepidoptera pests, whereas binding is low or not detectable in non-targeted insects. In 
agreement with these results, previous studies have found tebufenozide to have an extremely 
low affinity for hemipteran EcRs belonging to the Sternorrhyncha, namely B. tabaci and the 
aphid Myzus persicae (Carmichael et al. 2005; Graham et al. 2007). In this respect, it appears 
that differences in the architecture of LBP may provide the differential binding affinities of 
the DAH-based compounds among different taxonomic orders (Carmichael et al. 2005).  
 
4. Arthropods used in this thesis 
4.1. Acyrthosiphon pisum 
4.1.1. Introduction 
Aphids comprise about 4,000 species, most of them living in the temperate regions of the 
northern hemisphere. Compared to 60,000 species of weevils, 10,000 species of grasshoppers 
or 12,000 species of geometrid moths, this is a relatively small group. Of those 4,000, only 
about 100 are really the cause of significant agricultural damage. Despite being a relatively 
small group in terms of species number, they still pose a big concern for agriculture. They are 
versatile, sap-sucking hemipterans that possess a high capacity to adapt to their environment 
and most of them have the ability to reproduce asexually as well. They are also characterized 
by their associations with the mutualistic bacterium Buchnera aphidicola, which provides the 
aphid with essential amino acids which are not present in the phloem sap (Akman Gündüz and 
Douglas, 2009). Their life cycle, characterized by a high fecundity and short generation time, 
combined with their adaptation abilities make it one of the most destructive pests on 
cultivated plants.  
 
The pea aphid or Acyrthosiphon pisum is a green and rather large aphid which feeds mainly 
on legume plants of the Fabaceae family such as beans, clover and alfalfa. Compared to other 
aphid species, its host plant range is rather small. It is considered a model species for the 
Hemiptera. 
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4.1.2. Taxonomy 
Phylum: Arthropoda 
Class: Insecta 
Order: Hemiptera  
Suborder: Sternorrhyncha 
Superfamily: Aphidoidea 
Family: Aphididae 
Genus: Acyrthosiphon 
 
The phylogenetic relationship within the hemimetabolous order of the Hemiptera is not clear 
and is still under investigation and discussion. Historically, these insects, which are mainly 
characterized by the sucking mouth parts, were divided into two large groups, the hemipteran 
and the homopteran insects. Today, the Homoptera order has been dissolved and divided into 
two large suborders, the Auchenorryncha and the Sternorrhyncha. The former contains the 
cicadas, planthoppers, leafhoppers while the latter contain insects such as the whiteflies and 
the aphids (Aphididae). These two suborders, together with the Coleorrhyncha and the 
Heteroptera, now form the order of Hemiptera. The pea aphids is a member of the Aphidoidea 
superfamily, which comprises all sap-sucking aphids. 
 
4.1.3. Polyphenism and life cycle 
Aphids are known for their phenotypic plasticity, and show both a wing and a reproductive 
polyphenism. These changes are induced by environmental conditions such as the quality of 
the host plant, aphid density, predation and also some abiotic factors. 
 
The aphid life cycle begins in the spring with a female ‘foundress’ hatching from an 
overwintering egg. This foundress will find a suitable host plant and start a colony. The 
reproduction in this phase is parthenogenetic, so asexual, and the aphids at this stage are born 
viviparous. This means that the population starting from one foundress at this point is female 
and genetically identical, apart from some spontaneous mutations. During the asexual 
production, certain environmental conditions such as the quality of the host plant, aphid 
density or predation can cause the females to produce winged offspring as well. These winged 
aphids can then cover greater distances and find a new host plant to colonize. In the fall, 
changing light and temperature conditions induce the females to produce males, winged and 
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unwinged, and a change from parthenogenetic to sexual reproduction occurs. Females will 
now lay eggs, which have to overwinter for a few months (Fig. 1.17). 
 
 
Figure 1.17 Life cycle of aphids highlighting the switch between sexual and asexual reproduction. 
(www.Aphidbase.com). A female aphid, hatched from an egg, starts a colony in spring by asexual 
reproduction Throughout summer, the aphids continue to reproduce asexually through parthenogenesis. 
Seasonal changes will induce the females to produce males as well and sexual reproduction occurs. The 
resulting eggs will overwinter before hatching again in spring. 
 
4.1.4. Economic impact 
Aphids can damage their host plants in more than one way. There is the direct damage to the 
plant, caused by the feeding of phloem saps but just as important – or perhaps even more so – 
is the indirect damage caused by the transmission of some of the most devastating plant 
viruses in cereal crops, vegetables and potatoes. To a lesser extent, they also facilitate the 
growth of sooty molds, which grow on the honeydew excreted by the aphids. 
 
Since aphids are mainly present in temperate regions, the damage on tropical crops is limited. 
In temperate climates however, Hill (1987) reported that of the 45 major pests on the 6 main 
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food crops in these areas, 26 are aphids. For the UK, direct losses from aphids were estimated 
to lie between 8-16% in pea, 10-13% in wheat and around 5% in potato (Tatchell, 1989). The 
indirect damage, caused by virus transmission can be even higher. In sugar beet for example, 
the aphid-transmitted viruses such as the Beet yellows virus (BYV) and Beet mild yellows 
virus (BMYV) can decrease sugar production yield by up to 49% (Smith and Hallsworth, 
1990). Also in cereal crops and field-grown vegetable crops, the viruses that are transmitted 
by aphids can cause significant damages. More details and information on the economic 
impact of aphids on agricultural crops can be found in the review of Dedryver et al. (2010). 
 
4.2. Bombus terrestris 
4.2.1. Introduction 
As opposed to Acyrthosiphon, which is a pest insect, the bee species belonging to the Bombus 
genus are mainly beneficial insects and have a large economic impact on agriculture due to 
their role as a pollinator. They are quite large compared to most other insect species and are 
covered in a dense fur which allows them to withstand cooler temperatures. Bumblebees in 
general are mainly found in the northern hemisphere and predominantly at higher altitudes or 
higher latitudes. Bombus terrestris is the most numerous European Bombus species and can 
be found pretty much all over the continent. As it is a social insect, albeit a more primitive 
form of eusociality than in the well-known honeybee A. mellifera, the bumblebee forms 
colonies, living in nests. Similar to bees and many wasps, bumblebees are characterized by an 
ovipositor which is modified into a stinger with which they are able to inject venom. 
Bumblebees are phytophagous and live on nectar and pollen throughout their entire life. 
Adults feed on the nectar they gather from flowering plants while they forage to collect pollen 
to take to the nest and feed their young. B. terrestris is a very generalist species as more than 
300 plant species have been listed as a possible food source for this insect (Rasmont, 1988). 
This foraging behavior is very important for us as well, since it causes pollination of many 
flowering plants, including many of our cultured crops. Moreover, bumblebee colonies are 
even commercially available for farmers to use in greenhouses. 
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4.2.2. Taxonomy 
Phylum: Arthropoda 
Class: Insecta 
Order: Hymenoptera 
Suborder: Apocrita 
Superfamily: Apoidea 
Family: Apidae 
Subfamily: Apinae 
Genus: Bombus 
 
Around 250 species comprise the Bombus genus containing all bumblebees. They are part of 
the important order of Hymenoptera, characterized by usually two pair of membraned wings 
and strongly developed chewing mouth parts. In some species, including all bees, these mouth 
parts have evolved into a large proboscis, with wich the insects can drink from plants as well. 
This order includes important social insects such as bees, ants and wasps which are grouped 
in the suborder of Apocrita. The Hymenoptera are holometabolous, meaning they undergo a 
complete metamorphosis between the larval stages and the adult stage. One of the best known 
families is the Apidae family, containing all bees, including the bumblebees.  
 
4.2.3. Life cycle 
Bumblebees generally know an annual colony cycle (Fig. 1.18). This means that the queen, 
which is the only one of the colony that survives the winter, must start a new colony every 
year. In spring, the queen ends her hibernation and will start feeding on nectar to replenish her 
reserves. In the meantime, she will start looking for a suitable location to start her nest. 
Usually these nests are built underground in the case of bumblebees. After collecting enough 
nectar and pollen she will lay her first eggs. The eggs which are laid during most of the 
summer season will usually give rise to the smaller worker bumblebees. The first group of 
workers will mainly be fed by the queen during their juvenile stages and after they turn adult, 
they will take over the foraging and feed the later generation of worker bumblebees. Late in 
summer, the colony will start producing males and other queens as well, which will mate in 
autumn. These queens will then leave the colony and start looking for a suitable hibernation 
location. 
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Figure 1.18 Annual life cycle of a bumblebee colony (Goulson, 2010). After overwintering underground, a 
female foundress will start searching for a suitable place to form a nest and start a colony. During most of 
the spring and summer, the colony will only produce female workers. Later in summer, males and other 
queens will be produced as well. The males will mate with the young queens, die, and the queens will find 
a place to overwinter. 
 
4.2.4. Economic importance 
The importance of bees and bumblebees for ecosystem integrity and food security cannot be 
underestimated. Because of their foraging behavior, collecting pollen as food for their young, 
they are natural pollinators. A broad variety of crops are dependent on foraging and 
pollinating insects for their reproduction. Either because they require cross-pollination or 
because they require insects to move the pollen from the anthers to the stigma. While the 
honeybee A. mellifera is by far the best known pollinator, other bee species are very important 
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as well. First of all because the honeybee is sometimes unable to pollinate certain plants, often 
due to anatomical factors. Another difference between the honeybee and the bumblebee is that 
the former is less active in colder temperatures and rainy days, while bumblebees remain 
active in such conditions. For that reason, the bumblebee can sometimes be more important in 
more northern regions.  
 
Bumblebee-pollination became a commercial succes-story when in the 1980s, the Belgian 
veterinarian and amateur bumblebee researcher Dr. De Jonghe discovered the value of 
bumblebees for the pollination of greenhouse tomatoes. Until then, tomatoes were pollinated 
by manual labour, which is time consuming and hence very costly. He founded the company 
Biobest for the commercial rearing of bumblebees and some others followed soon. Within a 
few years, virtually all Dutch greenhouse tomatoes were pollinated by these commercially 
reared bumblebees. Over the last two decades, the sale of bumblebee colonies for this purpose 
has spread globally and at this moment, the economic value of these bumblebee-pollinated 
tomato crops is estimated at €12 billion (Goulson, 2010). An excellent review on the 
domestication and commercialization of bumblebees is the one written by Velthuis and van 
Doorn (2006). 
 
4.3. Tetranychus urticae  
4.3.1. Introduction 
The two-spotted spider mite or Tetranychus urticae is one of the most damaging arthropods in 
many agricultural crops. This chelicerate damages the plant mainly by puncturing the leaf 
cells with their needle-like mouth parts in order to feed on the cell content. The spider mite is 
a very polyphagous pest and has a high fecundity, two characteristics partly explaining the 
success of this species. Another important factor is its adaptive nature and its ability to rapidly 
develop resistance against pesticides. The name of the spider mite refers to its ability to spin 
webs. Plants that are heavily colonized by this mite can be seen covered in the silky webs 
made by this arthropod. In horticulture, this webbing can cause an additional cosmetic 
damage as well.  
 
 
Introduction and general background 
- 45 - 
 
4.3.2. Taxonomy 
Phylum: Arthropoda 
Subphylum: Chelicerata 
Class: Arachnida 
Subclass: Acari 
Superorder: Acariformes 
Order: Trombidiformes 
Family: Tetranychidae 
Genus: Tetranychus 
 
The arachnid taxon of Acari, containing all the mites and ticks is an old, large and also a very 
diverse taxonomic group within the Arachnida. The classification of this group has been 
subject to a lot of discussion that is still ongoing. The present day consensus however is to 
place this group as a subclass within the Arachnida and to divide it into two or three 
superorders. There is the large superorder containing most mites, the Acariformes, to which 
also the Tetranychidae belong, and there is the Parasitiformes superorder, containing the ticks 
such as Ixodes scapularis and a variety of other mites. The third group, the Opilioacariformes, 
is a small group comprised of one family and only 20 species of rather large mites. The 
Acariformes form by far the largest group, containing about 30,000 of the 42,000 known 
Acari species. It is divided into the Sarcoptiformes and the Trombidiformes, the latter 
comprising most plant-parasitic mites such as Tetranychus urticae. 
 
4.3.3. Life cycle 
Just like most mites, the life cycle of T. urticae is a little more complex compared to most 
insect species (Fig. 1.19). Mites are oviparous and an adult female can lay up to 20 eggs per 
day in optimal conditions. These eggs can either be fertilized, giving birth to female mites, or 
not fertilized, giving birth to males. After 3 to 5 days the eggs will hatch into larvae. Contrary 
to the later stages, the larva of the mite only has six legs, instead of eight. After moulting for 3 
to 10 days, the larva will develop into the first nymphal stage, called the protonymph, which 
are now eight-legged. The subsequent moult brings the mite to the deutonymph stage after 
which it will move on to the adult stage. The time of development of a T. urticae individual is 
very much subject to the environmental conditions, mainly the temperature and humidity. 
Spider mites prefer rather dry conditions and high temperatures and thrive optimally around a 
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temperature around 30°C. At that temperature, they can turn adult as soon as 8 days after their 
own eggs were laid by their mother. 
 
 
 
Figure 1.19 Life cycle of the two spotted spider mite showing the different stages from egg, over six-legged 
larvae and eight-legged nymphs to adults.  (www.al.gov.bc.ca/cropprot/mites.htm) 
 
4.3.4. Economic importance 
Herbivorous mites form a big problem in agriculture and T. urticae is probably the most 
important one. It is known to be one of the most polyphagous pests and has as many as 1100 
possible host plants belonging to 140 different plant families. T. urticae itself thrives in warm 
conditions and is thus mainly a problem in warmer areas and in the greenhouses in more 
temperate regions. Some of the most important host plants from an economic standpoint are 
tomatoes, peppers, cucumber, maize, soy, grapes and apples. The success of this pest can be 
explained by a number of factors. First of all, it has a very high fecundity and short 
developmental time causing a very quick colonization of a plant. Mites are also characterized 
by a very high incidence of resistance. T. urticae is sometimes dubbed ‘the most resistant 
species’ because of its known resistance against a very large and still increasing number of 
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pesticides. According to the review on this matter by Van Leeuwen et al. (2010), there is 
proof of resistance against 92 active ingredients.  
 
The damage created by the two-spotted spider mite is directly related to their feeding on the 
cell content of leaf cells. With their needle-like mouth parts, they pierce through the cell and 
suck up the cell content. This causes the mesophyll tissue to collapse and little chlorotic or 
necrotic spots appear on the leaves and eventually the whole leaf will be affected and die. If 
the infestation is not controlled, complete defoilage of the plant is possible. In horticulture and 
especially the ornamental plants business, mites can also cause an additional aesthetic form of 
damage due to their webbing (Fig 1.20).  
 
 
Figure 1.20 Damage and webbing caused by T. urticae on sweet pepper plants (www.wikipedia.com). The 
feeding of the spider mites on plants cause necrotic spots on the leaves and eventually the whole leaf can 
die.  
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5. RNAi 
RNA interference can be defined as a post-transcriptional gene silencing pathway that is 
triggered by double stranded RNA (dsRNA). This dsRNA can be of endogenous origin, in the 
form of microRNA (miRNA) or it can be exogenous dsRNA, in the form of viruses, 
transposons or introduced into a cell for research purposes. Since its discovery in the 
nematode C. elegans (Fire et al., 1998), RNAi has rapidly developed as a widely used 
molecular research tool in a variety of insect orders, including Diptera (Lum et al., 2003; 
Dietzl et al., 2007), Lepidoptera (Yu et al., 2008; Chen et al., 2008; Tian et al., 2009; 
Terenius et al., 2011), Coleoptera (Arakane et al., 2004; Suzuki et al., 2008) and 
Hymenoptera (Schluns & Crozier, 2007; Marco Antonio et al., 2008). In 2006, Andrew Z. 
Fire and Craig C. Mello have also been awarded the Nobel Prize in Physiology or Medicine 
for their discovery of RNAi.  
The first RNAi successes with insects were achieved with the fruit fly D. melanogaster. The 
first experiment was performed in vivo by injection of embryos (Kennerdell & Carthew, 
1998) and in vitro by soaking S2 cells in dsRNA-containing medium (Clemens et al., 2000). 
In 2000, the first genetically transformed D. melanogaster lines were constructed where a 
heritable RNAi effect was created by expressing dsRNA as an extended hairpin-loop RNA 
(Kennerdell & Carthew, 2000). These RNAi libraries have become a widely used asset 
allowing high throughput loss-of-function research in this dipteran model insect. In contrast to 
D. melanogaster and also the silkmoth B. mori (Kanginakudru et al., 2007; Dai et al., 2008), 
most insects are much more difficult to transform genetically. Therefore, heritable RNAi by 
bringing dsRNA to expression in a stable manner is currently not possible in most species 
which means that these loss-of-function experiments have to be done by introducing the 
dsRNA from outside of the insect. 
 
5.1. Molecular mechanism 
There are two different RNAi pathways. The first one is the miRNA pathway leading to a 
translation block, which will not be discussed into further detail here. The second pathway is 
the siRNA pathway, leading to nucleotide degradation. The core of the RNAi pathways is 
formed by a few important proteins such as the RNaseIII endoribonuclease Dicer (Dcr) and 
the RNA-induced Silencing Complex (RISC) in which the RNaseH Argonaute (Ago) and 
R2D2 are the most important components. The pathway involves two phases. In a first phase, 
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the dsRNA that enters the cytosol will bind to the Dicer enzyme and will be cleaved into 
pieces of small interfering RNA (siRNA), each around 20 nucleotides long. In a second step, 
these smaller transcripts will be recognized and bound by the RISC complex. Subsequently, 
the siRNA will be unwound to a single strand and will hybridize with the matching 
endogenous mRNA. The final step then is the degradation of this mRNA by Ago. This 
process is visually represented in Figure 1.21. 
 
 
 
Fiure 1.21 Schematic representation of the siRNA pathway. dsRNA which enters the cell will bind with 
Dicer, a RNaseIII endoribonuclease and will be cleaved into smaller pieces of RNA. These smaller pieces, 
called siRNA will associate with the RISC complex and will bind to the complementary endogenous 
mRNA. Eventually, the RNaseH enzyme Argonaute, which is part of the RISC complex, will then start the 
cleavage of the mRNA and hence prevent translation (http://www.welgeninc.com/technologies.html). 
 
5.2. RNAi efficiency and efficacy 
Despite the success stories of RNAi, there seems to be a rather large variation in the success 
rate of these experiments for different insect species. Some species, such as the red flour 
beetle Tribolium castaneum and the honeybee Apis mellifera have a very high success rate for 
RNAi and especially the former shows a very robust systemic response after introduction of 
exogenous dsRNA, meaning that the silencing response is observed in tissues throughout the 
insect body. In some cases, such as the cricket Gryllus bimaculatus (Orthoptera) and the 
firebrat Thermobia domestica (Thysanura) even a long term silencing response has been 
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observed (Moriyama et al., 2008; Uryu et al., 2013). In the case of the cricket, injection of 
dsRNA targeting period, a circadian clock gene, resulted in a RNAi effect for over 50 days. 
On the other hand, in many Lepidoptera, such as S. littoralis and B. mori, as well as many 
species from other orders, RNAi is rather inefficient or the efficiency is very variable at best. 
The cause is often unknown and could be a combination of many factors such as degradation 
of the dsRNA, lack of uptake into the cells or insufficient upregulation of the core RNAi 
genes. During the last few years, more and more research has gone into the factors possibly 
limiting the use of RNAi in some species. However, the available information is still very 
fragmentary. For recent reviews and overviews of RNAi in insects, I can refer to the Bellés 
(2010), Terenius et al., (2011) and Gu & Knipple (2013). 
 
5.3. RNAi as a possible pest control tool 
Besides its role as a functional genomics research tool, RNAi could in theory be a very useful 
tool in crop protection as well. Knockdown of certain genes could cause all sorts of lethal or 
sublethal effects and one of its main advantages is its selectivity. Indeed, one of the biggest 
challenges in the search for environmental-friendly pest control agents has always been the 
selectivity of their toxicity and the attempt to minimize the damage inflicted on non-target 
organisms, especially beneficial insects such as pollinators and predators. RNAi provides a 
tool with which you can specifically target single species or larger taxonomical groups. Very 
important in that aspect is the target fragment design and the conservation of the selected 
sequence. Using more conserved regions can cause toxicity towards a range of species and the 
level of conservation can determine how closely related you want the affected species to be. 
 
A number of studies have already shown that transgenic plants producing specific insect 
dsRNA can effectively reduce the damage caused by insects on these host plants. In 2007, a 
study by Baum et al. proved that the production of vATPase dsRNA in transgenic maize 
plants caused a reduction of corn root damage caused by the western corn rootworm 
Diabrotica virgifera virgifera (Baum et al., 2007). Another study provided evidence by 
genetically modifying Arabidopsis and tobacco plants to produce a dsRNA specific for a 
cytochrome P450 gene (CYP6AE14) which is needed by insects for the detoxification of 
gossypol present in the leaves. Feeding these transgenic leaves to caterpillars of the cotton 
bollworm Helicoverpa armigera caused a knockdown of this gene and thus decreased the 
tolerance of the insect to gossypol-containing food. Transgenic cotton plants expressing the 
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same CYP6AE14-dsRNA later showed to acquire an increased tolerance against the same 
cotton bollworm (Mao et al., 2007; 2011). 
 
Recently, more research was done towards the mode of action of the RNAi effect in 
Diabrotica by a research group from Monsanto (Bolognesi et al., 2012). They tested dsRNA 
delivery by oral feeding, observed what happened to the dsRNA after ingestion and also 
investigated the importance of the dsRNA fragment length. They found that DvSnf7 dsRNA 
was taken up by the midgut cells of Diabrotica after delivery via a biofeeding assay and that 
the signal was carried on to other tissues after 24h. The dsRNA delivery caused high mortality 
(up to 95% after 12 days compared to no mortality in the control).  
 
Lepidoptera, which are among the most devastating agricultural pests, have proven to be a 
challenge when it comes to RNAi. In many lepidopteran species the technique exhibits a low 
or at most a very variable efficiency. A large metastudy on the success of RNAi in 
Lepidoptera has been published recently by Terenius et al. (2011). Despite the problems that 
have been experienced with this insect order, a number of successes have been reported as 
well. In 2012 for example, Zhu et al. have investigated the potential of RNAi in the control of 
Helicoverpa armigera. They modified tobacco plants to produce dsRNA specific for EcR and 
noticed that feeding on these plants by Helicoverpa caused a dramatic decrease in EcR 
mRNA and resulted in moulting defects and larval lethality. Interestingly, when caterpillars of 
Spodoptera exigua, another lepidopteran species, were fed on these plants producing the same 
dsRNA fragment, similar effects were observed (Zhu et al., 2012). This was due to the fact 
that the dsRNA fragment of EcR was sufficiently conserved over both species to cause an 
RNAi effect in Spodoptera as well as in Helicoverpa. This highlights the importance of the 
target gene and the chosen region within the gene and also the possibilities that RNAi 
provides in targeting single species, larger families and even complete orders of insects based 
on sequence conservation.  
In 2009, Whyard et al. (2009) published the results of a comparative study on the RNAi effect 
in four different species from four major insect orders (D. melanogaster, Manduca sexta, T. 
castaneum, and A. pisum) using ingestion as the delivery method. Their aim was to investigate 
whether RNAi could have a future as a pest control tool. The target gene in this study was 
vATPase. They found that silencing caused mortality in all four tested species using realistic 
concentrations of dsRNA. They also demonstrated that one of the main advantages of using 
RNAi as a pest control tool is its selectivity. 
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Despite the body of evidence that this technique has the potential to be a tool for designing a 
new generation of pest control mechanisms, there are important limitations as well using 
RNAi-based technology for pest control. Even in species for which RNAi has been proven to 
be relatively efficient, some major challenges remain. One of them is the choice of the target 
gene and the region in this gene. Another one is the delivery method of dsRNA into the insect. 
Especially the latter is still a limitation for many species that should be addressed.  
 
5.4. DsRNA delivery 
One of the main challenges for successful RNAi is to find easy and reliable methods of 
dsRNA delivery into the cell. Three main strategies have been applied in entomological 
research. Delivery through injection, through ingestion or by soaking. All methods have their 
advantages and disadvantages and the optimal choice depends on several factors, such as the 
the purpose and scale of the experiment as well as the species type. DsRNA delivery by 
feeding for example can be very useful in high throughput experiments using insects that are 
easy to rear on an artificial diet. Microinjection on the other hand is very labor-intensive but 
has the advantage that exact volumes of dsRNA can be administered and that specific target 
tissues can be targeted as well. Finally, soaking does not have that much use when working 
with living animals apart from nematodes, but is the ideal choice for RNAi experiments with 
cell cultures or embryos. In this thesis, two of these delivery methods have been used in order 
to perform RNAi in the pea aphid, namely feeding and microinjection.  
 
5.4.1. Feeding  
In 1998, Timmon and Fire reported that C. elegans, fed on Escherichia coli bacteria 
expressing dsRNA, showed the same phenotypes as the corresponding loss-of-function 
mutants (Timmon & Fire, 1998; Timmon et al., 2001). This discovery created an extra 
method to introduce dsRNA into organisms for triggering RNAi. After the initial discovery in 
this nematode, dsRNA-mediated RNAi research by ingested dsRNA was applied in various 
insects such as Spodoptera exigua, Diabrotica virgifera virgifera and Epiphyas postvittana 
(Turner et al., 2006; Baum et al., 2007; Tian et al., 2009; Surakasi et al., 2011). Three main 
strategies can be used in dsRNA-feeding experiments: dsRNAs can either be expressed in 
bacteria or they can be synthesized in vitro, and then fed to insects either by mixing with food 
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or by supplying as solution droplets. Alternatively, transgenic plants can be engineered to 
express hairpin dsRNAs targeting genes from insects who feed on the plants.  
 
Oral delivery of dsRNA into insects provides several advantages. It is labor-saving, cost-
effective and easy to perform (Tian et al., 2009). Also, this method is applicable for high 
throughput gene screening, especially genes for pest control (Kamath et al., 2000). Another 
advantage of oral delivery of dsRNA is that it is less invasive and also a more practical 
method for small insects such as aphids and 1
st
- and 2
nd
-instar larvae or nymphs (Araujo et al., 
2006; Tian et al., 2009; Walshe et al., 2009). However, delivery of dsRNA by ingestion has 
several limitations. As observed in previous research, ingestion of dsRNA is less effective for 
inducing RNAi in C. elegans (Hunter, 1999) and Rhodnius prolixus (Araujo et al., 2006) than 
injection. Furthermore, oral delivery of dsRNA may not be suitable for all species. The 
efficiency of RNAi by ingestion of dsRNA varies between different species possibly due to a 
different gut environment. Therefore, optimization of the concentration of dsRNA used to 
trigger RNAi is important (Turner et al., 2006). Another limitation of oral delivery of dsRNA 
is that it is hard to determine the amount of dsRNA brought inside the insect through 
ingestion (Surakasi et al., 2011). Especially for the use of RNAi for research purposes, this 
could be a disadvantage.  
 
5.4.2. Microinjection 
Microinjection was already used by Fire and Mello in the early days of RNAi (Fire et al., 
1998) as a way to introduce dsRNA into C. elegans. Afterwards, some easier and cheaper 
methods such as soaking and feeding have found their way into nematode and insect RNAi 
experiments, but microinjection is still a widely used and very efficient research tool to 
introduce dsRNA into organisms in vivo, not only for nematodes but also for arthropods. The 
first microinjection experiments reported in insects were with D. melanogaster. In 1998, soon 
after the first publication of RNAi in nematodes, Kennerdell & Carthew succeeded in 
downregulating the frizzled and frizzled 2 gene by intracellular RNAi. Another model 
organism in the insect class is T. castaneum, a stored product pest insect of worldwide 
importance. Injection of dsRNA, both in larvae and adults, is a widely used technique in 
functional genomics for this organism, not in the least because, contrary to D. melanogaster, 
T. castaneum shows a robust systemic RNAi response (Tomoyasu et al., 2004). In the case of 
larvae, injections are usually carried out dorsally on or between segments, while in adults, the 
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tissue under the wings is the easiest location to inject the organism. RNAi experiments have, 
for example, been used to investigate important members of metamorphosis and development 
pathways, such as the nuclear receptors (Tan & Palli, 2008) and Broad (Parthasarathy et al., 
2008). For Tribolium and Drosophila, perhaps the two most popular insects as far as these 
RNAi experiments are concerned, a number of microinjection protocols have been published 
setting a standard for this kind of work.  
 
Also in Lepidoptera, dsRNA delivery by injection has proven to be successful, albeit with 
more difficulties compared to many insects from other classes. Most successful experiments 
have been achieved with B. mori and Manduca sexta but also species from other families have 
been successfully used in RNAi microinjection experiments. Notably members of the 
Saturniidae family seem to be sensitive to RNAi using hemocoel injection as the delivery 
method, contrary to many other lepidopteran species. An extensive overview of RNAi 
experiments by microinjection in Lepidoptera has been given by Terenius et al. (2011). Also 
in the honeybee A. mellifera, economically a hugely important insect and a model organism 
belonging to the Hymenoptera, injection of dsRNA has been proven successful to cause a 
knockdown effect (Farooqui et al., 2003; Gatehouse et al., 2004; Aronstein & Saldivar, 2005).  
Besides these model organisms, injection is also used in other species and orders as an 
important technique for introducing dsRNA into the organism to elicit an RNAi response. 
Successes have been published for the pea aphid Acyrthosiphon pisum (Jaubert-Possamai et 
al., 2007), the cockroach Blattella germanica (Martin et al., 2006; Bellés, 2010; Huang & Lee, 
2011), the cricket Gryllus bimaculatus (Nakamura et al., 2008; Moriyama et al., 2008) and 
also in some arachnids such as the tick Ixodes scapularis (Narasimhan et al., 2004) and the 
two-spotted spider mite Tetranychus urticae (Khila & Grbic, 2007; Grbic et al., 2011).  
 
The microinjection technique has both its advantages and disadvantages compared to the 
other methods of dsRNA delivery. One important advantage is that it allows researchers to get 
the dsRNA immediately to the tissue of choice or into the hemolymph and thus avoiding 
possible barriers such as the integument or the gut which could be a problem in feeding or 
soaking experiments. Another advantage is that the exact amount of dsRNA brought into an 
organism is known, in contrast to delivery by soaking or in some cases by feeding.  
However, there are some important disadvantages as well with this method. The work itself is 
more delicate and time-consuming than the alternatives, and it also requires some 
optimization. Factors like needle choice, injection volume and place of injection are very 
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important and differ greatly between organisms. These factors should be carefully optimized 
before starting any experiment.  
 
5.5. RNAi in Hemiptera and aphids 
A large amount of information and research data has already been published on the use of 
RNAi in Diptera (mainly Drosophila), Lepidoptera (Bombyx, Manduca) and Coleoptera 
(Tribolium). For Hemiptera however, the data is still rather scarce. Li et al. have recently 
published a review on RNAi in Hemiptera which summarizes the reported successes and 
discusses the different factors that influence RNAi efficiency in these sap-sucking insects (Li 
et al., 2013). Since Bacillus thuringiensis (Bt)-based insecticides are insufficiently effective 
against sap-sucking insects (Elaine et al., 2005; Liu et al., 2010; Walker & Allen, 2011; 
Gatehouse & Price, 2011), the development of RNAi-mediated crop protection against this 
group of insects could prove very useful.  
 
One of the first successful RNAi experiments in these sap-sucking insects was the work on 
the Hox genes Deformed (Dfd), proboscipedia (pb) and Sex combs reduced (Scr) in the 
milkweed bug Oncopeltus fasciatus (Hughes & Kaufman, 2000). To examine the role of these 
Hox genes, the authors used microinjection as a way to get the dsRNA in the eggs and 
examined the embryos nine days later. The same group later published several other 
successful RNAi experiments on the same insect (Liu & Kaufman, 2004; Angelini & 
Kaufman, 2005; Angelini et al., 2005; Panfilio et al., 2006). Subsequently, successful RNAi 
experiments in other hemipteran insects were reported as well, such as the triatomine bug 
Rhodnius prolixus (Araujo et al., 2006), the whitefly Bemisia tabaci (Ghanim et al., 2007) 
and the tarnished plant bug Lygus lineolaris (Walker & Allen, 2010). In all of these cases, the 
method of delivery was microinjection and for R. prolixus also ingestion was used.  
 
The first RNAi experiments on aphids were reported in 2006, when Mutti et al. reported that 
knockdown of the salivary transcript C002, involved in plant-insect interactions, caused 
mortality in A. pisum that are feeding on plants (Mutti et al., 2006). Soon afterwards, Jaubert-
Possamai et al. published their results on the knockdown of two genes in the pea aphid. One 
of them was the gene coding for a ubiquitinously expressed calreticulin and the other gene 
expressed the gut-specific cathepsin-L (Jaubert-Possamai et al., 2007). In 2009,  Shakesby et 
al. managed to silence an aquaporin transcript in A. pisum. In these three reported successes, 
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the dsRNA was delivered through injection immediately into the haemocoel. The first report 
of uptake of dsRNA through ingestion was the publication of Whyard et al. in 2009 who 
observed mortality after feeding the aphids vATPase dsRNA through the artificial diet. 
Recently, Pitino et al. (2011) also reported on the knockdown of C002 in the polyphagous 
pest M. persicae, the green peach aphid.   
 
  
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Chapter II: Diversity of nuclear 
receptors in the animal 
kingdom 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Chapter II 
 
- 58 - 
 
 
Parts of this chapter have been published in: 
 
Christiaens, O., Iga, M., Velarde, R., Rougé, P. and Smagghe, G. (2010). Halloween genes and nuclear receptors 
in ecdysteroid biosynthesis and signaling in the pea aphid. Insect Molecular Biology, 19 (Suppl. 2), 187-200. 
Contributions: All work on the pea aphid nuclear receptors; annotation, sequence analysis, 
phylogenetics 
 
Shigenobu, S., Bickel, R.D., Brisson, J.A., Butts, T., Chang, C-c., Christiaens, O. et al. (2010). Comprehensive 
survey of development genes in the pea aphid, Acyrthosiphon pisum: frequent lineage-specific duplications and 
losses of developmental genes. Insect Mol Biol 19 (Suppl. 2), 47-62. 
Contributions: Annotation of all pea aphid NRs 
 
The International Aphid Genomics Consortium (2010). Genome sequence of the pea aphid Acyrthosiphon pisum. 
PLoS Biol 23, e1000313.  
Contributions: Annotation and analysis of all pea aphid NRs 
 
The International Spider mite Genome Consortium (2011). The genome of Tetranychus urticae reveals 
herbivorous pest adaptations. Nature 479, 487-492. 
Contributions: Annotation and analysis of all spider mite NRs 
  
Diversity of nuclear receptors in the animal kingdom 
- 59 - 
 
1. Introduction 
Over the past two decades, nuclear receptors from many species have been identified, 
characterized and their sequences have been determined. For species that have had their 
genome sequenced and annotated such as some model insects and vertebrates, the list of 
nuclear receptors (NRs) is relatively complete. For many other species however, our current 
knowledge is fragmentary and the characterized nuclear receptors of most species are usually 
limited to the EcR and/or USP/RXR since they form the receptor of an important class of 
pesticides, the ecdysteroid agonists. At the start of this research, the only insect genomes that 
had been sequenced and annotated were holometabolic insects. Diptera, such as the model 
insect Drosophila melanogaster and the mosquito Anopheles gambiae were among the first to 
have the complete genome published (Adams et al., 2000, Holt et al., 2002) and more 
dipteran insects followed soon. Not long after, the first lepidopteran and coleopteran insects, 
the silkmoth Bombyx mori and red flour beetle Tribolium castaneum respectively, also 
followed (Xia et al., 2004; Tribolium Genome Sequencing Consortium, 2008). However, 
genome information and thus also a complete list of NRs of non-holometabolic insects 
remained lacking.  
 
Looking at the other arthropod groups, the available data, sequential or functional, is more 
scarce. The only full set of nuclear receptors that is available and described is that of the water 
flea, Daphnia pulex, which had its genome sequenced more recently (Thomson et al., 2009). 
The EcR and RXR had already been cloned in some crustaceans such as the brown shrimp 
Crangon crangon, the lobster Homarus americanus and the crab Uca pugilator (Verhaegen et 
al., 2010; Tarrant et al., 2011; Durica et al., 2002) but this was the first full set of crustacean 
NRs that has been described. Also in the field of the chelicerates, very little research has been 
done on the nuclear receptors. The EcR and/or RXR has been described for some such as the 
scorpion Liocheles australasiae (Nakagawa et al., 2007) and the ticks Amblyomma 
americanum and Ornithodoros moubata (Guo et al., 1997, 1998; Horigane et al., 2007, 2008) 
but apart from these, the presence of nuclear receptors is still largely unknown in chelicerates.  
In this annotation research, the NR sets of three arthropod species were identified and 
investigated, namely the hemimetabolous pea aphid Acyrthosiphon pisum, the holometabolous 
buff-tailed bumblebee Bombus terrestris and the chelicerate two-spotted spider mite 
Tetranychus urticae. Until now, no full set of NRs was available for hemimetabolous insects 
or for arthropods belonging to the Chelicerata. The main objective was to identify these NRs 
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and conduct a comparative study of NRs between a holometabolic insect, a hemimetabolic 
insects as well as a chelicerate species 
 
2. Material and methods 
2.1. Acyrthosiphon pisum 
2.1.1. Annotation of the NR genes 
The 1.0 release of the A. pisum genome was used as a basis for bioinformatic analysis. NR 
protein sequences from D. melanogaster, T. castaneum and A. mellifera were used in 
TBLASTN searches against the Acyr 1.0 assembly of the pea aphid genome. After 
identification and localization in the genome, automatically predicted gene models were 
examined and compared with available EST data and also homologous sequences in other 
species. If necessary, they were manually edited using the Apollo Genome Annotation 
Curation Tool (Lewis et al., 2002). This editing was done based on the available predicted 
models (Gnomon, Augustus, Genscan and GeneID) together with EST data and alignments 
with D. melanogaster, T. castaneum and A. mellifera orthologs. Phylogenetic trees were 
constructed afterwards to confirm the identity of the different NRs that were found in the 
genome. 
 
2.1.2. Confirmation of transcription of the NR genes 
Presence of these transcripts in the A. pisum RNA was examined by RT-PCR. The pea aphids 
were taken from a continuous colony in the Laboratory of Agrozoology at Ghent University. 
A mixture of different stages of A. pisum and a collection of newborn-only aphids were used 
to extract total RNA using the TRI Reagent (Sigma, Belgium), based on the single-step liquid 
phase separation method reported by Chomczynski and Sacchi (1987). Then, cDNA was 
synthesized from 1 µg of this RNA in a 20 µl reaction using the First Strand cDNA synthesis 
kit (Roche, Germany) according to the manufacturer’s instructions. Both cDNA samples 
(newborn only and a mixture of stages) were used in these RT-PCR experiments. Primers 
were designed using Primer3 software (Rozen et al., 2000) and are listed in Table 2.1. Basic 
amplification conditions for most NRs were 20s at 94°C, 30s at 55°C and 90s at 72°C for 35 
cycles, preceeded by a 2min annealing step at 94°C and finalized with a 7min elongation step 
at 72°C. For HR3, the conditions were 20s at 94°C, 30s at 57°C and 60s at 72°C for 32 cycles, 
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for the EcR fragment 20s at 92°C, 30s at 54°C and 150s at 72°C for 32 cycles and for USP 
20s at 92°C, 30s at 52°C and 180s at 72°C for 32 cycles.  Finally, PCR products were loaded 
on a 1.5% agarose gel.  
 
Product Forward Reversed Fragment size 
E75 (REVERB) CACTCTTGTGAGGGATGCAA CAACGTGTTGAGCGTCCTTA 960 
E78 GGAGTTCGCAAAAAGAGTGC ATAACGGTGGCAACTTCAGC 512 
HR3 (ROR) AAAGCGGGAAGTTTCGAGTT TGCCTGAGTATCGGGATCTT 443 
ECR 
(LXR/FXR) 
CAGTTGCTGTGTCACGGTCT CACCCTGTCAGCGACATC 1394 
HNF4 AGCTGAACGACCAAGTTTCG TCTCCTGTAAAAGCGGTTCG 498 
USP (RXR) TATAGAGCGTTCGGCGATTTT CGTCATGTGACGATGATTCAA 1441 
HR78 TCACCCAGTCCTAAATACGC CGGTGTTCATCATTGCATTC 491 
TLL (TLX) GTATGCTTTCGGGCATGAAC CTTTGAACACGGCGATTTGT 519 
HR51 (PNR) GGACAAGGCACATCGTAACC AAGTTTTTCGCCCACTTGAC 552 
DSF CAGCAACACCACCATCATCT TTTGGAAAGGGTCTGAAACG 441 
SVP (COUP-
TF) 
CCAGTGTATGCAACCGAACA CAATGACCTGCGAGCTGAC 542 
ERR (ERR) CCTCTTCGTCGTCAAATGGT GACAATGATGCTGCTGTTGG 618 
HR38 (NURR1) TCAGTATCACGAGCCAAAACC CCAGGTCTTCCAGTTTCAGG 593 
FTZ-F1 (SF1) TGGCAGAGTTCACTGTTTGG TTGAGAGTTGGCTGTGATGC 504 
HR39 ATGCCTGGTGTGAGCTACTG CTTTGCCCTTCTCCTTCCTT 430 
HR4 (GCNF1) CCAGCGAGGTCGTTTATCTC GAGGGTGACGTGTGTGATCTT 542 
KNRL-1 TCGGACCTACAACAACCTGA CTGGAGCAAGCAATGGATCT 225 
EG GGACGAACCTACAACAACCTG GCAGCAGACAGTGGATCTTG 187 
 
Table 2.1. List of primers used in the transcription confirmation of pea aphid NRs.  
 
2.1.3. Cloning of ApEcR, ApUSP, ApE75 and ApHR3 genes 
Complete coding sequence (CDS) fragments of EcR and RXR/USP, as well as partial 
fragments of E75 and HR3 fragments were amplified by PCR. Same A. pisum cDNA and 
primers, as well as amplification conditions were used for the initial PCR reactions as for the 
confirmation (2.1.2). The PCR products were then purified using the Cycle Pure kit (Omega 
Bio-Tek, USA) and were ligated into a pGEM-T vector (Promega, USA) according to the 
manufacturer’s conditions. This vector system is a convenient and reliable system to clone 
PCR products, sequence the inserts and use them directly as templates for dsRNA synthesis 
reactions later on. Afterwards, plasmids were transformed in competent Escherichia coli XL-
1 Blue Cells by heat shock and then plated out on a carbenicillin-containing LB agar plate. 
After 16 h incubation, formed colonies were checked for positive transformation by colony 
PCR and several of these positive colonies were subsequently purified using the Plasmid mini 
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prep kit (Omega Bio-Tek) and sent for sequencing (Agowa, Germany). Finally, these 
sequences were submitted in Genbank. Accession numbers are ACR45972, ACR45970 and 
ACR45971 for E75, USP and EcR respectively. 
 
2.2. Bombus terrestris and Bombus impatiens 
2.2.1. Annotation of the nuclear receptor genes 
Known NR sequences from multiple insects such as D. melanogaster, T. castaneum, A. pisum 
and the closely related honeybee A. mellifera were used in TBLASTN searches against the B. 
terrestris and Bombus impatiens genome databases (Bter_1.0_Scaffolds and 
Bimp_2.0_Scaffolds). The possible NR candidates and gene models were collected, examined 
by comparing them with available EST evidence and homologous sequences. Where 
necessary, the gene models were corrected by manual editing using the Apollo Genome 
Annotation Curation Tool (Lewis et al., 2002). Phylogenetic trees were constructed 
afterwards to confirm the identity of the different NRs that were found in the genome. 
 
2.3. Tetranychus urticae 
2.3.1. Annotation of the nuclear receptor genes 
The T. urticae genome was assembled by JGI Genome Portal. Nuclear receptor protein 
sequences from Homo sapiens, D. melanogaster, D. pulex and C. elegans were used with the 
Basic Local Alignment Search Tool (BLAST) to search all the possible NRs in the T. urticae 
genome. A TBLASTN approach was used and after identification and localization in the 
genome, the automatic annotation of these genes, which was performed by EuGene3.4, 
GenomeThreader and SpliceMachine was examined more closely. Predicted protein 
sequences were aligned by CLUSTALW2/CLUSTALX2 (Larkin et al., 2007) and were 
examined and compared with their respective homologs. Based on these alignments and 
comparisons and also based on EST and RNA read data, manual corrections were made where 
necessary using Genome View editor or Artimini. Phylogenetic trees were constructed 
afterwards to confirm the identity of the different NRs that were found in the genome. 
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2.3.2. Confirmation of transcription of the NR genes 
Presence of these transcripts in the T. urticae RNA was examined by RT-PCR. cDNA was 
provided to us by Dr. ir. Thomas Van Leeuwen from the Laboratory of Agrozoology at Ghent 
University. The same procedures for cDNA synthesis, PCR and primer design that were used 
for the A. pisum NR expression confirmations were used here as well.  
 
Product Forward Reversed Fragment size 
    E75 CCGCAATGCAGAAGGTAAAT GGTTATCGGAATGGTTGGAA 693 
E78 AGCCAGAGTACAGTTCATCC GCTCGGAACCAGGATAAATG 607 
HR3 CATGGGATATGGATGAAGAGG GGCAGGTTTGGGTGAAATTA 588 
ECR TTCGTCCAACTTTTCCAGATG ATCACCACAGACAAGGCAAA 563 
HR96a GCTGCTGAAGGTAACAATAGGC GTTGGAACTGGATTAGCTGAGG 749 
HR96b CTTCATCGCCAACATCTACACC AGCTTCAGGAGACTTGAGACCA 800 
HR96c TGACACATACAAGGGCAACC CTGGTAATGATCGGCATGAG 787 
HR96d TGACGAATAGACTGCCATGC GACCACTTTGGGATCATTCG 797 
HR96e CACTTCAACGGGTTTCATTC AGCATCGGGAGAAAAGGATT 706 
HR96f GCCATCGGAAGATACTTTGG CATTGGAAGCCTGAGTTTTG 488 
HR96g CAGGACTGGCGATGAATTAAC CAAGGAGGAGAACGGAGTTG 418 
HR10 GATGGGTCGCAAAATAATGA ATGCTATTGGCTTTGGATGC 369 
HNF4 GCCATTATTGCCCCATTG GCCCAGGTAACCAAATTCAA 704 
USP/RXR 1 TTCGGGGAAGACAAGTATGTG TCGTAAGCAACCAAGTTCAGT 881 
USP/RXR 2 CAGTTGCGAGGGTTGTAAGG CGCTTCGGGATTGAAAAGTA 661 
HR78 AATGGGAATGCGAGCTGAC CAGTGCTGGGCGGAGTTA 824 
TLL TCATCAGGCAAACATTACGG GGCAAAAGGGTGAGAAACTG 448 
HR51 GCTTGCTTTTCATGGCTGTG GCTGGATTATGACCCTTTTCA 445 
DSF AAGCTCAAGGGGAAGCTCAT GGGTTTACTTGTGGTGCCATT 596 
SVP AACCTCTGAGCCGGACAAGA TGTTTCGTGCCCAGTCAAGG 497 
PNR-like ACCTCCAACCTCATCAGCAT  CAGCAACATCTTTTATCCTCCA  395 
ERR  AGGTTGTGCCTTGTTTGTGGTG TGCGTCCTGTATGCAAGACTGAGTGA 593 
HR38  ACAGCAACAATCCCAGCAAT TTTGATGCCAGTGGTGATTC 438 
HR39 CAACTTTAGGCATTGGTTTTGG TTTGGCACAACAGCTTGATT 817 
HR4  GGACGAAATTCTGGAGCTGT TCTTTTCTCACTTGTCATCATGG  1620 
 
Table 2.2 List of primers used in the transcription confirmation of Tetranychus urticae NRs.  
 
Amplification conditions that were used for these PCRs are 20s at 92°C, 30s at 56°C and 60s 
at 72°C for 35 cycles, preceeded by a 2min annealing step at 94°C and finalized with a 7min 
elongation step at 72°C. Primers that were used for PCR are listed in Table 2.2. Where 
necessary, PCR products were also sequenced to clear up any doubts concerning the correct 
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annotation of the gene. The PCR products were therefore purified using the Cycle Pure kit 
(Omega Bio-Tek, USA) and were then sent for sequencing (Agowa, Germany). 
 
2.4. Phylogenetic analysis 
Whole amino acid sequences, as well as ligand binding domain (LBD)- and DNA-binding 
domain (DBD)-only sequences for the nuclear receptors of a large number of insect species 
were collected from the Genbank database to be compared with the sequences of the 
annotated NRs in the pea aphid, spider mite and bumblebees. The chosen NR sequences were 
then aligned by CLUSTALW2/CLUSTALX2 (Larkin et al., 2007) and the phylogenetic trees 
were made by the neighbor-joining algorithm and confirmed by Maximum Parsimony trees 
using MEGA4 software (Tamura et al., 2007). Bootstrap analysis with 1,000 replicates for 
each branch position was used to assess support for nodes in the tree (Felsenstein, 1985). 
 
3. Results and Discussion 
3.1. Nuclear receptors in Acyrthosiphon pisum 
3.1.1. A. pisum genome encodes 20 nuclear receptor genes 
All available Gene prediction sets (Gnomon, Augustus, Genscan, GeneID) and all available A. 
pisum sequence data were used to identify the NRs in the pea aphid genome. The in silico 
detection of NRs in the genome is greatly facilitated by the strongly conserved DBD and LBD 
regions that characterize these NRs. Blast searches were performed using peptide sequences 
of all known NRs from D. melanogaster, A. mellifera and T. castaneum. As a result, an initial 
20 NR sequences were identified in the A. pisum genome, representing all of the seven NR 
subfamilies. Predicted mRNA sequences and gene models were also manually edited if 
necessary using the Apollo Genome Annotation Curation Tool (Lewis et al., 2002). After 
further analysis, two NR0 sequences turned out to be duplicated Knirps-like (Kni-like) genes, 
which bring the total set of unique NR genes to 19. RT-PCR was used to confirm the presence 
of the transcripts in the transcriptome of the pea aphid. PCR samples were loaded onto a 1.5% 
agarose gel and clear bands with the expected fragment size were obtained for all nuclear 
receptors, except for the hr83 gene. We did not manage to get a conclusive result for this 
nuclear recepor despite using several different primer pairs and testing different PCR 
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conditions. These results proved that, except for this HR83, the complete set of NRs found in 
the A. pisum genome is expressed correctly and none of them are pseudogenes. Table 2.3 
presents all the pea aphid orthologs for each of the previously annotated D. melanogaster 
(King-Jones and Thummel, 2005), A. mellifera (Velarde et al., 2006) and T. castaneum (Tan 
et al., 2008) NRs. Similar numbers of NRs (19-22) were found in other insect genomes.  
 
3.1.2. Nuclear receptors are conserved within Insecta 
All NRs are also structurally very similar to their orthologs. All of them possess a DBD and 
LBD, except for the NR0 subfamily which only contains a DBD. The table also shows the 
amino acid identity percentages between the pea aphid NR sequences and those of the other 
insect species. As could be expected based on previous analyses of NRs, pairwise alignments 
of the conserved domains of D. melanogaster and A. pisum NRs showed a very high (71-99% 
identity) convergence for DBDs while the LBDs were more divergent (26-97%; with 77% 
identity for HR39 being the second highest). The most divergent NRs were HR83 (NR2E5) 
and TLL (NR2E2), while SVP (NR2F3) showed the least divergence.  
 
In general, these results prove that NRs have a very strong conservation among insects and 
that little difference can be seen between the holometabolic and hemimetabolic insects, both 
in sequence similarity and in the repertoire of nuclear receptors they possess, despite the clear 
differences that exist in development of both groups of insects. Even though we expected 
bigger differences based on the evolutionary distances of these species, all pea aphid NRs 
show identity percentages for its ortholog which are similar to those that were reported in 
earlier NR annotation publications where the NRs in T. castaneum and A. mellifera were 
compared with the NRs in D. melanogaster. 
 
The NRs that are part of the 20E regulatory cascade, the ‘early’ gene E75 (NR1D3) and the 
‘early-late’ genes HR3 (NR1F4), HR4 (NR2A4), HR38 (NR4A4), E78 (NR1E1) and FTZ-F1 
(NR5A3) are all present in the pea aphid as well and also show the same kind of convergence 
as reported with other species. One remarkable observation was the extremely high 
conservation of the SVP-LBD among insects, much more than for the other NRs (97%, 96% 
and 99% compared to D. melanogaster, T. castaneum and A. mellifera orthologs, 
respectively).
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NuReBASE Name Product Drosophila Tribolium Apis 
AphidBase 
ID Refseq 
Dm/Ap 
identity % 
Tc/Ap 
identity % 
Am/Ap 
identity % 
        DBD LBD DBD LBD DBD LBD 
NR1D3 Ecdysone-induced protein 75 E75 NP_524133 TC_12440 GB11364 ACYPI007773 XM_001946050 95 58 95 74 95 77 
NR1E1 Ecdysone-induced protein 78 E78 NP_524195 TC_03935 GB30226  ACYPI002307 XM_001952697 96 51 94 60 93 60 
NR1F4 Hormone receptor like in 46 HR3 NP_788303 TC_08909 GB10650  (LOC100162388) 97 53 100 71 100 72 
NR1H1 Ecdysone receptor ECR NP_724456 TC_12112 GB30298 ACYPI001692 XM_001942632 88 63 97 75 99 74 
NR2A4 Hepatocyte nuclear factor 4 HNF4 NP_476887.2 TC_08726 GB11424 ACYPI009409 XM_001946893 88 74 92 78 88 NA 
NR2B4 Ultraspiracle USP/RXR NP_476781 TC_14027 GB16648 ACYPI005934 XM_001947055 92 53 95 72 95 75 
NR2D1 Hormone receptor like in 78 HR78 NP_524203 TC_04598 GB18358 ACYPI004234 XM_001948276 87 33 92 44 93 43 
NR2E2 Tailless TLL NP_524596 TC_00441 GB20053 ACYPI009360 XM_001945880 83 26 83 26 85 26 
NR2E3 Hormone receptor 51 HR51 NP_725457 TC_09378 GB10077 ACYPI007601 XM_001948835 96 67 94 76 94 75 
NR2E4 Dissatisfaction DSF NP_477140 TC_01069 GB14217  (LOC100161040) 93 74 91 82 84 62 
NR2E5 Hormone Receptor 83 HR83 NP_649647 TC_10460 GB17656 ACYPI48102  71 - 84 14 76 28 
NR2F3 Seven up SVP NP_731681 TC_01722 GB17100 ACYPI005513 XM_001943986 96 97 94 96 96 99 
NR3B4 Estrogen-related receptor ERR NP_729340 TC_09140 GB11125 ACYPI009262 XM_001948964 92 52 95 57 95 58 
NR4A4 Hormone receptor like in 38 HR38 NP_477119 TC_13146 GB17814 ACYPI003909 XM_001944676 99 73 97 74 96 71 
NR5A3 Fuchi tarazu transcription factor 1 FTZ-F1 NP_730359 TC_02550 GB16873 ACYPI003708 XM_001945429 99 67 99 77 99 74 
NR5B1 Hormone receptor like in 39 HR39 NP_476932 TC_14986 GB11634 ACYPI006350 XM_001946992 83 77 88 82 89 85 
NR6A1 Hormone receptor 4 HR4 NP_001033823 TC_00543 GB16863 ACYPI008092 XM_001945691 92 58 91 76 92 74 
NR0A2 Knirps-like-1 KNRL-1 NP_788552     TC_03413 GB13710 ACYPI49096  91 - 95 - 91 - 
 Knirps-like-2 KNRL-2 “ “ “  (LOC100168450) 91 - 95 - 91 - 
NR0A3 Eagle EG NP_524206 TC_03409 GB18215 ACYPI48166  87 - 95 - 92 - 
              
NR1J1 Hormone receptor 96 HR96 NP_524493       TC_10645 GB10331 not present not present       
NR2E6 Photoreceptor specific NR ApPNR not present TC_13148 GB17775 not present not present       
NR0A1 Knirps KNI NP_524187 not present not present not present not present       
                           
 
Table 2.3. Nuclear receptors in A. pisum. Genbank IDs of D. melanogaster and A. mellifera orthologs are shown, along with the BeetleBase IDs of the T. 
castaneum NRs. On the right, identity percentages between the DBD and LBD of A. pisum nuclear receptors and the DBD and LBD of D. melanogaster, 
T. castaneum and A. mellifera orthologs are also presented. Identity percentages for NR0 LBDs and D. melanogaster HR83 LBD are missing since these 
receptors lack a LBD. NA: Not available. 
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The latter phenomenon may suggest that the structure of SVP, the insect ortholog of the 
vertebrate chicken ovalbumin upstream transcription factor (COUP-TF), is very critical to its 
function and is under strong selective pressure against amino acid replacements in the LBD of 
the receptor. In D. melanogaster, where two isoforms of this protein are expressed, SVP has 
multiple reported functions. It is required for the development of four of the eight 
photoreceptors that develop in ommatidia of the eye (Hiromi et al., 1993; Begemann et al., 
1995; Kramer et al., 1995), it is a key component in the control of cell proliferation in 
Malpighian tubules (Kerber et al., 1998) and it also has an important role as a regulator in the 
development of neuroblasts by acting upon the Hunchback/Krüppel switch necessary for 
neuroblast differentiation (Kanai et al., 2005). In Aedes aegypti, this protein also has an effect 
on the vitellogenesis by acting as a negative regulator in the ecdysone receptor complex-
mediated transactivation in the fat body (Miura et al., 2002). 
 
3.1.3. Missing nuclear receptors in A. pisum 
Three NRs which were previously found in other insect species seemed to be missing in the A. 
pisum genome: namely the NR1 subfamily member HR96, the NR0 subfamily member 
Knirps (Kni), and PNR-like NR (NR2E6).  
HR96 is an orphan receptor belonging to the NR1 subfamily (NR1J1). It is related to the 
vertebrate vitamin D-receptor (VDR), PXR and CAR, both of which bind a wide variety of 
xenobiotics (Laudet, 1997). HR96 is proven to play a role in the response of D. melanogaster 
and D. pulex to xenobiotics (King-Jones et al., 2006; Karimullina et al., 2012), but a function 
regarding development or metamorphosis has not been identified yet. This NR is sometimes 
considered a part of the 20E signaling cascade and it is known that this ecdysteroid-induced 
NR can bind to the hsp27 20E response element. This suggests that HR96 can compete with 
EcR-Usp for binding to a common set of target sequences (Fisk, 1995). However, since this 
NR has no known hormone ligand, it is difficult to speculate on its actual function regarding 
the ecdysteroid cascade. The absence of this gene suggests its role in this signaling pathway 
as well as a possible role in the response to xenobiotic stress has become redundant in aphids 
or being taken over by one or more other proteins.  
A member of the NR2 group that was initially identified in the honey bee, the NR2E6, and an 
ortholog for vertebrate photoreceptor cells specific nuclear receptors (PNRs), is also missing 
in the A. pisum genome. This gene is missing in the Drosophila genomes as well, although it 
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has been identified in most of the other sequenced insect genomes at this moment, including T. 
castaneum and B. mori. Therefore, the absence of NR2E6 in the A. pisum and Drosophila 
genomes seems to be a secondary loss in these lineages. A function for NR2E6 in the 
development of the compound eye has been proposed based on “in situ” localizations in the A. 
mellifera developing compound eyes. In order to distinguish the different NR2 subfamily 
genes found in the genome, phylogenetic trees were constructed for this entire subfamily. The 
NR2 subfamily tree (Fig. 2.1) clearly confirms the position of HR51, which could be mistaken 
for PNR-like, given both receptors contains a PNR-domain. This confirms that the PNR-like 
receptor found in T. castaneum and A. mellifera is missing in the pea aphid. 
 
The third NR missing in Acyrthosiphon is Knirps (NR0A1). Most insect species, except the 
muscomorphan Diptera to which Drosophila belongs, seem to be missing this Knirps NR. In 
Apis, a third NR0 gene was found, but this seems to be a more recent duplication of knirps-
like or eagle, rather than a homolog of this Drosophila knirps gene. The two other receptors in 
the NR0 group knirps-like (Knrl) and eagle are present in the A. pisum genome. Moreover, we 
identified two paralogs of knirps-like which are recently duplicated, similar as in A. mellifera 
and Pediculus humanus, another species belonging to the Paraneoptera, the superorder 
comprising of all lice (Phthiraptera), true bugs (Hemiptera) and thrips. In Drosophila, knirps 
has been characterized as a transcriptional repressor important for the segmentation pathway 
(Nauber et al., 1988). Analysis of these genes in the honey bee suggested no direct 
involvement during segmentation (Dearden et al., 2006), as is the case in Drosophila. 
However, in the case of T. castaneum, Knrl has been characterized as having specific 
functions during head patterning (Cerny et al., 2008).  
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Figure 2.1 Phylogenetic tree representing the NR2 subfamily members with NR2A, NR2B, NR2D, NR2E 
and NR2F subfamily members from Drosophila melanogaster (Dm), Tribolium castaneum (Tc), Apis 
mellifera (Am) and Acyrthosiphon pisum (Ap). Sequences that were the result from this annotation work 
are underlined in red. This tree was constructed with the neighbor-joining method performed with the 
full-length protein sequences of NR2 subfamily members. The PNR-like NRs found in T. castaneum and A. 
mellifera are also added, although no ortholog in the pea aphid could be found. Bootstrap values as 
percentage of a 1000 replicates >50 are indicated on the tree. On the right, gene groups with official gene 
nomenclature (Nuclear Receptors Nomenclature Committee 1999) are listed.  
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Besides the phylogenetic analysis of the NR0 and NR2 subfamilies, the NRs from the 5 other 
different subfamilies (NR1-NR6) were also examined by phylogenetic analysis and compared 
to their homologs from several different species representing the major insect orders such as 
Lepidoptera, Diptera, Hymenoptera, Coleoptera, and also from Crustacea and Arachnida. This 
phylogenetic analysis demonstrated that many of the NRs of A. pisum show close relationship 
with the NRs of the human louse (P. humanus). This has been observed in the genome-based 
phylogeny analysis as well (International Aphid Genomics Consortium, 2010) and is not 
unexpected since both insects are part of the Paraneoptera superorder. For a number of NRs, 
the T. castaneum sequences showed high convergence with both the A. pisum and P. humanus 
NRs as well. The trees for EcR and RXR are shown in Figure 2.2. Here, we noticed that A. 
pisum NRs generally seem to show a much smaller evolutionary distance to the T. castaneum 
and A. mellifera orthologs than to the Diptera and Lepidoptera NRs, which often cluster 
together in a separate branch, in some cases even branching off before the Crustacea and 
Arachnida. This deviation from the normal topology for some NRs is due to a long branch 
attraction caused by an acceleration of evolutionary rate in the Mecopterida line (Diptera + 
Lepidoptera). This is consistent with the earlier findings of Bonneton et al. (2008) who have 
discovered that a number of NRs in Mecopterida species (Diptera + Lepidoptera), including 
EcR, USP, E78, HR78 and HR83 have undergone a large increase in evolutionary rate. This 
acceleration is especially clear in the trees for EcR and USP (Fig. 2.2). Other examples can be 
seen in Fig. 2.1 as well where the more conserved Tll, HNF4 and SVP show a normal 
phylogeny while the more rapidly evolving HR83 and HR78 exhibit a similar deviation from 
normal topology as EcR and USP.  
 
3.1.4. Nuclear receptors involved in the 20E regulatory cascade in A. 
pisum 
The 20E signaling cascade, as mentioned earlier in this work, is involved in 
moulting/metamorphosis and development. A possible role in insect polymorphism, which is 
one of the aphid’s most remarkable features, has been proposed as well, but little information 
on their involvement is known at this point (Hartfelder & Emlen, 2012). The NRs play a very 
important role in this ecdysteroid signaling pathway. Binding of 20E to the EcR-USP 
heterodimer is the start of this signal. 
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Figure 2.2 Phylogenetic tree of the EcR (A) and RXR (B) for a number of arthropod species, including the 
Acyrthosiphon pisum EcR and RXR from this study (underlined in red), clearly showing the atypical 
phylogeny due to the long branch attraction caused by the increase in evolutionary rate in the 
Mecopterida group. Support for the branches is indicated as a percentage of 1000 bootstrap replicates of 
neighbor-joining. The Homo sapiens sequence used in the EcR tree is the farnesoid X receptor, the 
mammalian ortholog of the insect EcR. 
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This complex, after binding to the hormone, will immediately start inducing expression of a 
number of ‘early’ genes, including Broad and the nuclear receptor E75. The products of these 
‘early’ gene will then be responsible for the upregulation of a set of ‘early-late’ genes, 
including HR3, HR4, E78 and HR39. Through FTZ-F1, this signal will then be passed on to 
induce expression of the ‘late’ genes. So far, most attention in this field has gone to 
holometabolous insects, which undergo a pupal metamorphosis stage. No extensive set of 
NRs for a hemimetabolous insect had been identified until now. Even though the pea aphid 
still undergoes several larval stages, one could wonder if there would not be any differences 
between the molting processes of hemi- and holometabolous insects. 
 
Except HR96, all of the NRs involved in the 20E regulatory cascade proved to be present, not 
only in the genome of pea aphid, but also in its transcriptome, indicating they are expressed 
correctly. Only the hr96 gene, which was discussed above, is missing from this set of 
ecdysone-inducible NRs. Since its function in the molting/metamorphosis processes is still 
unclear, speculation about the implications for the entire pathway are very difficult to make. 
For EcR, two isoforms were found, EcR-A and EcR-B. Both products differ in the A/B-
domain, as is the case with most insect EcRs including Drosophila for example.  
 
3.2. Nuclear receptors in Bombus 
3.2.1. B. terrestris and B. impatiens contain 22 NRs  
The nuclear receptors in two Bombus species were identified and presented here. In both 
bumblebee genomes, a total of 22 NRs was discovered (Table 2.4). Very little difference was 
found between both sets of nuclear receptors. Even at the nucleotide level, sequences for NRs 
in both species were almost identical. Therefore, the focus here will be on B. terrestris NRs. 
The set of NRs present in bumblebees is similar to that in the honeybee A. mellifera, 
annotated by Velarde et al. (2006). All NRs identified in the honeybee are also present in the 
bumblebee genome. Furthermore, sequence identity between both species was relatively high 
compared to other insects. Average identity percentages between A. mellifera and B. terrestris 
are 99.4% for the DBD (Min 95% ; Max 100%) and 97.8% for the LBD (Min 87%; Max 
100%). In comparison, average sequence identity between B. terrestris and Drosophila NRs 
was 91% (Min 75% ; Max 100%) and 64% (Min 29%; Max 99%) for DBD and LBD 
sequences, respectively.  
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NuReBASE name Product Drosophila Apis Dm/Bt Am/Bt 
          DBD LBD DBD LBD 
NR1D3 Ecdysone-induced protein 75 E75 NP_524133 GB11364 100 60 100 100 
NR1E1 Ecdysone-induced protein 78 E78 NP_524195 GB30226  91 58 100 98 
NR1F4 Hormone receptor like in 46 HR3 NP_788303 GB10650 97 65 100 100 
NR1H1 Ecdysone receptor ECR NP_724456 GB30298 89 68 100 96 
NR1J1 Hormone receptor 96 HR96 NP_524493 GB10331 76 67 100 97 
NR2A4 Hepatocyte nuclear factor 4 HNF4 NP_476887.2 GB11424 96 76 NA NA 
NR2B4 Retinoid X Receptor RXR NP_476781 GB16648 92 56 100 99 
NR2D1 Hormone receptor like in 78 HR78 NP_524203 GB18358 93 29 100 100 
NR2E2 Tailless TLL NP_524596 GB20053 85 42 99 87 
NR2E3 Hormone receptor 51 HR51 NP_725457 GB10077 99 67 100 100 
NR2E4 Dissatisfaction DSF NP_477140 GB14217 84 58 100 97 
NR2E5 Hormone Receptor 83 HR83 NP_649647 GB17656 75 - 97 - 
NR2E6 Photoreceptor specific NR PNR-like not present GB17775 NP NP 100 94 
NR2F3 Seven up SVP NP_731681 GB17100 97 99 100 99 
NR3B4 Estrogen-related receptor ERR NP_729340 GB11125 96 56 100 99 
NR4A4 Hormone receptor like in 38 HR38 NP_477119 GB17814 96 76 100 99 
NR5A3 Fuchi tarazu transcription factor 1 FTZ-F1 NP_730359 GB16873 100 75 100 99 
NR5B1 Hormone receptor like in 39 HR39 NP_476932 GB11634 88 80 97 100 
NR6A1 Hormone receptor 4 HR4 NP_001033823 GB16863 97 60 100 99 
NR0A2 Knirps-like KNRL NP_788552 GB13710 88 - 99 - 
NR0A3 Eagle EG NP_524206 GB18215 86 - 96 - 
NR0A4 AmKnirps-like  AmKni-like    GB15945 NP - 100 - 
         
 
Table 2.4 Nuclear receptors in B. terrestris and B. impatiens. Genbank IDs of D. melanogaster and Ensembl 
IDs of A. mellifera homologs are shown. On the right, identity percentages between the DBD/LBD of B. 
terrestris NRs and the DBD/LBD of D. melanogaster and A. mellifera orthologs are also presented. Identity 
percentages for NR0 LBDs and D. melanogaster HR83 LBD are missing since these receptors lack a LBD. 
NP: Not present; NA: Not available 
 
One of the most remarkable discoveries in the Apis genome was the presence of a NR which 
had not been found in Drosophila, namely a photoreceptor-cell specific nuclear receptor-
related protein (PNR-like; NR2E6). Since its first discovery in the honeybee, it has been 
found in other insects as well, such as T. castaneum (Tan et al., 2008) and B. mori (Cheng et 
al., 2008) and also in other Diptera species such as Anopheles and Aedes. In the B. terrestris 
genome, a homolog of this NR2E6 gene was found as well.  
 
3.2.2. Three E75 isoforms found in B. terrestris 
Three different E75 isoforms (E75C, E75D and E75E) were identified in this NR set. In the 
honeybee, no information about possible E75 isoforms is available while in A. aegypti three 
isoforms are described (A, B and C), in D. melanogaster, Manduca sexta, and B. mori there 
are four (A, B, C and D) and the cockroach Blattella germanica contains five different 
Chapter II 
- 74 - 
 
isoforms (A, B, C, D and E) (Bialecki et al., 2002; Dubrovskaya et al., 2004; Matsuoka & 
Fujiwara, 2000; Pierceall et al., 1999; Swevers et al., 2002b; Mané-Padros et al., 2008).  
 
For two Bombus E75 isoforms, BterE75C and BterE75E, the difference is confined to the A/B 
domain. The third isoform however, BterE75D, shows an alternative A/B-domain, lacks the 
DBD domain and splices right into the hinge region, rendering this NR incapable of binding 
to DNA. Alignments with E75 sequences from Drosophila and Blattella helped us identifying 
the different B. terrestris isoforms. Indeed, DmE75D and MsE75D, which have been 
described by Dubrovskaya et al. (2004) as well as BgE75D (Mané-Padros et al., 2008) are 
also missing their DBD and show high conservation in the isoform-specific N-terminus with 
BterE75D (Fig. 2.3). We did not manage to find Bombus-isoforms similar to the A- and B-
isoforms. 
 
The role of E75 has been investigated into detail first in Drosophila and later also in the 
hemipteran Blattella. Isoform-specific null mutants in the fruit fly revealed distinct functions 
during development and specific roles in the ecdysteroid signaling cascade. DmE75A mutants 
die during development between embryo and pharate adults, and some of these larval mutants 
showed very low titers of ecdysteroids, suggesting that this receptor works as a positive 
feedback mechanism on ecdysteroid production. DmE75C mutants die as pharate adults or 
soon after adult emergence while DmE75B mutants are viable (Bialecki et al., 2002). In the 
hemipteran cockroach Blattella, the five different E75 isoforms show a specific 20E 
responsiveness as well, although the expression patterns during embryonic and nymphal 
development are a bit more complex compared to Drosophila. There seem to be complex 
repressive interactions between the different isoforms (Mané-Padros et al., 2008; Martin, 
2010). However, the expression patterns of the different isoforms are more complex 
compared to Drosophila. In the honeybee A. mellifera, E75 was found to be involved in 
reproduction physiology as well, yet no different isoforms have been described so far (Paul et 
al., 2006). 
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Figure 2.3 Amino acid alignment showing the 5’ end of the E75 protein isoforms in Drosophila 
melanogaster (Dm), Bombus terrestris (Bter), Manduca sexta (Ms) and Blattella germanica (Bg). (A) shows 
the specific N-terminal end of the E75D isoforms and (B) shows part of the A/B domain, the complete 
DBD and the start of the hinge region, including the common part of all E75 isoforms. Zinc fingers are 
indicated. Amino acid letters are coloured according to amino acid properties (BioEdit default colour 
scheme). 
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3.2.3. B. terrestris possesses three NR0 genes 
A challenging task was to elucidate the relationships between three discovered NR0 receptors. 
While so far only the brachyceran flies such as the fruit fly and the house fly are regarded as 
possessing three different NR0 genes (Knirps, Knirps-like and Eagle), the honeybee has three 
NR0 genes in its genome as well. In the original honeybee NR annotation paper, the authors 
thought the set of NR0 genes was the same as the three Drosophila NR0 genes. However, 
recent genome sequencing of other insects species has revealed that most insects only possess 
two NR0 genes. The current consensus is that in the brachyceran flies and in the honeybee 
lineages, two independent gene duplications have given rise to a set of three NR0 nuclear 
receptors. Indeed, as the phylogenetic tree in Figure 2.4 points out, this third hymenopteran 
NR0 protein, named AmKni and BterNR0A here, does not seem to be very closely related to 
DmKni and branches off somewhere between the the Eagle- and Knrl-group.  
 
 
Figure 2.4 Phylogenetic tree of the NR0 subfamily, containing all NR0 receptors of D. melanogaster (Dm), 
T. castaneum (Tc), Apis (Am) and  B. terrestris (Bter). The sequences that were identified in the B. terrestris 
genome are underlined in red. The human NR0 sequences were used as an outgroup. Support for the 
branches is indicated as a percentage of 1000 bootstrap replicates of neighbor-joining.  
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Additionally, the lack of LBD in this particular case makes phylogenetic analysis even more 
difficult as well since the presence of a moderately conserved domain often provides a good 
resolution in phylogenetics. One other possibility is that this third NR0 gene is a pseudogene, 
as was suggested by one of the automatic gene prediction algorithms. Moreover, all three 
genes are located very close to each other on the same scaffold, as is the case in Apis as well. 
Confirmation of expression by RT-PCR for example could give some clarity on this matter. 
 
3.2.4. Annotation of HR83 
A nuclear receptor that was particularly difficult to annotate was HR83. The automatic 
predictions gave rise to two possible gene models (HR83-RA and HR83-RB). HR83-RA 
contained an extra exon around the DBD while HR83-RB contained an intron further 
downstream. Examining the DBD of both models, it was clear that the extra exon which was 
present in HR83-RA was a necessary one, since it contained the highly conserved T/A-box of 
the DBD. However, there was EST evidence for both models and the fact that the LBD of 
HR83 is notoriously unconserved did not make things easier. Therefore, also since no 
occurrence of isoforms is reported in other species for this NR, both models were merged. 
Figure 2.5 gives a schematic representation of both the original models (RA- and RB-
transcripts), as well as the final proposal (HR83-RD). RT-PCR will have to confirm this 
model. 
 
 
 
Figure 2.5 Schematic representation of the two original gene models (RA and RB in blue), as predicted by 
automatic prediction algorithms and the final model (RD, in blue), chosen based on alignment and domain 
structure data, as well as EST support (yellow). 
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3.3. Nuclear receptors in Tetranychus urticae 
3.3.1. T. urticae has 30 nuclear receptors 
In this T. urticae genome, a total of 30 NRs were identified, representing all 7 of the known 
nuclear receptor subfamilies (Table 2.5). Most of these NRs were until now never identified 
in chelicerates. In this genome search, all available gene prediction sets (EuGene3.4, 
GenomeThreader and SpliceMachine) and all available T. urticae genomic databases were 
used to identify the NRs for this two-spotted spider mite. tBLASTN searches were performed 
using the available protein sequences of known NRs in H. sapiens, D. melanogaster, D. pulex 
and C. elegans and as a result, a set of 30 nuclear receptors was identified. Two of these NRs 
(HR38a and HR38b, NR4A4) were found in close proximity as tandem repeats, leaving us 
with 29 unique NRs. Multiple sequence alignments were made to compare these sequences to 
other arthropod, mammal or nematode NR sequences and to check the automatic annotations 
retrieved by the gene prediction software. When necessary, corrections were made to the gene 
models. For some nuclear receptors, fragments were also amplified by reverse transcriptase 
PCR (RT-PCR) and subsequently sequenced for confirmation. 
 
When comparing this set of nuclear receptors with those found in most insect species, we 
notice first of all that homologs of most insect nuclear receptors are also present in this 
chelicerate species, suggesting that these particular nuclear receptors could be present 
throughout the arthropod phylum. A significant difference however between this chelicerate 
set of nuclear receptors and those of insects is the total number of nuclear receptors. The 
higher number of T. urticae NRs (30) compared to insects (19-22) is mainly the result of an 
expansion of the NR1 family. This is mainly due to an increase in HR96-like proteins. 
Additionally, a homolog for the recently discovered Dappu-HR10 (NR1M) NR in D. pulex 
(Thomson et al., 2009) was found in this arthropod as well.  
 
3.3.2. Conservation of nuclear receptors within arthropods is high 
Examining the sequence similarity (Table 2.5), we can see that the DBD/LBD sequence 
identity percentages between Drosophila and Tetranychus NRs (DBD: min 49%; max 98%; 
average 78.8% and LBD min 17%; max 80%; average 47%) is not so different compared to 
those between Daphnia and Tetranychus (DBD: min 47%; max 99% ; average 78.6% and 
LBD min 20% ; max 76%; average 48.9%) but somewhat lower than those found between 
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two insect species such as Drosophila and Acyrthosiphon (DBD: min 71%; max 99%; average 
90.7% and LBD min 26%; max 97%; average 61%). Nevertheless, these similarities prove 
that these domains are highly conserved throughout the arthropod phylum and even between 
this chelicerate species and human homologs (DBD: min 60%; max 89%; average 80.2% and 
LBD min 30%; max 77%; average 49.2%) the NRs show a high degree of conservation.  
 
3.3.3. The high number of NRs is caused by a NR1 subfamily expansion 
The difference in the number of total NRs between this spider mite and other arthropods lies 
in an expansion of the NR1 subfamily. In this group, a cluster of 8 HR96-like NRs (NR1J 
group) was identified, whereas insects usually have one HR96 product. In the water flea D. 
pulex, a similar expansion in the NR1 group was discovered as well, albeit a smaller one. 
Thomson et al. (2009) found five new NR1 genes previously not found in other arthropods. 
Two of these NRs showed no relation to any known nuclear receptor in the arthropod world 
(HR10 and HR11) and three others seemed distantly related to the HR96 receptors but were 
considered divergent enough to be considered novel receptors. They were called HR97a, 
HR97b and HR97g.  
 
It is not completely clear whether all these extra HR96-like receptors in Tetranychus should 
really be considered HR96 orthologs or whether at least some of these warrant a new type of 
NR1 receptor or even a new subgroup in this NR1 subfamily. The divergence between these 
NRs was found to be significant and phylogenetic analysis did not offer complete clarity. 
Neighbour joining trees using full sequences and LBD-only sequences of the NR1 receptors 
suggested all eight HR96 candidates group together in one big clade with the insect HR96s, 
but none of them were positioned particularly close to the HR96s in Daphnia or insects (Fig. 
2.6). Significant evolutionary distances between each other and also to the insect HR96s were 
observed Additionally, identity percentages were relatively low. The tree did however suggest 
that they should not be considered as homologs of the Dappu-HR97 group. At this point, 
based on the knowledge available, we propose that all eight extra NRs can be considered to be 
part of the HR96 group, but a clearer view on the position of these receptors and on the 
evolutionary history of this group could be provided by more available data from other 
chelicerate and crustacean species. 
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Figure 2.6 Neighbour Joining tree for the NR1 subfamily. Compressed subtrees contain sequences from D. 
melanogaster, A. mellifera, T. castaneum, D. pulex and the T. urticae. Sequences that were the result of this 
annotation work are underlined in red.. The NR4-member HR38 was used as an outgroup. On the right, 
nuclear rececptor subfamilies are indicated. Bootstrap values as percentage of 1000 bootstrap replicates 
>50 are indicated on the tree. 
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NuReBASE name Product Drosophila Daphnia Tetur# Dm/Tu Dp/Tu 
            DBD LBD DBD LBD 
NR1D3 Ecdysone-induced protein 75 E75 NP_524133 442814 tetur19g00650 98 54 99 65 
NR1E1 Ecdysone-induced protein 78 E78 NP_524195 442769 tetur07g04810 95 56 98 51 
NR1F4 Hormone receptor like in 46 HR3 NP_788303 442731 tetur03g08440 92 42 96 40 
NR1H1 Ecdysone receptor ECR NP_724456 319648 tetur01g15140 88 62 95 67 
NR1J1 Hormone receptor 96a HR96a NP_524493 442778 tetur34g00750 68 42 68 43 
NR1J1 Hormone receptor 96b HR96b " " tetur30g01210 59 28 53 30 
NR1J1 Hormone receptor 96c HR96c " " tetur17g03630 69 42 67 44 
NR1J1 Hormone receptor 96d HR96d " " tetur01g07820 56 25 56 35 
NR1J1 Hormone receptor 96e HR96e " " tetur20g01820 51 28 48 28 
NR1J1 Hormone receptor 96f HR96f " " tetur04g03100 54 31 50 34 
NR1J1 Hormone receptor 96g HR96g " " tetur11g01960 54 19 47 20 
NR1J1 Hormone receptor 96h HR96h " " tetur36g00260 49 - 49 - 
NR1M1 Hormone Receptor 10 HR10 - 442777 tetur01g10970 NP NP 21 55 
NR2A4 Hepatocyte nuclear factor 4 HNF4 NP_476887.2 442738 tetur05g04280 86 68 82 59 
NR2B4 Retinoid X Receptor RXR NP_476781 442727 tetur31g01930 92 53 92 75 
" " " " 
 
tetur01g09240 95 51 94 70 
NR2D1 Hormone receptor like in 78 HR78 NP_524203 442757 tetur30g02190 78 33 82 60 
NR2E2 Tailless TLL NP_524596 442885 tetur08g01210 81 - 80 - 
NR2E3 Hormone receptor 51 HR51 NP_725457 442739 tetur01g11040 86 61 84 54 
NR2E4 Dissatisfaction DSF NP_477140 442884 tetur01g02690 84 57 86 53 
NR2E5 Hormone Receptor 83 HR83 NP_649647 - tetur01g07700 69 - NP NP 
NR2E6 Photoreceptor specific NR-like PNR-like - - tetur03g02550 NP NP NP NP 
NR2F3 Seven up SVP NP_731681 442743 tetur04g01460 97 80 93 76 
NR3B4 Estrogen-related receptor ERR NP_729340 442810 tetur28g00490 93 52 96 47 
NR4A4 Hormone receptor like in 38 HR38 NP_477119 442749 tetur10g04690 92 55 95 50 
     
tetur10g04710 92 56 95 51 
NR5A3 Fuchi tarazu transcription factor 1 FTZ-F1 NP_730359 442811 tetur08g06490 96 63 97 65 
NR5B1 Hormone receptor like in 39 HR39 NP_476932 442817 tetur11g04570 85 58 89 59 
NR6A1 Hormone receptor 4 HR4 NP_001033823 442822 tetur07g00140 85 34 92 48 
NR0A1 Knirps KNI NP_524187 - not present NP NP NP NP 
NR0A2 Knirps-like-1 KNRL-1 NP_788552 290673 tetur34g00430 81 - 88 - 
NR0A3 Eagle EG NP_524206 - not present NP NP NP NP 
                    
 
Table 2.5 Nuclear receptors in T. urticae. Genbank IDs of D. melanogaster are shown, along with the Wfleabase IDs of the D. pulex NRs. On the 
right, identity percentages between the DBDs and LBDs of T. urticae NRs and the DBDs and LBDs of D. melanogaster and D. pulex orthologs are 
also presented. Missing identity percentages for the LBD of some NRs are due to the fact that these receptors have no canonical LBD. NP: Not 
present. 
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It is difficult to speculate on the biological meaning of this NR1J expansion. As mentioned 
earlier, HR96 is closely related to the vitamin D receptor (VDR), PXR and CAR. These NRs 
play an important role in regulating expression of genes involved in xenobiotic/drug 
metabolism in vertebrates (Pascussi et al., 2008). In Drosophila and Daphnia, an involvement 
in the response to xenobiotics has been observed as well (King-Jones et al., 2006; Karimullina 
et al., 2012) and very recently, Dermauw et al. (2013) found that one of these HR96 genes 
(HR96h; Tetur36g00260) is involved in the adaptation of the two-spotted spider mite to a new 
host plant. Since the two-spotted spider mite is known for its extreme adaptability to its 
environment, this extra set of HR96-like receptors could be one of the many adaptations this 
mite has developed during its evolution to cope with various problems. Indeed, spider mites 
are known for their extreme polyphagous nature but also for developing resistance to 
pesticides very easily and rapidly. Gene expansions like these could play a role in this 
potential of the spider mite to adapt itself. The expansion could for example indicate that 
these nuclear receptors have developed more specialized functions that have been integrated 
in more broadly acting NRs in insects for example. On the other hand, the fact that also in 
Daphnia the presence of a group of similar NRs is observed could mean that this is a trait that 
is shared by most non-insect arthropods and that has been lost in the order of Insecta. Only 
more data and full sets of NRs from other non-insect arthropods will provide the necessary 
information to clear this up. 
 
A remarkable observation in Daphnia was the presence of two new NRs that do not associate 
to any of the NR1 groups known until now. They were coined HR10 and HR11, and were 
assigned to new NR1M and NR1N groups, respectively. In Tetranychus, a receptor was found 
which clustered together with the Daphnia HR10 (Fig. 2.6). Blast searches pointed towards 
the vertebrate RAR (NR1B subfamily) as the closest known NR for these HR10s, but 
phylogenetic analysis clearly showed they form a separate clade and the evolutionary 
distances between these were relatively large (Thomson et al., 2009). Even both HR10 
sequences of Daphnia and Tetranychus seem to be quite divergent, showing only 24% 
identity in total and 55/21% for DBD/LBD, respectively.  
 
3.3.4. T. urticae possesses two distinct RXR paralogs 
Another remarkable finding was the presence of two different RXR paralogs (NR2B4), 
whereas insects, crustaceans and also mammals have only one RXR/USP product. In the 
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Ixodid tick Amblyomma americanum, the presence of two RXR products had also been 
reported (Guo et al., 1998; Palmer et al., 1999). The fact that the spider mite also possesses 
two RXR products suggests this is a shared feature at least in the Acari subclass. Both RXRs 
will be analyzed in more detail in Chapter III, where the ecdysone receptor will be discussed. 
 
3.3.5. HR83 and Tll LBDs exhibit a low evolutionary constraint 
Two NRs were found which at first sight seem to be missing a LBD based on domain 
searches against the pfam database. Sequence similarity of their DBD points to two NR2 
subfamily members; a tailless-like (Tll) product and a Hormone Receptor 83-like product 
(HR83). Even though these NRs do not seem to possess the canonical structure or the typical 
LBD-domain, we have decided to categorise them as Tll and HR83 due to the fact that the 
DBD is sufficiently conserved. In Drosophila and Tribolium, no typical LBD was identified 
for HR83 as well and the LBD for both genes is notoriously unconserved throughout the 
insect class. In Vertebrata, the Tll homolog TLX is considered a true orphan, meaning it does 
not bind to a ligand. Whether this is the case in insects as well still remains to be seen, but it 
could be a possible explanation for this fast evolving LBD in this receptor. For HR83, which 
is an arthropod-specific NR, and has no vertebrate ortholog, nothing is known about possible 
ligands. But whether or not these two NRs are true orphans, the loss of this possible ligand 
binding capacity is difficult to determine based on sequence data alone.  
In the NR0 group, only one NR was found in Tetranychus. Phylogenetic data suggested it is 
the knrl gene, which means that the Eagle NR, which is present in all insects and in the 
crustacean Daphnia, is missing in this chelicerate. 
 
3.3.6. Confirmation of transcription of NR genes 
In order to confirm expression of these NR genes, RT-PCR was performed. Of all the 30 NR 
genes found in this genome, 25 genes were picked up by PCR and showed clear bands with 
the expected fragment size on agarose gel (data not shown). Despite several attempts using 
different primer pairs and a wide range of PCR conditions, we did not manage to pick up four 
receptors for expression confirmation, namely HR96h, FTZ-F1, KNRL and HR83. In the case 
of FTZ-F1 and KNRL, there is enough EST/cDNA evidence that shows both receptors are 
expressed in the spider mite. Furthermore, HR96h has been shown to be expressed as well in 
a large microarray study (Dermauw et al., 2013). For HR83 however, EST data is missing as 
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well. This could mean that this gene is not expressed, but it could also be due to the fact that 
its expression is very low and/or very stage- or tissue-specific. Another possibility is that this 
gene is only expressed in certain conditions or after certain events. In the case of HR83, this 
seems to be a shared trait in many arthropods. In Acyrthosiphon, the HR83 could not be 
detected by RT-PCR and the same was reported for Drosophila as well (Sullivan and 
Thummel, 2003).  
 
In some cases where the annotation was problematic or where there was doubt concerning the 
correct annotation, fragments were also sequenced to confirm the gene predictions and 
exon/intron structures. This was the case for TuDSF, TuEcR, TuERR, TuHR4 and TuE78. In 
the case of HR4 for example, a predicted protein was found which is very different from its 
insect homologs. Especially in the A/B-domain the divergence was relatively high and some 
regions that are typically conserved in insect HR4s exhibited deleterious mutations in the 
Tetranychus HR4 receptor. The DBD seemed to be intact but the LBD contained some large 
insertions and was very divergent from insect HR4-LBDs altogether (Fig. 2.7). Sequence 
identity between TuHR4 and DmHR4 LBDs was 34%, which is much lower than what is 
normally seen for this receptor between insect species. In order to confirm this surprising 
divergence in the sequence of BterHR4, the transcript was sequenced. 
 
Surprisingly, the sequencing confirmed the automatic annotation, including the large 
insertions in the LBD, which is otherwise well conserved between TuHR4 and orthologs in 
other arthropods. What the implications are towards the function of this receptor remains to be 
seen. In insects, HR4 has been identified as a crucial element in the ecdysteroid signaling 
cascade. In Blattella, it is vital for the normal development during the nymphal stages (Mané-
Padros et al., 2012). It is involved in downregulating some early genes such as e75 and hr3 
and is required for the transcriptional activation of the late gene  encoding for FTZ-F1 (King-
Jones et al., 2005; Martin et al., 2010). Whether HR4 has a ligand or whether it is a true 
orphan receptor is not known at this time and this divergence in LBD could suggest that 
ligand binding is not a strict requirement for the activation of this receptor. On the other hand, 
in most insects a significant degree of conservation has been observed in this domain, which 
could suggest that the HR4-LBD is under evolutionary constraints. Also, one must be careful 
with such hypotheses based on sequential data alone. The 3D-structure of the ligand binding 
domain of the protein could tell us much more on that account.  
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Figure 2.7 Partial amino-acid alignment of the HR4-LBD region. Residues which are identical in 4 or 5 sequences are colour-shaded to indicate conserved 
regions. HR4 sequences used in this alignment are from T. urticae (TuHR4), D. melanogaster (DmHR4), T. castaneum (TcHR4), A. mellifera (AmHR4) and A. 
pisum (ApHR4). The alignment shows two regions (residues 1228 – 1360 and residues 1500-1527) which are very conserved in insects but not in T. urticae. 
Amino acid letters are coloured according to amino acid properties (BioEdit default colour scheme). Residues for which at least 4 of the 5 sequences are 
conserved have their background coloured.  
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In the case of EcR, the automatic annotation was very dubious and it was not immediately 
clear how to manually correct this model. Two automatic gene prediction models were 
created which possessed some elements of the EcR. It was clear that both predictions had to 
be combined in order to puzzle together the complete receptor. Amplification of the receptor 
and subsequent sequencing helped to finish this annotation with certainty. Also for E78 and 
ERR, which both showed some remarkable differences compared with insects (deletion in 
DBD and a 10AA-long insertion in the conserved LBD, respectively), sequencing was 
performed in order to confirm these remarkable differences with insect homologs. In the case 
of E78, sequencing proved that the automatic prediction and the predicted deletion in the 
DBD was incorrect. The insertion in the ERR LBD however was confirmed. 
 
4. Conclusion 
The annotation results presented in this chapter, which consisted for a large part of ‘in silico’ 
work, provided a large volume of new information about nuclear receptors in the Arthropoda 
phylum and delivered a basis on which further research, for example into the functionality of 
these genes, can be based on. We investigated the differences between holometabolous and 
hemimetabolous NR sets, as well as that from a chelicerate and found interesting differences. 
Figure 2.8 gives a general overview of the NRs found in these investigated species, as well as 
in some other model insects or other taxonomic groups within the Arthropoda.  
 
One of the first general conclusions that can be drawn from these results is that on one hand 
the conservation in nuclear receptors at the amino acid level between distantly related species 
can be high, especially for the DBD and LBD, while on the other hand arthropods have 
created significant variation in this superfamily during evolution through lineage-specific 
gene losses and gene expansions. One of the most striking examples of the latter is the NR1 
gene expansion in T. urticae. Lineage-specific gene expansions are considered to be important 
means of creating functional diversity and adaptability (Lespinet et al., 2002) and given the 
enormous adaptability of the two-spotted spider mite towards xenobiotics, it might not be a 
big surprise that this HR96-group, which is implied in the response towards xenobiotics in 
Drosophila and in the crustacean Daphnia (King-Jones et al., 2006; Karimullina et al., 2012), 
is expanded. Also in Daphnia, an extra NR1 group was found, somewhat similar though 
smaller to the one in Tetranychus. Moreover, one of these HR96 genes has already been 
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shown to be involved in the spider mite’s adaptation arsenal when it was observed to be 
upregulated more then twofold when adapting to a new plant (Dermauw et al., 2013). 
Whether or not we are dealing with lineage-specific expansions in some Chelicerata and 
Crustacea groups, or with secondary losses in the Insecta class is difficult to determine 
without more information from all Arthropoda groups. If these expansions are seen 
throughout the Chelicerata and Crustacea, it could imply that the common arthropod ancestor 
had multiple of these NR1J/L/M/N receptors, and somewhere during the evolution from the 
common bilaterian ancestor to this common arthropod ancestor, there was a duplication event 
of these NRs. 
 
 
Figure 2.8 Schematic representation of the NR distribution in insects. Holometabolous (Holo) lineages are 
highlighted in pink; Para: Paraneoptera. On the bottom, a tree indicates the evolutionary relationships 
between the 22 groups of insect nuclear receptors. For each nuclear receptor, a colored box indicates its 
presence in a taxonomic group. Questions marks: no sequence data. Red cross: absence of a nuclear 
receptor in a sequenced genome. *: For the sake of simplicity, the groups NR1M and NR1N, as well as the 
three Daphnia HR97 genes are shown here as duplicates of HR96. Modified after Bonneton & Laudet 
(2012). 
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Another question was whether or not there would be large differences in the sets of NRs 
between holometabolic and hemimetabolic insects, especially in the ecdysteroid signaling 
cascade. Based on the results of this A. pisum search, no such differences were found. No NRs 
were found in Acyrthosiphon which were previously not identified in most of the 
holometabolic species as well. The only differences were two gene losses (HR96 and PNR-
like). The loss of the former could have implications on moulting and metamorphosis, since it 
can interfere in the ecdysteroid signaling cascade, but its exact role or effect there is still 
unknown, making it difficult to speculate on this. At the moment, no complete NR sets from 
other hemimetabolous species have been fully annotated and described. Therefore, it is 
impossible to declare with certainty that these are secondary losses in the aphid or maybe 
even hemipteran lineages. Interestingly, the similarities between hemi- and holometabolic 
species were observed not only for the NRs, but throughout all developmental gene families. 
One of the important factors in pupal formation for example, broad, proved to be present in A. 
pisum as well, despite the fact that this insect has no pupal stage. Also for the genes involved 
in complex eye development for example, which is different for holometabolic insects 
compared to hemimetabolic species, an identical set of genes was found as in Drosophila 
(Shigenobu et al., 2010). This might imply that the differences in development between both 
insect groups are regulated more subtly than just as a result of a different repertoire of nuclear 
receptor genes. 
 
Another intruiging story is the case of the two different RXR proteins found in Tetranychus. 
Apart from a species of ticks, which also belong to the subclass of Acari, no other arthropods 
are known at this time that possess two different RXR genes. Whether this is a trait that is 
shared amongst all chelicerates, or whether it is a more recent duplication in the Acari lineage 
is an interesting question because presence throughout the chelicerates could imply that the 
common arthropod ancestor had two rxr genes and that one was lost in the large Mandibulata 
clade comprising Crustacea and Insecta. Both RXR proteins will be discussed into more detail 
in the next chapter. 
 
While this analysis answered some questions, many new ones concerning the evolution of 
nuclear receptors can be raised based on these results. Most of these can in their turn be 
answered based on more information from other taxonomical groups for which little is known 
at this time concerning NRs. The rapid progression in the field of genome sequencing will 
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make sure that in the next decade or so, many more of these gaps will be filled and more 
permanent conclusions can be drawn. 
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1. Introduction 
The functional ecdysone receptor is a heterodimer formed by two nuclear receptors, EcR and 
USP/RXR. These two are by far the best described nuclear receptors (NRs), mainly because 
an important class of insecticides, the dibenzoylhydrazines (DBHs), targets this receptor. 
These compounds are known for their strong activity against many Lepidoptera while many 
species in the Coleoptera or Diptera seem to show a much lower susceptibility (Wurtz et al., 
2000). One of the reasons for this selectivity, at least in some insects, seems to be the fact that 
the ecdysone receptor does not facilitate binding with these non-steroid ecdysone-agonists. 
Indeed, despite the strong conservation of the EcR ligand binding domain (LBD), small 
changes in the amino acid sequence can be enough to affect the size and shape of the ligand 
binding pocket (LBP) (Kasuya et al., 2003). In this chapter, we will have a closer look at both 
NRs that form this heterodimer and in particular EcR. The annotation, characterization and 
modeling of the receptor of both the insect Acyrthosiphon pisum, as well as the chelicerate 
Tetranychus urticae will be presented. Additionaly, in silico docking experiments with 
ligands 20-hydroxyecdysone (20E) and ponasterone A (PonA) will be reported as well. 
 
2. Material and Methods 
2.1. Sequence analysis 
Sequences for A. pisum, Bombus terrestris and T. urticae EcR and RXR/USP were obtained 
during the annotation work (Chapter II). They were subsequently used in sequence alignments 
together with the EcR and RXR/USP sequences of several other species belonging to different 
Arthropoda orders, retrieved from Genbank. Alignments and the calculation of sequence 
identity percentages were done using the ClustalX/ClustalW algorithm (Larkin et al., 2007), 
as in Chapter II. 
 
2.2. Phylogenetic analysis 
A large number of EcR and RXR sequences from species throughout the Arthropoda were 
collected from Genbank and were subsequently aligned by ClustalW/ClustallX (Larkin et al., 
2007). Neighbour joining phylogenetic trees were finally created from these alignments using 
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MEGA4 software. Bootstrap analysis with 1,000 replicates for each branch position was used 
to assess support for nodes in the tree (Felsenstein, 1985). 
 
2.3. 3D-modeling and ligand docking of the ligand binding pockets of 
ApEcR and TuEcR  
Modeling and docking experiments were performed in cooperation with Pierre Rougé 
(Université de Toulouse). Multiple amino acid sequence alignments were carried out with 
CLUSTAL-X (Larkin et al., 2007) using the Risler’s structural matrix for homologous amino 
acid residues (Risler et al., 1998). Molecular modeling of the EcR ligand-binding domain 
from the pea aphid, ApEcR-LBD, and from the two-spotted spider mite TuEcR-LBD, were 
performed on a Silicon Graphics O2 R10000 workstation, using the programs InsightII, 
Homology and Discover3 (Accelrys, San Diego CA, USA). The atomic coordinates of 
Tribolium TcEcR-LBD in complex with Ponasterone A (RCSB Protein Data Bank code 
2NXX) (Imewa et al., 2007) were used to build the 3D-model of the receptor. The high 
percentages of both identity and similarity ApEcR-LBD (~75% and ~90%) and TuEcR-LBD 
(~63.5% and ~89%) share with the template TcEcR-LBD allowed us to build rather accurate 
3D models. Steric conflicts were corrected during the model building procedure using the 
rotamer library (Ponder et al., 1987) and the search algorithm of Homology program (Mas et 
al., 1992) to maintain proper side-chain orientation. An energy minimization of the final 
model was carried out by 150 (ApEcR-LBD) and 200 (TuEcR-LBD) cycles of steepest 
descent using the cvff forcefield of Discover. PROCHECK (Laskowski et al., 1993) was used 
to assess the geometric quality of the 3D model. In this respect, about 87% (ApEcR-LBD) and 
89% (TuEcR-LBD) of the residues of the modeled EcR-LBD were correctly assigned on the 
best allowed regions of the Ramachandran plot, the remaining residues being located in the 
generously allowed regions of the plot except for three residues in ApEcR-LBD (Asn36, 
Glu39 and Glu42) and three residues in TuEcR-LBD (Pro189, Asp234 and Ile235) which 
occur in the non-allowed region (result not shown). For TuEcR-LBD, ANOLEA (Melo & 
Feytmans, 1998) was used to evaluate the model and only 5 residues over 237 (vs 8 over 237 
for TcEcR-L-BD (2NXX code) used as a template) exhibited an energy over the threshold 
value. Molecular cartoons were drawn with PyMol (W.L. DeLano, 
http://pymol.sourceforge.net). The fold recognition program Phyre 
(http://www.sbg.bio.ic.ac.uk/phyre/html/index.html) (Bennett-Lovsey et al., 2008) that also 
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used 2NXX and structurally-related proteins as templates yielded a readily superposable 3D-
model for ApEcR-LBD. However, some discrepancies that essentially deal with the shape of 
the loops, connecting the α-helical stretches, were observed with our labmade modeled 
structure. Importantly, these discrepancies occur far from the groove responsible for the 
binding of ecdysone. Docking was performed with InsightII using Discover3 as a forcefield 
and we took TcEcR-LBD in complex with PonA as a template for docking. Clipping planes of 
ApEcR-LBD complexed to PonA were rendered with PyMol. Same procedures were used for 
docking PonA and 20E to TuEcR-LBD.  
 
3. Results and Discussion 
3.1. EcR 
The EcR of A. pisum, B. terrestris and T. urticae were identified, analyzed and compared with 
the EcR sequences of other insect species. In general these receptors are very conserved and 
exhibit the strongly conserved domain structure which is typical for NRs: a poorly conserved 
A/B transactivating domain, a highly conserved DNA-binding domain (DBD), a variable 
hinge region, and a well conserved ligand-binding domain (LBD). Figure 3.3 represents the 
amino acid alignment of the conserved EcR-LBD for a number of arthropod species 
comprising examples from several insect orders, as well as some crustacean and chelicerate 
representatives. The Hemiptera are represented by the Sternorrhyncha (Myzus persicae, A. 
pisum and Bemisia tabaci), the Achenorrhyncha (Nilaparvata lugens) and the Heteroptera 
(Nezara viridula and Orius laevigatus) suborder, the Hymenoptera by the honeybee Apis 
mellifera and the bumblebee B.terrestris and the Chelicerata by the spider mite T. urticae, the 
scorpion Liocheles australasiae and the ticks Ixodes scapularis and Amblyomma americanum.  
 
3.1.1. A. pisum 
3.1.1.1. Sequence analysis 
Two isoforms of EcR were found in A. pisum, namely EcR-A and EcR-B. Both isoforms 
differ in the 5’ end of the A/B domain, which is typical for EcR isoforms in other insect 
species as well. Figure 3.1 schematically indicates the difference between the two isoforms. 
EcR-A exhibits a longer A/B domain (226AA) compared to EcR-B (161AA). The end of the 
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A/B-domain, which exhibits some conservation among arthropods is the same for both 
isoforms.  
 
 
Figure 3.1 Schematic representation of both ApEcR isoforms, highlighting the alternative A/B domains. 
 
Besides this difference in the A/B-domain, both isoforms are identical in the rest of their 
sequence. ApEcR has the typical conserved DBD and LBD, similar to its orthologs in other 
insect species. The EcR-DBD shows the typical C4 zinc finger domains in this protein 
including the highly conserved P-box, the D-box and A/T-box. These highly conserved 
stretches in the DBD, as well as the zinc finger cysteine residues are indicated on the DBD-
alignment (Fig 3.2).  
 
 
Figure 3.2 Sequence alignment of the ecdysone receptor DNA-binding domains (EcR-DBD) of a number of 
Arthopoda species, including the three studied in this research. P-box, D-box and T/A-boxes are 
highlighted and zinc finger cysteine residues are indicated by red dots. Amino acid letters are coloured 
according to amino acid properties (BioEdit default colour scheme)  
  
 
Figure 3.3 Sequence alignment of the ecdysone receptor ligand-binding domains (EcR-LBD) of several Arthopoda species, including the three EcRs studied in 
this research. Red dots indicate the amino acids involved in the ligand binding in the EcR-LBD (Kasuya et al. 2003). Green dots indicate hydrophilic, 
hydrophobic or aromatic residues involved in the ligand anchorage into the pocket. The twelve alpha-helices are also indicated on the alignment. Amino acid 
letters are coloured according to amino acid properties (BioEdit default colour scheme). Bars on the left indicate the insect orders (Yellow: Diptera; Green: 
Lepidoptera; Purple: Coleoptera; Orange: Hymenoptera; Red: Hemiptera) or other arthropod clades (Blue: Crustacea; Black: Chelicerata) 
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Some minor differences were observed in the ApEcR-DBD compared to other arthropods, 
such as the Ser residue at position 398 in this alignment where Ala is found in most 
arthropods. At the end of the D-box, ApEcR contains two Asn residues and thus follows the 
normal D-box sequence for non-Mecopterida. The Mecopterida typically contain a His-Ala or 
a Arg-Ala couple in that position. Besides these small differences, the sequence was found to 
be largely identical to those in other insects, especially other non-Mecopterida. Identity 
percentages for the DBD were 88%, 97% and 99% with D. melanogaster, T. castaneum and A. 
mellifera orthologs respectively.  
 
For the EcR-LBD, we scored a strong conservation with 63%, 75% and 74% identity 
compared with the D. melanogaster, T. castaneum and A. mellifera orthologs, respectively. 
As expected, ApEcR-LBD exhibits a strong sequence conservation towards orthologs in the 
Hemiptera order. Moreover, comparison with the closely related aphid Myzus persica even 
revealed a 100% identical LBD on amino acid level. A closer look at the LBD showed us that 
for the pea aphid, some generally very conserved residues which are important in ligand-
receptor interactions nonetheless showed a mutation (e.g. Gln16, Tyr53, Met227, Thr228 en 
Val235).  
 
3.1.1.2. Modeling and docking 
The obtained sequence data for ApEcR were used to perform an in silico reconstruction of the 
LBD and to try and predict the interactions between the receptor and the ecdysteroid ligand. 
The 3D-model built for ApEcR-LBD exhibits the canonical structural scaffold of the EcR-
LDBs, made of twelve α-helices associated to a short hairpin of two antiparallel β-strands 
(Fig. 3.4A). In addition, docking of PonA into the hormone-binding groove of ApEcR-LBD 
revealed a binding scheme similar to that found for other EcR-LBD (e.g. from the beetles 
Leptinotarsa decemlineata, Tenebrio molitor and Anthonomus grandis) (Billas et al., 2003; 
Soin et al., 2009). Upon docking, the alkyl chain of the hormone becomes inserted in one of 
the two pockets located at the bottom of the hormone-binding groove (Fig. 3.4B). A network 
of nine hydrogen bonds connects the hormone to residues Glu20, Met56, Thr57, Ala 112 and 
Tyr122, forming the binding groove (Fig. 3.4C). Additionally, stacking interactions with 
aromatic residues Phe111 and Trp238 help to complete the interaction.  
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Figure 3.4 A: Ribbon diagram of the modeled ApEcR-LBD. The twelve α-helices and the two β-strands 
forming the 3D-structure are labeled and differently colored. N and C indicate the N-terminal and C-
terminal ends of the polypeptide chain, respectively. B: Clipping plane across the ecdysone-binding groove 
showing the insertion of the alkyl chain of ponasterone A (PonA; represented in pink stick) in one () of 
the two pockets located at the bottom of the groove. C: Network of hydrogen bonds (black dotted lines) 
anchoring PonA (pink stick) to amino acid residues forming the hormone-binding groove of ApEcR-LBD. 
Aromatic residues involved in stacking interactions with PonA are colored orange.  
 
3.1.2. B. terrestris 
Two isoforms of BterEcR were discovered (BterEcR-A and BterEcR-B). Unsurprisingly, 
these two isoforms differed in the unconserved A/B-domain. The isoforms have a similar 
structure compared to the EcR isoforms found in the pea aphid and many other insects, where 
the A/B-domain of both isoforms was found to be different for the most part (Fig. 3.1). Only 
about 50AA near the end of this domain, close to the DBD, are shared by both isoforms. The 
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DBD of B. terrestris EcR shows no unexpected elements and is almost identical compared to 
other non-Mecopterida insects (Fig. 3.2). Sequence identity for the DBD was 89% and 100% 
compared to D. melanogaster and A. mellifera respectively. The B. terrestris EcR LBD is 
virtually identical to the A. mellifera EcR LBD (96% sequence identity on aminoacid level). 
Sequence identity compared to D. melanogaster was 68% (Fig. 3.3). 
 
3.1.3. T. urticae 
3.1.3.1. Sequence analysis 
The TuEcR ORF contains 483 amino acids, which is similar to the EcR in insect species. The 
sequence shows a high degree of conservation in general compared to its insect orthologs, 
both in the DBD and the LBD. Figure 3.2 shows a highly conserved TuEcR-DBD with very 
few mutations at the amino acid level. The only minor differences that were found in 
comparison with other arthropod EcR-DBDs were situated in or around the A/T-box (Asn453, 
Ile469, Ser473 and  Arg475) which is generally the region where most mutations in the DBD 
are observed. The zinc finger structures, P-box and D-box are identical compared to most 
arthropod EcR sequences. The LBD unsurprisingly shows a much higher degree of 
divergence (Fig. 3.3). Besides the changes in regions in the LBD where the evolutionary 
constraints are known to be weaker, we also found a number of residues which are usually 
conserved in the Arthropoda and which are critical in ligand-binding or for anchoring the 
ligand in the binding pocket are substituted in the two-spotted spider mite (Leu16, Met50, 
Ala57, Cys101 and the residues between 132-137). Helix 12 exhibits the typical non-insect 
arthropod sequence, ending in WDIQE. 
   
3.1.3.2. Modeling and docking 
Whether the above mentioned changes in residues which are considered to be involved in 
ligand binding have any implications on the structure or even the correct functionality of the 
LBP cannot be determined from sequence data alone. In silico prediction models however can 
give a first indication of the structure of the receptor, as well as the ligand-binding 
possibilities.  
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Figure 3.6 A. Ribbon diagram representation of the overall three-dimensional structure of the modeled 
TuEcR-LBD. The twelve -helices building the three-dimensional fold of the receptor are differently 
colored and numbered H1-H12; the two short strands of -sheet are colored purple and numbered 1 and 
2. N and C correspond to the N- and C-terminus of the polypeptide chain, respectively. B. H-bonding 
network (yellow dashed lines) connecting PonA (pink stick representation) to the amino acid residues 
forming the ecdysteroid-binding groove of TuEcR-LBD. Aromatic residues Tyr109 and Tyr120 (orange 
stick representation) create some stacking interaction with the hormone. C. Clip into the ecdysteroid-
binding groove of TuEcR-LBD (white dotted line) showing the docking of ponA (pink stick 
representation) into the groove. Residues participating in the H-bonding (Gu22, Thr55, Thr58, Ala110, 
Tyr120) and stacking interactions (Tyr109, Tyr120) with PonA are colored blue and orange, respectively. 
H-bonds are in dashed red lines. The pocket harboring the aliphatic chain of PonA is indicated by a star 
(). D.  Clip into the ecdysteroid-binding groove of TuEcR-LBD (white dotted line) showing the docking of 
20-hydroxyecdysone (20E) (pink stick representation) into the groove. The O atom at C25 of 20E 
protruding out of the groove is blue colored (). Hydrophobic residues (Met93, Leu228, Leu232, Trp236) 
bording the pocket harboring the aliphatic chain of ecdysteroid are colored orange. 
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According to the limited amino acid changes observed between the amino acid sequences of 
TcEcR-LBD and TuEcR-LBD, the latter also consists of twelve -helices tightly packed 
around a ligand-binding groove that specifically anchor PonA and other ecdysteroids (Fig. 
3.6A). Nine amino acid residues of TuEcR-LBD participate in the binding of PonA through a 
network of 8 hydrogen bonds (Glu22, Thr55, Thr58, Ala110 and Tyr120) and stacking 
interactions (Tyr109, Tyr120 and Trp236) (Fig. 3.6B). This binding scheme is similar to that 
observed with EcR-LBD of other insects. 
   
Upon binding, the aliphatic chain of PonA becomes anchored to a pocket located at the 
extremity of the groove (Fig. 3.6C). In spite of a bulkiness equivalent to that of PonA, 20E 
cannot be properly accommodated by the ecdysteroid-binding groove of TuEcR-LBD. 
Docking of 20E to the ecdysteroid-binding groove resulted in a severe steric hindrance due to 
the narrow character of the pocket harboring the extremity of the aliphatic chain of the 
hormone (Fig. 3.6D). The O-atom of the hydroxyl group linked to the C25 of 20E protrudes 
out of the pocket. In addition, the O-atom is faced to highly hydrophobic residues (Met93, 
Leu228, Leu232, Trp236) susceptible to prevent the anchoring of the OH-containing aliphatic 
chain. As a result, no binding of 20E is suspected to occur to TuEcR-LBD. The fact that 
TuEcR seems to have problems binding 20E is very surprising and had not been reported 
earlier for other species. It could suggest T. urticae EcR uses another ecdysteroid as ligand 
than 20E. 
 
3.1.4. Phylogeny 
A phylogenetic tree was built based on sequences from a large number of arthropod EcRs 
which are known at this point (Fig 3.5). The A. pisum EcR branches off just before most other 
Hemiptera NRs and other non-Mecopterida insects. B. terrestris EcR branches together with 
A. mellifera, as expected. The T. urticae EcR remarkably branches off before all other known 
Arachnida while it belongs to the Acari, just like Amblyomma, Ixodes and Ornithodoros. 
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Fig 3.5. Neighbour Joining tree for EcR sequences. Compressed subtrees contain sequences from most 
known Diptera and Lepidoptera EcR sequences. Human NR1H receptors were used as an outgroup. 
Sequences that were the result from this annotation work are underlined in red. Support for the branches 
is indicated as a percentage of 1000 bootstrap replicates of neighbor-joining. 
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3.2. RXR/Ultraspiracle 
The retinoid-X-receptor (RXR), or Ultraspiracle (USP) is well known for its role as a 
heterodimerisation partner for many nuclear receptors. The best known partnership is with 
EcR, forming the functional ecdysteroid receptor. However, interactions with many other NRs 
have been described as well, mainly in Vertebrata. One of the most important regions that 
play a role in this dimerization is the region between helices 7 and 11 in the LBD of NRs. 
Helices 9 and 10 are the most important helices for dimerization but some residues on H7 and 
H11 are also involved. The DBD, and in particular the zinc fingers, play a role in the dimer 
stability as well. 
 
Whether or not RXR/USP is ligand-binding is not clear and might depend on the phylogenetic 
position of the insect. As mentioned in Chapter II, Diptera and Lepidoptera (Mecopterida) 
have undergone an increase in evolutionary rate and recently it was shown that EcR and USP 
showed an even higher increase during the early divergence of this clade (Bonneton et al., 
2003; 2006). In USP, the divergence is so considerable that the USP of taxonomical groups 
close to the Mecopterida, such as beetles (Coleoptera) and bees (Hymenoptera) exhibit a 
sequence which is more similar to the vertebrates than the Mecopterida. This can be seen 
throughout the complete sequences but is best exemplified by the two large inserts between 
helices 1 and 3 and helices 5 and 6 (Fig. 3.8) in the mecopteridan species. RXR has recently 
been shown to be able to bind 9-cis retinoic acid in the more basal insect Locusta migratoria 
(Orthoptera) (Nowickiy et al., 2008), as is the case in vertebrates (Oro et al., 1990). Contrary, 
in more evolved insect clades such as bugs and beetles, structural data from the USP shows 
that the LBP is missing, implying that USP is an orphan receptor and works in a ligand-
independent manner in these species. In Mecopterida however, a large LBP has been 
discovered suggesting USP might have a yet unknown ligand in that clade (Iwema et al., 
2007).  
The fact that this receptor has two different names within the Insecta is a consequence of this 
increase in evolutionary rate as well. The insect NRs were for the mostpart first identified in 
Mecopterida, mainly Drosophila and Bombyx, and this early research showed a RXR 
homolog which was thought to be an orphan receptor in insects for a long time. Hence, the 
USP was first considered to be a related, though non-orthologous, receptor and was given 
another name. Over the years, some have suggested keeping the name USP for all insects 
while others suggested it should be used in Mecopterida-only given their sequence differences 
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with other insects, but no consensus has been agreed. As a result, both names are often used 
for the same receptor in the same species. We decided to use USP for the insect receptor and 
RXR for the chelicerate RXR ortholog. The RXR/USP for the three species was identified and 
characterized. Figures 3.7 and 3.8 represent amino acid sequence alignments of the DBD and 
LBD regions, respectively, of these RXR/USP sequences compared to some orthologs in 
other arthropod species. 
 
 
Figure 3.7 Sequence alignment of the ecdysone receptor DNA-binding domains (EcR-DBD) of a number of 
Arthopoda species, including the three studied in this research. P-box, D-box and T/A-boxes are 
highlighted and zinc finger cysteine residues are indicated by red dots. Amino acid letters are coloured 
according to amino acid properties (BioEdit default colour scheme). 
 
3.2.1. A. pisum 
The ApUSP-DBD shows 92%, 95% and 95% sequence identity compared to D. melanogaster, 
T. castaneum and A. mellifera orthologs respectively. The A-, D- and T-boxes as well as the 
other zinc fingers are very well conserved, especially compared to other non-Mecopterida 
insects. The ApUSP-LBD, while also conserved (53% 72% and 75% identity compared to D. 
melanogaster, T. castaneum and A. mellifera respectively), does show some mutations in 
otherwise very conserved residues over all arthropods (Leu325, Arg328, Asp456, Asp458, 
Glu466 and Gly502).  
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Figure 3.8 Sequence alignment of the retinoid-X-receptor ligand-binding domains (RXR-LBD) of several Arthopoda species, including the three RXRs studied 
in this research. The twelve alpha-helices are indicated on the alignment. Amino acid letters are coloured according to amino acid properties (BioEdit default 
colour scheme). 
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Especially the substitution of the acidic polar residues Asp and Glu by the nonpolar Gly502 is 
interesting since this position is usually very conserved and is considered as a contact point in 
the dimerization surface. Whether or not this has any implications towards the possible 
structure of this heterodimer is impossible to say based on sequence data alone. 
 
3.2.2. B. terrestris 
The Bombus USP shows a high degree of identity with that of A. mellifera (100% and 99% 
identity for DBD and LBD, respectively) which has been identified first by Velarde et al. 
(2006). While the role of the liganded USP/EcR in moulting, metamorphosis and other 
juvenile development processes is well documented, they found that the USP is expressed in 
the adult brain of the honeybee and that the expression of this receptor changes, both in 
quantity and localization, during the development of foraging. The authors suggested that this 
receptor could therefore also play a role in social behavioural development of the adult 
worker bee. Similar to the pea aphid, the BterUSP-DBD shows only minor changes compared 
to the sequence in other arthropods (e.g. Ser228). In the LBD, only one remarkable mutation 
was found at a position where the conservation is usually very high (Gly525). 
 
3.2.3. T. urticae 
One of the most remarkable findings of the annotation work was the presence of two RXRs in 
the chelicerate two-spotted spider mite T. urticae. To our knowledge, only one case of two 
RXRs in an arthropod species had been reported so far. In 1998, Guo et al. reported the 
presence of two RXRs in the ixodid tick A. americanum. This implies that the presence of two 
RXRs could be a trait which is shared at least in the subclass of Acari. Whether or not 
Arachnida or Chelicerata also possess two different RXRs remains to be seen.  
 
 
Figure 3.9 Schematic representation of both Tetranychus RXR proteins and the different NR domains, 
indicating the identity percentages in the A/B-domain, DBD and LBD of both receptors. 
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A search in the Genbank database also revealed the presence of two different RXRs for 
Rhipicephalus pulchellus, another ixodid tick, which were retrieved from transcriptome 
sequencing. However, these two seem to be different isoforms rather than different receptors. 
Both TuRXRs did not show a very high conservation between them. The DBD, LBD showed 
93% and 81% sequence identity, respectively, but the unconserved A/B-domain and the 
variable hinge domain showed very little conservation, resulting in 68% sequence identity for 
the full sequence (Fig. 3.9). Both genes were also found far from each other in the genome. 
The divergence at sequence level was comparable to that which is observed between 
completely different NRs. This divergence rules out recent gene duplications and could 
suggest that the gene duplication which gave rise to both RXRs happened much earlier in the 
Chelicerata lineage. In order to confirm this hypothesis, more information on RXRs in other 
chelicerates is necessary though. Both RXRs showed much more similarity to the vertebrate 
RXRs (77% and 74%)  than to the D. melanogaster USPs (53% and 51%). The same was the 
case for the A. americanum RXRs (Guo et al., 1998; Palmer et al., 1999). This is another 
example of the increase in evolutionary rate that the Diptera have undergone. In fact, it has 
been documented that this increased evolutionary rate especially affects the USP in 
Mecopterida, resulting in a significant degree of divergence (Iwema et al., 2009).  
 
When comparing the sequences of the DBD for both RXRs, a few minor differences in the 
least conserved parts of this region were observed which are highlighted in Figure 3.9. In the 
LBD, the divergence between both sequences is much higher. Although most of the 
substitutions in this domain are located in the least conserved regions of the LBD, some of 
them (e.g. Cys459 and Asn567 in TuRXR1 and Ala412 and His505 in TuRXR2 in Figure 3.8) 
are located in normally very conserved parts.  
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Figure 3.9 Sequence alignment of the two T. urticae RXRs. In the bottom sequence (RXR2), only the 
amino acid changes compared to the upper sequence (RXR1) are mentioned. Identical residues are 
indicated by a dot. Amino acid letters are coloured according to amino acid properties (BioEdit default 
colour scheme). 
 
Comparing both T. urticae RXRs to those in A. americanum, we did not notice an 
exceptionally high degree of conservation between these two chelicerate RXRs (Table 3.1). 
The alignment also confirms this observation (data not shown). Furthermore, there were no 
similarities in the alignment which could help us determine which A. americanum RXR is the 
ortholog of which T. urticae RXR. The sequence identity percentages of DBDs and LBDs 
indicate that the AamRXR1 is more closely related to both TuRXRs than AamRXR2 is to 
both TuRXRs, although the difference is not that big. The A/B-domain does not give any 
clear indication. The fact that no obvious orthology within both couples can be found is a bit 
unexpected since the gene duplication which gave rise to these RXRs possibly happened early 
in the Chelicerate lineage.  
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  TuRXR1 - DBD TuRXR2 - DBD 
AamRXR1 - DBD 93% 92% 
AamRXR2 - DBD 89% 91% 
     TuRXR1 - LBD TuRXR2 - LBD 
AamRXR1 - LBD 75% 70% 
AamRXR2 - LBD 72% 67% 
 
Table 3.1 Identity percentages between the DBD and LBD of Tetranychus and Amblyomma RXRs 
 
The residues which are considered to be part of the heterodimerization interface hydrophobic 
core of the Heliothis EcR/USP dimer (positions 538-539 and 542-543) were found to be 
conserved throughout Arthropoda, suggesting these are critical for heterodimerization and are 
under strong evolutionary constraint. The three residues which are responsible for the USP 
L8-9/EcR H7 interaction in the same Heliothis dimer showed more divergence. The first two 
(positions 502 and 504 in Figure 3.8) seemed to be rather conserved in the type of amino acid, 
showing only substitutions to other structurally similar amino acids. The third residue 
however, which is relatively conserved within the Mecopterida lineage (residue 509 in Figure 
3.8), showed significant divergence in other arthropod sequences. Other interesting residues 
are Ser576 and Glu576 in RXR1 and TuRXR2 respectively. These residues are part of the 
important 9 amino acid long AF-2 sequence and are considered critical for transactivation. In 
most insects, this position is usually occupied by a glutamic acid residue but in other 
chelicerates as well as most Crustacea, this is not the case.  
 
Together with the genome sequencing, RNAseq data was provided for each gene model for 
different stages as well as different host plants (http://bioinformatics.psb.ugent.be/orcae/). The 
expression patterns for both RXRs showed some differences as well. Both RXR1 and RXR2 
are expressed in all four stages (embryo, larva, nymph and adult) but the data clearly showed 
that the expression of RXR1 is higher than that of RXR2 in all stages except the larval stage. 
The biggest difference in expression between both genes was seen in the embryo, where 
RXR1 shows a 4-fold higher expression than RXR2. Also, when the different stages for one 
receptor were compared, we noticed that the expression of RXR1 was highest in the embryo 
and the larva while the expression of RXR2 was mainly seen in larvae and nymphs.  
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3.2.4. Phylogeny  
 
Fig 3.10. Neighbour Joining tree for RXR/USP. Sequences that were the result from this annotation work 
are underlined in red. Compressed subtrees contain sequences from most known Diptera and Lepidoptera 
RXR/USP sequences. Support for the branches is indicated as a percentage of 1000 bootstrap replicates of 
neighbor-joining. 
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A large number of RXR sequences from a wide range of arthropods and vertebrates were 
collected and aligned with each other. Based on this alignment, a phylogenetic tree was built 
using the neighbor joining algorithm (Fig 3.10). The A. pisum and B. terrestris USPs group 
together with the hemipteran Nezara viridula and the hymenopteran A. mellifera, respectively, 
and thus show the expected phylogeny. T. urticae RXRs however form a separate clade with 
the spider Agelena silvatica within the clade of Chelicerata while they would be expected to 
group together with the A. americanum RXRs. The evolutionary distances between 
RXRs/USPs in the Chelicerata and Insecta were found to be longer than between the different 
vertebrate RXRs. Since the split of Teleostomi species into the Osteichthyes (bony fishes) and 
Tetrapoda about 400 million years ago, the RXRs have undergone very little divergence in 
this group while in insects, much more divergence is observed. 
 
4. Conclusions 
This chapter provided a deeper analysis of the EcR and RXR/USP sequences from A. pisum, 
B. terrestris and T. urticae. We have examined these proteins at sequence level and also 
provided predicted models for the pea aphid and spider mite EcR. For A. pisum and B. 
terrestris, two isoforms for the EcR were found, similar to the isoforms found in most insects 
for this receptor. No major changes for the three species were found compared to the EcRs in 
related species. The protein modeling and subsequent docking did however suggest that 
TuEcR could be incapable of binding 20E since the OH group at C25 does not seem to fit in 
the ligand binding pocket. In addition, the O-atom was found to be faced towards highly 
hydrophobic residues which further interferes with the anchoring of the OH-containing 
aliphatic chain of the steroid. This suggests that T. urticae might have a different moulting 
hormone than 20E. 
 
The USP of both insect species did not show great differences with those of other insects. In 
the spider mite however, two distinct RXR proteins were discovered. These two RXRs did not 
exhibit a high conservation between each other and comparison with the two known A. 
americanum RXRs also revealed a high degree of divergence. The function of these two 
RXRs and how they cooperate is unknown. Regions in the LBD which are important for 
dimerization were found to be well conserved in both TuRXRs however, suggesting that they 
both have retained their function as heterodimerization partners. 
  
 
 
 
 
 
 
 
 
 
 
 
 
Chapter IV: Ecdysone biosynthesis 
in Acyrthosiphon pisum 
and Tetranychus urticae 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
Chapter IV 
 
- 114 - 
 
 
Parts of this chapter have been published in: 
 
Christiaens, O., Iga, M., Velarde, R., Rougé, P. and Smagghe, G. (2010). Halloween genes and nuclear receptors 
in ecdysteroid biosynthesis and signaling in the pea aphid. Insect Molecular Biology, 19 (Suppl. 2), 187-200. 
Contributions: All work on the pea aphid Halloween genes; annotation, analysis, phylogenetics and 
modeling 
 
The International Spider mite Genome Consortium (2011). The genome of Tetranychus urticae reveals 
herbivorous pest adaptations. Nature 479, 487-492. 
Contributions: Annotation and analysis of all spider mite Halloween genes and ecdysteroid 
identification 
  
Ecdysone biosynthesis in Acyrthosiphon pisum and Tetranychus urticae 
- 115 - 
 
1. Introduction 
In the previous chapters, we have taken a closer look at the nuclear receptors in arthropods 
and the ecdysone receptor in particular. One of the best understood pathways in which a 
number of these receptors are involved, is the ecdysteroid signaling cascade which regulates 
processes such as moulting and metamorphosis. The onset of this pathway is the binding of 
the functional ecdysone receptor to its ecdysteroid ligand. In insects, this hormone is usually 
20-hydroxy-ecdysone (20E). In this chapter, we will have a closer look at the synthesis of 
these ecdysteroids in arthropods and the genes that are involved in the transformation of 
cholesterol to the functional ecdysteroid, a group of Cytochrome P450 (CYP) enzymes called 
the Halloween genes. The names of these genes originates from the fact that embryos carrying 
mutations in these genes showed a failure in cuticle formation and were said to ‘resemble 
ghosts’. The CYPs can be divided into four major clades (Mito CYP2, CYP, CYP3 and 
CYP4) and the Halloween genes can be found in two of them, the mitochondrial CYP clan, 
comprising all CYPs that are found in the mitochondrial genome, and the CYP2 clan.  
 
Figure 4.1 Summary of the biosynthesis of 20-hydroxyecdysone (20E) presenting the different Halloween 
genes (boxed) and their function in the ecdysteroid biosynthesis pathway. The intermediate products and 
their structure are also presented. The changes for which the enzyme is responsible are highlighted in 
yellow. 
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These enzymes, well known for their monooxygenase activity, constitute one of the largest 
families and are distributed throughout a wide variety of living organisms, from bacteria to 
mammals (Werck-Reichhart et al., 2000). To date, four P450 enzymes, namely CYP306A1 
(Phantom, Phm), CYP302A1 (Disembodied, Dib), CYP315A1 (Shadow, Sad) and 
CYP314A1 (Shade, Shd), involved in the ecdysteroid biosynthesis have been identified and 
characterized. As shown in Figure 4.1, the products of phm, dib and sad sequentially convert 
the precursor of E, 2,22,25-trideoxyecdysone (ketodiol), into 22,2-dideoxyecdysone 
(ketotriol), 2-deoxyecdysone and ecdysone (E) (Chavez et al., 2000; Warren et al., 2004; 
Niwa et al., 2004, 2005; Rewitz et al., 2006b). Further on, the product of shd mediates the last 
step of the conversion from E into 20E (Petryk et al., 2003; Rewitz et al., 2006a; Maeda et al., 
2008). In addition to these, CYP307A1 (Spook, Spo), CYP307A2 (Spookier, Spok), the 
paralog gene of Spo, and CYP307B1 (Spookiest, Spot) are identified. They are all involved in 
the initial conversion process from 7-dehydrochoresterol into ketodiol, but their biochemical 
functions are not well understood (Namiki et al., 2005; Ono et al., 2006). Spok has thus far 
only been identified in Drosophila, while spot is identified in mosquitoes (Aedes aegypti and 
Anopheles gambiae), honey bees (Apis mellifera) and red flour beetles (Tribolium castaneum). 
Together, they are called the Halloween genes. Halloween genes have been 
identified/predicted in multiple insect species (Niwa et al., 2004, 2005; Warren et al., 2004; 
Sieglaff et al., 2005; Rewitz et al., 2006a,b, 2007) and the function of these genes is 
characterized in the fruitfly (D. melanogaster), the silkmoth (Bombyx mori) and the tobacco 
hornworm (Manduca sexta). In addition to insects, the Halloween genes are also identified in 
the crustacean genome of Daphnia pulex (Rewitz and Gilbert, 2008), suggesting a high 
conservation for ecdysteroid biosynthesis in the Arthropoda phylum.  
 
2. Material and methods 
2.1. Annotation of Halloween genes  
Putative Halloween gene sequences were searched and obtained by TBLASTN, using the 
known orthologs from D. melanogaster, A. mellifera and T. castaneum against the complete 
scaffold collection of the A. pisum and T. urticae genomes. Whole amino acid sequences for 
the Halloween gene orthologs in A. mellifera, T. castaneum, D. melanogaster, A. aegypti, A. 
gambiae, M. sexta and B. mori were collected from the Genbank database and were used in 
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the annotation of these predicted genes. The chosen sequences were aligned by 
CLUSTALW2/CLUSTALX2 (Larkin et al., 2007) and corrections in the predicted sequences 
were made where necessary based on these alignments, on EST- and RNA Seq support and 
based on the information that is known about the conserved domains in these proteins. 
Phylogenetic trees, created to confirm the identity of the different CYPs, were constructed 
using the same methods as in Chapter II. 
 
2.2. Confirmation of expression 
Similar to the work on the nuclear receptors (Chapter II), gene expression was confirmed by 
reverse transcriptase PCR. The primers used in these confirmations are listed in Table 4.1. In 
some cases where the annotation corrections were difficult, sequencing was done as well. 
 
Product Forward Reversed Fragment size 
ApSpo1 TGTCCGTCGTGCTCCTGATAC CGCAGGACTAGTGTTGATTTCG 1235 
ApSpo2 TTGTTCCCCGAAAGTGTATTCA TCCTGAGCCTTTGCGTAACTG 402 
ApSpo3 CGCCGTATTATTGTTCCTGATTC CTTATATCCCATGCACGACCG 1312 
ApPhm GTTTTGGATCATCGGCGTAATACT CGGACTGAGCGTTATGCCA 1441 
ApDib ATCGACACGGCGACGTATTC TTCACTGTCCAGCTTTGGTCC 516 
ApSad CTGCTGGTGGTGGTCGTAAGT TAAGGAAGGGTTGCAAATGGC 1105 
ApShd1 GGCGCCTGTTGCATAGTAGTC GTATAAAATTCGAGTCAACGGGTGT 1504 
ApShd2 CGCCTGTTGCATAGTAATCGC CCACCTTTCCGGTCTGTACG 1300 
ApShd3 TTCGAAGCCATGTTTCTCTGC CCGATGTGAAATTGCTTGACC 1217 
    TuSpo ATGCATTGGCTTTGTGTGACTG GGCTTAGGAATCGAGATGGTTG 945 
TuDib TGGTCCATTGGTTCGAGAAG TGCTGCCAATTCAGTAGCCA 502 
TuSad GGAGCCGCACATCTACATGAATA AGCAGCAGCCAGAAACAAATCTAC 807 
TuShd CTGTCAACTGGCGGGTCTTC GGATGAATTGAGCGACGAGC 731 
 
Table 4.1 List of primers used for the transcription confirmation of pea aphid NRs.  
 
2.3. Identification of PonA as a major ecdysteroid in T. urticae 
Spider mite extracts were collected and subjected to biochemical analysis using HPLC–
enzyme immunoassay and liquid chromatography/mass spectrometry. These analyses were 
done by the Amber Lab, that is part of ENVOC at the Faculty of Bioscience Engineering, 
UGent. These data are published in the spider mite main genome paper (Grbic et al., 2011). 
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3. Results and Discussion 
3.1. Halloween genes in Acyrthosiphon pisum 
Three candidates for A. pisum spook (spo1, spo2 and spo3), one candidate for phantom (phm) 
and disembodied (dib) and also three candidates for shade (shd1, shd2 and shd3) were found 
in the A. pisum genome after TBLASTN searches (Table 4.2). The expression of these 
predicted sequences was confirmed by RT-PCR. Alignments of the different A. pisum 
Halloween gene candidates with those of other insect orders (Lepidoptera, Diptera, 
Hymenoptera and Coleoptera) show high conservation of the typical insect P450 motifs 
(helix-C, helix-I, helix-K, PERF-motif and heme-binding domain). Two clear Spo-like 
homologs, Spo1 and Spo2, were detected in the pea aphid genome. Sequence comparison at 
amino acid level shows that both Spo1 and Spo2 are similar (85% identity) to each other. 
 
Name  D. melanogaster A. mellifera  T. castaneum  AphidBase ID 
CYP307A1/2 
Spook (Spo) / 
spookier (Spok) 
AF484415 / 
NM_001110990 - AAJJ01000951 ACYPI001519 
     ACYPI002012 
CYP307B1 Spookiest (Spot) - AADG05005080 AAJJ01001163 ACYPI000716 
CYP306A1 Phantom (Phm) AF484413 XM_391946 XM_963384 ACYPI006623 
CYP302A1 Disembodied (Dib) AF237560 XM_001122832 XM_969159 ACYPI006729 
CYP315A1 Shadow (Sad) AY079170 XM_395360 XM_965029 ACYPI000973 
CYP314A1 Shade (Shd) AF484414 DQ244074 XM_967606 ACYPI008228 
     ACYPI006755 
          ACYPI009813 
 
Table 4.2 Halloween genes identified in A. pisum. Genbank IDs for D. melanogaster, A. mellifera and T. 
castaneum orthologs are also presented. In the case of T. castaneum CYP307A1/2 and CYP307B1, contigs 
were given on which the gene is found. Idem for A. mellifera CYP307B1.  
 
A third Spo-candidate (Spo3) was found as well. This Spo3 was very different from Spo1 and 
Spo2 however, showing only 38% and 39% identity, respectively. When compared with other 
Halloween genes from other species, Spo3 showed 33-42% identity with Spo/Spok orthologs, 
and 44-47% identity with Spot orthologs, suggesting Spo3 might be a Spot ortholog rather 
than a Spo ortholog. Sequence alignments of the Spo/Spok/Spot showed a closer relationship 
between Spo3 and the Spot-group than the Spo-group. However, this was not the case in all 
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regions or even in all conserved domains. In the Heme-binding domain for example, the Spo3 
candidate showed an intermediate sequence somewhere between Spo and Spot. In the Helix-C 
domain however, Spo3 clearly showed a typical Spot-like sequence (Fig. 4.2). In order to 
confirm the identity of the annotated Halloween genes and the position of Spo3 in the 
Spo/Spok/Spot group in particular, a phylogenetic tree was built containing all the Halloween 
genes in A. pisum, together with the orthologs from a number of other insects (Fig. 4.3). This 
phylogenetic analysis confirmed the hypothesis that the Spo3 gene is a Spot ortholog rather 
than a Spo ortholog. 
 
 
Figure 4.2 Partial amino acid alignments representing the regions in which the Helix-C and the Heme-
binding domains are located for the Spo/Spok/Spot orthologs from A. pisum (Ap), T. castaneum (Tc), A. 
mellifera (Am), A. aegypti (Aa), A. gambiae (Ag), D. melanogaster (Dm), B. mori (Bm) and Manduca sexta 
(Ms). 
 
Three Shd candidates were identified in A. pisum. Two of them, Shd1 and Shd2 show a high 
conservation (94% identity), suggesting these could be recently duplicated genes, while 
another Shd candidate, Shd3, only shows 66% identity with both Shd1 and Shd2. 
Surprisingly, Shd3 seems to be lacking most of the heme-binding domain (Fig. 4.4) which 
means the protein may not be functional at all. However, RT-PCR showed that the protein is 
expressed in the pea aphid (Fig 4.5). This leads to the hypothesis that the protein might have 
other functions or another role in the pea aphid than the ones attributed to the Shd proteins so 
far. The Shd orthologs that are responsible in the 20E biosynthesis are probably Shd1, Shd2, 
or both. 
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Figure 4.3 Phylogenetic tree of the Halloween genes. This tree was constructed with the neighbor-joining 
method performed with the amino acid sequences of the whole sequences. Bootstrap values as percentage 
of a 1000 replicates >50 are indicated on the tree. Halloween genes from A. pisum (Ap), T. castaneum (Tc), 
A. mellifera (Am), A. aegypti (Aa), A. gambiae (Ag), D. melanogaster (Dm), B. mori (Bm) and Manduca 
sexta (Ms) were included in the analysis. The A. pisum sequences that were the result from this annotation 
work are underlined in red. Mito clan: Mitochondrial CYP clan; 2 clan: CYP2 clan 
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Figure 4.4 Partial amino acid alignment of shade orthologs highlighting the conserved heme-binding 
domain. Due to a 17 amino acid deletion, this domain is missing from Ap-Sh3. Orhologs are from A. pisum 
(Ap), T. castaneum (Tc), A. mellifera (Am), A. aegypti (Aa), A. gambiae (Ag), D. melanogaster (Dm), B. mori 
(Bm) and Manduca sexta (Ms). 
 
 
Figure 4.5 Analysis of expression for the different shade (shd) gene candidates using RT-PCR. The gel 
clearly shows that all three shade candidates are expressed, even Ap-shd3, although clearly at a lower 
level than the other two shd candidates. Lane 0 was loaded with a DNA marker (Mass Ruler DNA Ladder 
Mix, Fermentas), while lanes 1-3 contain the PCR products of each candidate. Fragment sizes were 1504 
(shd1), 1300 (shd2) and 1217 (shd3). 
 
3.2. Ecdysteroid biosynthesis in T. urticae 
The survey in this chelicerate genome resulted in the identification of four of the five 
Halloween genes, namely Spo, Dib, Sad and Shd (Table 4.3). For Dib, two very similar 
paralogous genes were found in close proximity to each other. There was some difference in 
the 5’ end of the open reading frame between the two paralogs but overall they are virtually 
identical (97% identity at nucleotide level). In contrast, Spok or Spot, present in some insects, 
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were missing in the spider mite. These three related P450s are assumed to be involved in the 
transition from 7-dehydrocholesterol (7dC) to ketodiol, but this part of the ecdysteroid 
biosynthesis is still poorly understood. Two other non-P450 genes which are nonetheless 
involved in the ecdysteroid biosynthesis, namely Neverland (Nvd) and Shroud (sro), were also 
identified. The product of the former is active in the onset of the synthesis pathway, mediating 
the conversion of cholesterol into 7-dehydrocholesterol (7dC). The latter, Shroud, is assumed 
to belong to the same so-called ‘black box’ together with the Spo/Spok/Spot group (Fig 4.1). 
 
Name  
D. 
melanogaster 
A. mellifera  T. castaneum  Tetur ID 
CYP307A1 Spook (Spo) AF484415 - AAJJ01000951 tetur10g03900 
CYP307A2 
 
NM_001110990 
  
not present 
CYP307B1 Spookiest (Spok) - AADG05005080 AAJJ01001163 not present 
CYP306A1 Phantom (Phm) AF484413 XM_391946 XM_963384 not present 
CYP302A1 Disembodied (Dib) AF237560 XM_001122832 XM_969159 tetur05g02670 
     
tetur05g02550 
CYP315A1 Shadow (Sad) AY079170 XM_395360 XM_965029 tetur06g05620 
CYP314A1 Shade (Shd) AF484414 DQ244074 XM_967606 tetur03g03020 
 
Table 4.3 Halloween genes identified in T. urticae. Genbank IDs of D. melanogaster, A. mellifera and T. 
castaneum orthologs are also presented. In the case of T. castaneum CYP307A1/2 and CYP307B1, contigs 
were given on which the gene is found. Idem for A. mellifera CYP307B1.  
 
Surprisingly, T. urticae lacks Phantom, the biosynthetic C25 hydroxylase involved in the 
conversion of ketodiol to 2,22-dideoxyecdysone (2,22dE). The absence of this enzyme would 
implicate that the spider mite uses the ecdysteroid 25-deoxy-20-hydroxyecdysone 
(Ponasterone A, PonA) as the moulting hormone, instead of the typical arthropod 20E. Both 
ecdysteroids only differ in the hydroxyl-group at the C25 position (Fig. 4.6). 
 
 
Figure 4.6 Structure of ecdysteroids 20-hydroxy ecdysone (left) and Ponasterone A (right.) 
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HPLC–enzyme immunoassay and liquid chromatography/mass spectrometry confirmed the 
presence of PonA and the absence of 20E in the spider mite. This result was published in the 
spider mite genome paper (Grbic et al., 2011) and indicates that PonA might be the only or at 
least the main moulting hormone in this spider mite. In decapod crustaceans, PonA has been 
found to act as moulting homone, albeit coincidental with 20E (Chung, 2010). This is the first 
case where PonA is identified as the main moulting hormone without the presence of 20E. 
The implications towards the ecdysteroid signaling cascade are not necessarily that big since 
PonA is known to be a very potent ligand for all known EcRs.    
 
Also interesting to note here is that CYP18A1, which encodes a C26 hydroxylase/oxidase 
involved in 20E catabolism has not been found as well. This gene is clustered together with 
Phantom in all insect and crustacean genomes that were studied thus far. This indicates that 
both genes were most likely lost together, affecting both the synthesis and the inactivation 
pathways of the spider mite moulting hormone. Figure 4.7 gives an overview of the different 
enzymes in Tetranychus involved in the ecdysteroid biosynthesis and their point of action on 
the steroid structure. 
 
 
Figure 4.7 Overview of the different enzymes involved in ecdysteroid biosynthesis indicating the 
conversion they are responsible for. Elements in black are present in the T. urticae genome, while the two 
CYPs in red are missing (Grbic et al., 2011). 
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4. Conclusion 
In A. pisum, all Halloween genes proved to be present, except Spok, which is a recent 
duplication of Spo in Drosophila. However, the pea aphid turned out to possess also two Spo 
paralogs which are the result of a recent independent duplication event. Additionally, three 
different Shade paralogs were found as well in the pea aphid, which have never been reported 
before in other insects. The implications of these duplications are unknown at this moment. 
 
In T. urticae, one of the Halloween genes, namely Phantom, was not present. This gene 
encodes the CYP enzyme responsible for the hydroxylation at the C25 position which means 
that 20E, the moulting hormone in most arthropods, cannot be synthesized. Instead, 
Ponasterone A would be synthesized. Biochemical analysis via mass spectrometry confirmed 
this hypothesis and proved that PonA is the main moulting hormone in this chelicerate.  
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1. Introduction 
In this chapter, we will report the attempts to use RNA interference (RNAi) as a functional 
genomics tool, to add some functionality to the nuclear receptors which were discovered in 
the pea aphid Acyrthosiphon pisum. In a first part, the development of the protocol which was 
developed for the injection of aphids with dsRNA will be described. In a second part, the 
results of the RNAi experiments themselves which were conducted, targeting EcR and USP 
will be reported and discussed. In the final part, we will discuss the factors which can 
influence RNAi efficiency as well as the results of some experiments in the pea aphid in 
which we investigated some of these factors. 
 
2. Development of a microinjection protocol 
For Tribolium and Drosophila, useful protocols are available for microinjection experiments. 
Information on needles, injection procedure, position on the insect to inject, immobilization 
strategies are all described for these model insects. For aphids however, little information can 
be found, so a new protocol has been devised. Here, the development of this protocol and the 
experiences during optimization of all these different factors are reported. 
 
2.1. Microinjection setup 
The basis is the microinjection setup (Fig. 5.2). Since only amounts ranging in the nanoliters 
can be injected in aphids, injections could not be performed using normal micropipettes. 
Therefore, a nanoinjector (Femtojet, Invitrogen) was used as a pressure source. Injected 
volumes are determined by the combination of a certain injection pressure and injection time. 
The injections were performed under a Leica stereomicroscope with the help of a Narishige 
micromanipulater. This is a device in which the needle can be placed that allows us to 
carefully move this needle in three dimensions. This helped with the precise movements 
needed during these procedures. This microinjection setup can be used for the injection of 
other insects as well. 
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Figure 5.2 Microinjection setup consisting of a microscope, a micromanipulator and a microinjector. 
(Photo: O. Christiaens) 
 
2.2. Sedation and immobilization 
To facilitate injection, the aphids had to be immobilized. Using any type of glue-based 
method proved difficult given the fragility of these species, especially the limbs. Materials 
such as glue and sticky tape caused amputated legs and the agarose plates containing little 
gutters that are used for the injection of beetle larvae also caused significant damage to the 
aphid. Therefore, we went looking for a method to sedate the aphids temporarily. For many 
insects, including Tribolium, cool temperatures, for example by keeping them on ice, helps to 
calm them down and even immobilize the insects enough for these kind of procedures. 
However, in the case of aphids this proved insufficient. Long periods of time on ice had no or 
little effect on the activity of the aphids. Subsequently, the effect of diethylether, a common 
method of anaesthesia in insects, was tested on aphids. The sedation effect proved sufficient 
and, importantly, the procedure was also non-toxic for the aphids. In order to prevent direct 
physical contact between the aphid and ether, a 50mL falcon was modified by placing a small 
cage inside to create some sort of ‘gas chamber’ in which the aphids could be placed (Fig. 
5.3). Only 20-30 seconds inside the falcon were enough to knock out the aphids for several 
minutes, which is more than enough time to be injected. The sedated aphids were placed 
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against a vertical agar surface which prevented the aphids sliding over the surface at the 
moment of injection. 
 
 
 
Figure 5.3 (A) Picture of the falcon used for sedation. Some cotton wool is placed at the bottom of the 
falcon and placed above the cotton wool there was a modified syringe which was closed on one side by a 
fine mesh. A small amount of ether is then poured onto the cotton wool and aphids are placed inside the 
modified syringe. (B) The agarose plate on which the aphids were placed for injection. Agarose was 
poured in a glass petri dish and a plastic, grooved dish was floated on the agarose. After the agarose 
solidified, the plastic floater was taken off.  (Photos: O. Christiaens) 
 
2.3. Microcapillaries 
Another important factor are the needles that are used to inject the aphids. At first, some 
commercially available glass microcapillary needles, such as Eppendorf’s Femtotip needles, 
were tried. Injection of aphids with these needles proved rather difficult however, since the tip 
of the needle was not really equipped to penetrate the tough cuticle of the aphid easily. 
Needles would bend or even break when attempting to pierce through the cuticle. A needle 
with a much shorter, yet stronger, tip was needed and these were found when attempting to 
create self-made needles using a needle puller. Glass capillaries (BLAUBRAND IntraMARK, 
50µL) were used to create these needles with a two-step pulling procedure on the Narishige 
PC-10 needle puller (temperature settings 80 and 83 for step 1 and step 2, respectively). The 
needle with the shortest end of the two was used succesfully in injection experiments. One of 
the main drawbacks of the self-made needles is of course the lack of uniformity compared to 
commercially available needles and the need to calibrate the volume with each newly made 
needle. 
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2.4. Needle insertion 
The angle at which the needle penetrates the cuticula is also important. Not only because it 
determines the ease by which the needle goes through the cuticle, but more importantly, it is 
vital not to damage anything internally in the aphid. Especially damage to the gut could have 
detrimental effects to the fitness of the aphids. In theory, a very small angle, as close as 
possible to a parallel position along the dorsal or ventral side is best to avoid this damage. 
However, it is easier to insert the needle in a perpendicular way through the cuticle. A 
solution was found by injecting in one of the segmentation grooves on the thorax of the aphid. 
In practice, the angle by which to insert the needle will also differ depending on the 
morphology of each aphid individually because some aphids are rounder than others. The few 
aphid-injection papers that are published (Mutti et al., 2006; Jaubert-Possamai et al., 2007; 
Shakesby et al., 2009) report injecting both ventrally or dorsally. In the experiments 
performed in this thesis, injections were performed dorsally. 
 
2.5. Volume 
A critical factor is the injected volume. Jaubert-Possamai et al. reported (2007)  that for the 
injection of L3 nymphs of A. pisum 23nL could be injected with limited mortality, while a  
46nL injection caused a significant mortality rate (29-45%). Since we were planning to inject 
L2 nymphs and adult aphids as well, some injection volumes were tested in advance on their 
mortality. For adults, we found that volumes up to 200nL did not cause any mortality and for 
L2 nymphs, 20nL could be injected without any problems. 
 
2.6. Toxicity of injected water, buffer and dye 
When the technical aspects of the injection procedure were optimized, some tests were set up 
to investigate whether the injection of the buffers or the water in which the dsRNA is 
solubilized had any detrimental effects on the aphids. Also, a red food colorant dye was tested 
for its toxicity. This dye can be mixed with the sample that is injected in order to have a visual 
confirmation of the successful injection. While this dye was not used in the RNAi 
experiments itself, it is very useful in the optimization of these experiments and in the training 
of people who want to use this technique. Figure 5.4 represents an injection of a water sample 
mixed with this food colorant into an adult aphid. You can clearly see the colorant being 
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spread throughout the thorax and part of the head through the hemolymph. These little tests 
proved that both water and the Elution Buffer from the Ambion MEGAscript kit did not cause 
any mortality when injected. Also, the dye proved completely harmless as well. 
 
 
 
Figure 5.4 Series of pictures taken during the injecting of an adult aphid with a sample containing a food 
colorant (Photos: O. Christiaens) 
 
3. RNAi experiments 
3.1. Material and Methods 
3.1.1. Cloning of C002 and vATPase 
Fragments for ApEcR and ApUsp were already available in a pGEM-T vector after the 
cloning work reported in Chapter II and a vector containing a GFP-sequence was present in 
the lab as well. Vectors with C002 and vATPase sequences however still had to be made. Pea 
aphid RNA extraction and subsequent cDNA synthesis were done in the same way as 
explained in Chapter II. cDNA fragments for Coo2 and vATPase were then amplified by PCR. 
Amplification conditions were 20s at 94°C, 30s at 59°C and 30s at 72°C for 32 cycles, 
preceeded by a 2min annealing step at 94°C and finalized with a 7min elongation step at 72°C. 
These fragments were subsequently ligated into a pGEM-T vector and cloned following the 
same procedures used in Chapter II. This pGEM-T vector system provides an easy way of 
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cloning PCR inserts and using them as a template for dsRNA synthesis afterwards. The 
primers used for the initial PCR amplification are listed in Table 5.1. 
 
 
Fragment Forward Reversed 
Fragment 
size 
vATPase TTAGCCAACACTGGAATAAACGTC CCAAACAGTCCATGCATATTATT 185 
Coo2 TCTCGTCGTGTATCCAGTGC GTAGGCGAGTGAGATTCCAA 799 
    
dsEcR1 *TGCCGACTGTACCTTACGTG *TTTCAATGGCATCTCCCAAC 423 
dsEcR2 *GACCTCCCGAAGAGCTTTGT *TAGGCGTGCCCATTATCATT 390 
dsEcR3 *CACGTCGCACATATCCTACAC *TTGCCGTACTTGCACTGGTA 435 
dsUSP *CAATGGGTCCTCAGTCACCT *TGCACGGCTTCTCTTTTCAT 412 
dsvATPase * TTAGCCAACACTGGAATAAACGTC *CCAAACAGTCCATGCATATTATT 185 
dsCoo2 *GGGAAGTTACAAATTATACG *CTCCCATAGCCATCTTG 620 
dsGFP *TACGGCGTGCAGTGCT *TGATCGCGCTTCTCG 455 
 
Table 5.1 Primers used for fragment amplification before cloning and for dsRNA synthesis.  
* Only gene-specific parts of the primer are listed in the table. These are preceeded by the T7 adaptor 
TAATACGACTCACTATAGGG for dsRNA synthesis. 
 
3.1.2. Preparation of dsRNA 
After cloning, the inserts were sequenced for verification and then used as a template for 
dsRNA synthesis. This synthesis was done with the Ambion MEGAScript kit using plasmids 
containing the target sequences as a template and following the manufacturer’s instructions. 
Primers containing T7-adapters which were used for the dsRNA synthesis are listed in Table 
5.1. For EcR, three fragments were created, spanning different regions of the gene. EcR1 was 
a fragment including an isoform A specific part, while EcR2 and EcR3 were not isoform-
specific (Fig. 5.5).  
 
 
 
Figure 5.5 Schematic representation of the position of the three dsEcR fragments used in these 
experiments 
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Transcription incubation was done overnight (16h) and elution from the purification columns 
was performed either with the Elution Buffer delivered with the kit, or with nuclease-free 
water. Subsequently, the quality and quantity of the extracted RNA were examined by gel 
electrophoresis and spectrophotometry using a Nanodrop
TM
 ND-1000 (Thermo Fisher 
Scientific, Asse, Belgium) respectively. If necessary, the dsRNA was eventually evaporated 
using a SpeedVac, to obtain a more concentrated sample. 
 
3.1.3. Feeding assays 
The feeding assay that was used in these experiments is based on the one which was 
developed by Sadeghi et al. (2009). Cages of approximately 2 cm diameter are made where 
the artificial diet is placed between parafilm layers and up to 15 aphids can be placed in one 
cage. Aphids can pierce through the upper parafilm layer and can suck up the diet. Insects can 
be monitored easily during the experiment. (Fig. 5.6). The artificial diet, which is based on 
formulation A of Prosser and Douglas (1992), was mixed with the dsRNA in a maximal ratio 
of 30%/70% dsRNA/diet. As controls, dsGFP and also elution buffer or water, depending on 
the medium in which the dsRNA was solubilized, were used.  
 
3.1.4. Microinjection assays 
Microinjections were performed using Blaubrand IntraMARK green colour-code 50µL 
microcapillaries from BRAND GMBH (Wertheim, Germany) which were self-pulled using 
the two-step pulling procedure (heat setting 80 and 83 for step 1 and step 2, respectively) with 
a Narishige PC-10 (London, United Kingdom). These capilaries were subsequently connected 
to a Femtojet (Invitrogen) and a Narishige micromanipulator was used to assist with injections. 
Aphids were immobilized using diethylether and were placed on an agarose surface for 
injection. The insects were injected dorsally, just behind the head. After injection, aphids were 
placed on fresh faba bean (Vicia faba) leaves in order to monitor for phenotypic effects or to 
collect them for sampling for expression analysis by qPCR. Leaves were replaced on a daily 
basis. Aphids that did not survive the injection procedure were removed from analysis. 
Pictures were taken with a Leica DFC295 camera mounted onto the microscope. 
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Figure 5.6 Feeding assay procedure (Sadeghi et al., 2009). The feeding apparatus was made using a 
plexiglass cylinder (a4) on which a layer of parafilm was placed (a1). The artificial diet was pipetted on the 
parafilm (b) and a second, thinner layer of parafilm was placed on top of that (c). This was then held 
together by a plastic ring (a3, d). Afterwards, aphids are taken from the fava bean leaves with a fine brush 
and placed in the feeding cage (e-f). Subsequently, the small petri dish (a2) which contains a fine mesh for 
ventilation, is placed on top of the feeding cage (g). These cages are then placed upside down into the 
holders in which a small amount of wet paper is placed in order to maintain humidity (h).  
 
3.1.5. dsEcR feeding assay 
In the first RNAi experiment, feeding as a delivery method was chosen. dsEcR was mixed 
with the artificial diet in a 1:3 ratio. The final concentration of dsRNA in the diet was 200 
ng/µL. Two dsEcR fragments were tested, namely EcR2 and EcR3. As a negative control, the 
Ambion MEGAscript kit’s elution solution was added to the diet in the same concentration as 
the dsEcR in the treated cages. Additionally, dsGFP was used as another control in order to 
make sure observations were not due to a non-specific reaction to dsRNA. Four cages of each 
treatment were set up and 10 neonate aphids (less than 24h old) were placed in each cage. 
Neonates were chosen because this allowed the observation of possible silencing effects on 
moulting/development during several juvenile stages. Aphids were kept on the diet 
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continuously for 72 hours and mortality as well as development through the number of moults 
were observed in each group. 
 
3.1.6. dsEcR/dsUSP microinjection experiment 
Microinjection was also used as a delivery method. In order to be able to monitor effects on 
development, juvenile stages have to be used in these experiments. Since the injection of L1 
nymphs proved to be challenging, L2 nymphs, which are much easier to be injected without 
harming them, were eventually used in these injection experiments. To get a synchronized 
population of L2’s, adults were placed on fresh Vicia faba plants and were taken off 12h later. 
The neonates stayed on the plants and were all L2 after 48h. These insects were then used in 
the injection experiments. 20nL of 4 µg/µL dsEcR2 and dsUSP solutions were injected into 
each aphid. For each treatment (dsEcR2, dsUSP and dsGFP) 40 aphids were injected and 
afterwards, the aphids were placed on faba bean leaves in order to monitor development 
(moulting) and mortality or for sampling. Fifteen aphids were used for the phenotypic 
monitoring and 25 aphids were used for realtime qPCR sampling. For each time point, 5 
aphids were pooled together for RNA extraction.  
 
3.1.7. dsC002 microinjection experiment 
For the dsC002 injection experiment, the experimental procedures of Mutti et al., 2006 were 
followed. 30nL of a 4 µg/µL solution of dsC002 was injected into 15 adult aphids and the 
mortality was observed over 10 days. After injection, aphids were placed back onto faba bean 
leaves. Injections with H2O and with dsGFP were used as controls. 
 
3.1.8. vATPase feeding assay experiment 
Feeding bioassays were set up with vATPase dsRNA according to Whyard et al., 2009. We 
tested two concentrations. The first one was 0.34 µg/100mL diet, which corresponds to the 
LC50 reported in the paper. Additionally, a 1µg/100mL diet assay was set up. The elution 
buffer from the dsRNA synthesis kit, in which the dsRNA was eluted, was used as a control. 
After four days, the diet was replaced with fresh diet. Mortality was evaluated daily over 7 
days. 
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3.1.9. Quantitative real-time PCR analysis of EcR and USP 
Real time qPCR was used for expression analysis. For each sample, 5 aphids were taken from 
the leaves and total RNA was isolated using the QIAGEN RNeasy Mini Kit following the 
manufacturer’s instructions. Afterwards, 1µg of RNA was used for cDNA synthesis using 
Superscript II reversed transcriptase (Invitrogen, Merelbeke, Belgium) and oligodT-primers. 
Three reference genes were selected, namely tubulin, actin and rpL7. Realtime qPCR was 
performed with the Bio-Rad CFX96 Touch ™  (Bio-Rad Laboratoties, Hercules, California, 
USA) using SYBR Green as a fluorescent dye. The data analysis was performed using the 
Bio-Rad CFX Manager. Amplification conditions were 3min at 95°C followed by 39 cycles 
of 10s at 95°C and 30s at 58°C. Primers used in qPCR analysis are qEcR_F 
(CAACTGTCATTCAGTCGGTTT), qEcR_R (TTTTCTCCACTTTCCAACCA), qTub_F 
(TGGACAATCAGGTGCTGGA) and qTub_R (CTCGGCTTCTTTCCTCACAA). No-RT 
controls were included in the analysis.  
 
3.2. Results and discussion 
3.2.1. Silencing EcR and Usp in A. pisum 
3.2.1.1. dsEcR feeding assay 
RNAi feeding experiments administering dsEcR to aphid nymphs showed no effect on 
moulting or mortality. A small, though non-significant, difference in moulting could be 
observed between the negative control and the treatments, but no difference was found 
between the dsEcR- or dsUSP-fed groups compared to those that were fed on dsGFP 
containing diet.  
 
3.2.1.2. DsEcR/dsUSP microinjection experiment 
Feeding might be an easy way of delivery, for several species it has proven to be a non-
efficient way of delivery as well. In order to investigate whether or not the delivery method 
might be the cause of the lack of effect seen in the previous experiments, a microinjection 
experiment was set up as well. DsEcR2 was injected straight into the haemocoel of L2 aphids 
and afterwards the mortality and moulting were observed. Additionally, the expression of EcR 
after injection with dsEcR2 was examined by real-time qPCR.  
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Fig 5.7 Effect of dsEcR and dsUSP feeding on Acyrthosiphon pisum. Aphids were placed on an artificial 
diet containing dsRNA for EcR and USP (final concentration of 200ng/µL diet). The number of moults 
accumulated over three days by 15 aphids is represented in the figure. Water and dsGFP were used as 
controls. Differences between control and treatment were not significant. The bar graph on the right 
represents the situation after 72 hours, including the standard deviation over the three repetitions. 
 
 
  
Figure 5.8 Effect of dsEcR injection on Acyrthosiphon pisum. The amount of 80ng dsRNA for EcR and 
USP was injected into L2 nymphs. An equal amount of dsGFP was injected as a control. Afterwards, 
aphids were placed on faba bean leaves and phenotypic effects were observed over 5 days after injection: 
(A) represents the observed survival (Y-axis, number of aphids); (B) shows the average accumulative 
number of moults for each group of 15 aphids.  
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Similar to the feeding experiments, no clear phenotypic effect on either survival or 
development could be seen in any of the injection experiments that were carried out with 
dsEcR or dsUSP (Fig. 5.8). Differences in survival between the treatment and control groups 
were small and likely not linked to the administration of dsRNA. On the moulting rate of the 
aphids, only small differences were observed between the three groups. After day 1, a small 
retardation can be seen for EcR moulting, but they catch up after day 2, suggesting the aphids 
in the EcR group were early stage 2 when injected while those in the GFP and USP group 
were a bit older. Since the synchronization of these aphids is done over 24 hours, age 
differences of up to a day between individuals can take place. Repetitions or perhaps 
experiments with larger test groups could neutralize these effects. 
 
In order to examine if there is a silencing effect to be seen on transcript level, real time qPCR 
experiments were conducted. Samples were taken daily during the course of the experiment 
and the expression of EcR was examined for each day after injection (Fig. 5.9).  
 
 
Fiure 5.9 Relative expression of EcR in Acyrthosiphon pisum after injection with 80ng dsEcR. After 
injection, aphids were placed on faba bean leaves and 5 aphids were taken off the plants daily and pooled 
for RNA extraction with the RNeasy kit (Qiagen). Afterwards, cDNA was synthesized and the expression 
of EcR was analyzed by real-time qPCR, using tubulin as a reference gene.  
 
On day 1, surprisingly, we see a small increase in the expression of EcR compared to the 
control. On day 2, no difference was seen while on day 3 the EcR mRNA levels were slightly 
lower compared to the control. While there are some differences in the EcR expression levels, 
these are rather small and not what would be expected as a clear sign of RNAi-mediated gene 
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silencing. We therefore do not believe that these differences are linked to the injection of 
dsEcR but rather that these fluctuations have to do with the natural variation that can be seen 
for EcR expression between different phases within a stage. For example, EcR expression is 
usually strongly upregulated before a moult, while expression can be relatively low just after 
ecdysis.   
 
Both feeding and injection experiments aimed at silencing EcR or USP showed no clear 
effects, either phenotypically or at the level of mRNA. There are several possible reasons why 
RNAi might not work in certain cases. One possible factor could be the dsRNA-fragment 
selected in the target gene itself since these have been observed to play a role in RNAi 
efficiency. Therefore, experiments with several dsEcR fragments spanning most of the open 
reading frame were performed. However, no difference was observed between the different 
dsEcR fragments. The target genes themselves could also be an important factor. Effects on 
moulting would logically require silencing of the EcR and USP in the epidermal tissues and it 
is known that silencing genes by RNAi in these tissues has proven to be difficult (Terenius et 
al., 2011). However, both nuclear receptors should be expressed in multiple tissues other than 
the epidermis, especially USP which is an important heterodimerization partner for many 
nuclear receptors. Additionally, expression analysis on whole body level showed no silencing 
whatsoever. Another element which could affect RNAi efficiency is the amount of dsRNA 
that is introduced into the insect. In our experiments  however, the amounts were already 
relatively high and comparable to µg dsRNA/body weight ratios used in successful RNAi 
experiments with other insects (Terenius et al., 2011). 
 
3.2.2. Testing dsvATPase and dsCoo2 as positive controls 
In order to test whether or not the aphids from our culture were susceptible for RNAi, an 
attempt was made to reproduce two successful pea aphid RNAi publications. A first research 
which reported successful RNAi in Acyrthosiphon was published by Mutti et al. (2006) who 
silenced a salivary transcript c002, which is necessary for the survival of the pea aphid on 
fava beans. The same primers were used to synthesize the dsRNA-fragment and the dsC002 
was injected into adult aphids. dsGFP and dsH20 injections were used as controls. Afterwards, 
the aphids were placed back on fava bean leaves and mortality was monitored.  
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While we did see a small difference between the c002 silencing treatment and the control 
(dsGFP) since mortality is observed a bit earlier (Fig. 5.10), the difference is very small 
compared to the results reported by Mutti et al. (2006). They found that dsC002 injection 
caused 100% mortality in half the time as the dsGFP control did (8 days compared to 16 days). 
Even though C002 is thought to be a protein necessary for feeding on plants, the effect of 
dsC002 administration by feeding through an artificial diet was also tested, but no effects 
were seen there as well (data not shown). 
 
 
Figure 5.10 Effect of dsC002 injection on adult aphids. The amount of 120ng dsC002 was injected dorsally 
into the haemocoel of adult aphids and afterwards aphids were placed on faba bean leaves in order to 
investigate the effects on survival (X-axis, in number of aphids). 
 
Another successful Acyrthosiphon RNAi experiment was reported by Whyard et al. (2009). 
These researchers wanted to compare the RNAi efficiency between insects from different 
orders and one of the insects tested was the pea aphid. The target gene used in this research 
was the E-subunit of the vATPase gene. Whyard et al. (2009) reported high mortality rates 
with very small concentrations of dsRNA. The LC50 they observed was 3.4 µg/g diet, which is 
relatively low. In order to try to reproduce this experiment, feeding assays were set up 
administering vATPase dsRNA to neonate aphids and observing the mortality rate over 6 days. 
Survival after 6 days was still 90% and no difference was seen between the control and both 
treatments (Fig. 5.11). Injection experiments with much higher amounts of dsRNA 
administered to the aphids did also not result in any mortality (data not shown). 
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Figure 5.11 Effects of dsvATPase feeding in Acyrthosiphon pisum juveniles. Two concentrations of dsRNA 
(0.34 µg/100mL diet and 1µg/100mL diet) were tested. The elution buffer from the dsRNA synthesis kit, in 
which the dsRNA was eluted, was used as a control. After four days, the diet was replaced with fresh diet. 
Mortality was evaluated daily over 7 days. 
 
 
4. RNAi  efficiency in the pea aphid 
The results presented in this chapter clearly show a very low efficiency or even a complete 
lack of any RNAi silencing response to the delivery of dsRNA. While this is an observation 
shared by RNAi experiments in many insect species (Bellés, 2010; Terenius et al., 2011), it is 
still surprising given the fact that a number of publications had reported successful RNAi 
experiments in the pea aphid over the last five years. However, the fact that other laboratories 
that are trying to use RNAi in aphids, are also having similar problems (personal 
communication) point out that this is not merely a problem at our end. In what follows, we 
will have a look at some of the possible reasons behind these observed problems regarding 
RNAi in the pea aphid and discuss some other factors influencing RNAi efficiency. 
 
4.1. Material and Methods 
4.1.1. DsRNA degradation experiments 
To test the stability of dsRNA in the artificial diet used for the bioassays, feeding cages were 
set up containing 130 µL artificial diet, to which 40ng of dsEcR2 was added. In three cages, 
aphids were placed while three other cages were left untouched. After 84 hours, the dsRNA 
was purified with the RNeasy kit (Qiagen) and this dsRNA was subsequently loaded on an 
1.5% agarose gel.  
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Haemolymph was collected from about 500 adult aphids by amputating one or more legs and 
collecting the droplets of haemolymph coming out using microcapillaries. Haemolymph was 
collected in a phenylthiourea (PTU) buffer in order to avoid melanisation and kept on ice. 
Once enough haemolymph was collected, haemocytes were removed by centrifuging at 
1,000g for 8 minutes and collecting the cell-free supernatant. An amount of 500ng dsRNA 
was incubated in either 3.5µL of RNase-free water or 3.5µL cell-free hemolymph at 23°C and 
35% relative humidity, the same conditions at which the aphids used in the RNAi experiments 
were kept. Samples were collected after 1 hour, 3 hours and 12 hours. DsRNA was recovered 
using the RNeasy kit (Qiagen) and run on a 1.5% agarose gel. 
 
4.1.2. Analysis of the RNAi machinery core genes 
Sequences for DcR2, Ago2, R2D2, Eri1 and Sid-1 orthologs in the pea aphid were identified 
and collected from Genbank and primers were designed using the same Primer3 biotool as 
used in Chapter II. L2 nymphs were injected with 50ng dsEcR (25nL 2µg/µL) and for five 
days, samples were taken daily in order to examine gene expression for these five RNAi-
related genes. Control animals were injected with H2O. The RNAi extraction and real-time 
qPCR experiments were performed in the same way as for the EcR and USP expression. For 
RNA extraction, 8 aphids were used per sample and for these qPCRs, three reference genes 
were used, namely tubulin, actin and rpL7. Primers are listed in Table 5.2. No-RT controls 
were included in the analysis. 
 
Fragment Forward Reversed Fragment size 
qDcR2 AACCCATCCAACCTACCAAT CAGTTATTTCACCAGGAGTTTTGTG 137 
qAgo2 AGAGATGGTGTAAGCGAAGG TGCCAGAAGGGACATTAGAAA 199 
qR2D2 CAAAAATCGCCTTGTTCCTC CCACATGCTTGGCTTCTTTT 140 
qEri1 ATGGCTCGGTTTCTTTATGG GAGGGTTGCCTTCAAATTCC 187 
qSid1 TTATGCAATGGGATCAGCAC CAAATGCCAAAACACCAAAC 197 
qActin CGTGAAAAGATGACCCAAATC CCAGAGTCCAAAACGATACCA 122 
qTubulin TGGACAATCAGGTGCTGGA CTCGGCTTCTTTCCTCACAA 100 
qRPL7 TTGAAGAGCGTAAGGGAACTG TATTGGTGATTGGAATGCGTTG 76 
 
Table 5.2 Primers used in RNAi-related genes qPCR experiments  
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4.2. Results and Discussion 
4.2.1. Degradation of dsRNA by the pea aphid 
There are multiple factors that can explain a lack of RNAi sensitivity in certain species. One 
very important factor is the fate of dsRNA after introduction in the aphid. Since dsRNA 
processing and subsequent targeting and degradation of mRNA are intracellular processes, the 
dsRNA should remain stable and intact in the hemolymph or the digestive tract sufficiently 
long to be taken up by the cells. Once taken up into the cell, RNAi usually happens, as can be 
seen in experiments where dsRNA is transfected into cells or experiments with expression of 
hairpin RNAs by transgenes. In these experiments, the success rate is high (Terenius et al., 
2011). 
 
RNAi after dsRNA delivery by feeding has been observed to be troublesome in many insects, 
possibly due to degradation by ribonucleases in the digestive tract of the insects. In the 
hemipteran tarnished plant bug, Lygus lineolaris, for example, it has been demonstrated that 
saliva is able to degrade dsRNA quickly  (Allen and Walker, 2012). In the lepidopteran 
Bombyx mori, gut extracts proved very efficient in degrading the dsRNA as well (Liu et al., 
2013). Besides degradation in the gut or by saliva, fast degradation in haemolymph has been 
reported in multiple insects as well. Liu et al. (2013) reported dsRNA degradation in 
haemolymph of the RNAi-insensitive silkworm Bombyx mori and Garbutt et al. (2013) 
compared the degradation in the haemolymph of two insects, the RNAi-sensitive cockroach B. 
germanica and the less sensitive lepidopteran M. sexta. They observed no degradation in the 
former while the dsRNA was degraded quickly in M. sexta. After one hour, smearing could be 
seen on gel, indicating the dsRNA was being degraded and after no more than three hours, the 
entire dsRNA band had disappeared. These experiments show that a difference in stability of 
the dsRNA in the insect body could, at least partially, be responsible for the differences that 
are seen in the sensitivity between different species.  
 
In order to investigate the possible degradation of dsRNAs in the aphid body, we set up two 
experiments. One experiment examined the effect of aphid feeding on a dsRNA-containing 
artificial diet on the stability of the dsRNA and another experiment investigated the 
degradation of dsRNAs in the haemolymph of the aphids. In the first experiment, dsRNA was 
added to the diet and aphids were placed into the cages to feed on the diet.  
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Figure 5.12 Ex vivo degradation of dsRNA by Acyrthosiphon pisum salivary products. 40ng of dsEcR2 was 
added to 130µL artificial diet and the stability of the dsRNA in the diet on which aphids were feeding was 
compared to that in the diet on which no aphids were feeding by analyzing both samples on agarose gel. 
 
After 84h, the dsRNA in diet on which no aphids were feeding showed no degradation what 
so ever. Contrary, the dsRNA which was in the diet on which aphids had been feeding 
showed a clear smear on agarose gel, suggesting that the salivary secretions from the aphids 
while feeding cause some breakdown of the dsRNA in the diet (Fig. 5.12).  
 
One consequence of this result is that RNAi experiments using artificial diets where a 
constant supply of dsRNA is wanted, should be designed carefully and the dsRNA-containing 
diet should be replaced regularly. Whether or not the degradation by these saliva enzymes is 
strong or rapid enough to have an effect on the stability of dsRNA in the digestive tract of the 
aphids is difficult to say based on these results. Even after 84h, there is still a considerable 
amount of dsRNA intact and also non-intact fragments should in theory be able to elicit a 
silencing effect if they are taken up by the cell. However, the concentration of the nucleases 
which are responsible for the degradation in the artificial diet is probably relatively low, so it 
is difficult to speculate on the speed of intestinal dsRNA degradation in aphids, where a much 
higher concentration of nucleases must be present. Experiments in other species do suggest 
that some insects exhibit a very strong dsRNA-degradation in their digestive system (Allen 
and Walker., 2012; Liu et al., 2013). Whether this is mainly the result of nuclease activity or 
whether other factors, like the pH, could play a role as well is unknown and should be 
investigated further. 
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The second degradation experiment (Fig. 5.13) shows a rapid and strong degradation of 
dsRNA in the haemolymph of aphids. The gel clearly shows that after 1h, a considerable 
smear is already visible indicating dsRNA degradation. After 3 hours, the band was 
completely gone and only a smear of smaller fragments were left. After 12 hours, all dsRNA 
was completely gone. This indicates that (foreign) dsRNA can only stay intact in the 
haemolymph for a short amount of time. The time for degradation in haemolymph that is 
observed here is in line with reports from other insects as well. In M. sexta, 200ng dsRNA 
was degraded within 2-3 hours (Garbutt et al., 2013). 
 
 
 
Figure 5.13 Ex vivo degradation of dsRNA by Acyrthosiphon pisum haemolymph. An amount of 500ng 
dsEcR1 was incubated in either 3.5µL of RNase-free water or 3.5µL cell-free hemolymph, collected from 
adult aphids. Afterwards, dsRNA was recovered using the RNeasy kit (Qiagen) and run on a 1.5% 
agarose gel. 
 
Not much is known about nucleases with dsRNase activity in insects. In Bombyx mori, a 
dsRNase has been described (Arimatsu et al., 2007; Liu et al., 2012) which could contribute 
to the rapid and strong degradation that is observed in the digestive system of some insects. 
This protein was originally thought to be expressed in midgut epithelial cells only, but Liu et 
al. have demonstrated that this protein is present in other tissues as well, including epidermis, 
fat body, thoracic muscles, Malpighian tubules, brain and silk glands of 5th instar larvae. As 
far as we know, nothing is known on dsRNases in the haemlolymph of insects. Garbutt et al. 
(2013) have performed a first analysis of the possible dsRNase present in M. sexta 
haemolymph. They found that pre-heating the plasma to 100°C for 10 minutes strongly 
inhibited the ability of the haemolymph to degrade dsRNA. Furthermore, they also 
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demonstrated that EDTA has the ability to inhibit the degradation as well. This demonstrates 
that a metal-dependent enzyme is responsible for the degradation of dsRNA in the 
haemolymph plasma of M. sexta (Garbutt et al., 2013) 
 
In C. elegans, a ribonuclease has been described which specifically seems to target siRNAs 
(Kennedy et al., 2004). Mutations in this gene caused an enhanced RNA interference 
phenotype and was subsequently called Eri-1. This gene encodes for a 3′ to 5′ exonuclease of 
the DEDDh superfamily of RNase T exonucleases. DsRNAs which proved ineffective in 
triggering RNAi in the wild-type animals did cause a robust silencing effect in nematodes 
which were devoid of this nuclease. There seem to be Eri-1 related genes at least in some 
insects. In Tribolium and Drosophila for example, putative homologs for this nuclease have 
been discovered. However, it is unclear whether these nucleases found in insects have a 
similar function as Eri-1 in C. elegans. Phylogenetic analysis points out that this Eri-1-like 
nuclease does not belong to the Eri-1/3’hExo subclass but is part of the so-called Snipper 
(Snp) subclass. Although Snp can cleave RNA as well as DNA molecules, it seems to play no 
role in RNAi in Drosophila (Kupsco et al., 2006).   
 
4.2.2. RNAi-related genes 
Another possible cause of RNAi insensitivity was proposed by Bellés (2010) who suggested 
that a low response (upregulation) of core RNAi genes after dsRNA treatment could also play 
a role. Since the RNAi machinery has an important function in immunity against viruses, one 
would expect that the introduction of dsRNA would elicit some response. However, at the 
moment, little is known about the effects of dsRNA intake on the expression of these genes. 
We do know that at least in some species, the introduction of dsRNA does have an effect on 
the RNAi machinery, or at least some of the genes that are thought to be involved. In the fish 
Gobiocypris rarus for example, dicer mRNA levels were found to be upregulated 
significantly during infection with the Grass carp reovirus, a dsRNA virus (Su et al., 2009). 
The expression reached a peak within 24h and returned back to its normal level 48h after 
injection. Also in the prawn Litopenaeus vannamei, dicer-2 expression levels were found to 
be elevated following the introduction of viral particles, as well as synthetic dsRNA 
analogues (Chen et al., 2011). In 2012, the first similar experiment in insects was published 
when Garbutt and Reynolds presented their research on the effect of dsRNA treatment on 
RNAi core machinery gene expression in M. sexta (Garbutt & Reynolds, 2012). They found 
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that injecting dsRNA into the caterpillars caused a clear upregulation of a number of these 
core genes, including Dcr-2 and Ago2. This lepidopteran is interesting in relation to aphids 
since for this species, very variable results concerning RNAi were observed as well. Succesful 
RNAi experiments were reported (Levin et al., 2005; Eleftherianos et al., 2009) while many 
researchers were experiencing difficulties trying RNAi in this lepidopteran. Terenius et al., 
who conducted a large study into published and unpublished RNAi results, reported that in 
less than half the RNAi experiments conducted in M. sexta, a high degree of silencing was 
observed (Terenius et al., 2011). Finally, also in the silkmoth B. mori, Liu et al. (2013) have 
demonstrated that injecting dsGFP caused a significant upregulation of DcR-2 and Ago2 in 
the gut. 
 
4.2.2.1. Identification of RNAi-related genes in the genome 
Jaubert-Possamai et al. (2010) have recently studied the presence of RNAi core genes in the 
pea aphid. They found that the miRNA pathway in Acyrthosiphon shows a considerable 
expansion, counting two miRNA-specific dcr-1 and ago1 genes, as well as four copies of 
pasha. For the siRNA pathway, only one copy of each gene was discovered (dcr-2, ago2 and 
r2d2), which is similar to the situation in Drosophila. Yet a molecular or comparative 
genomic comparison for the genes of the siRNA pathway was not provided in this publication.  
 
We collected the A. pisum ortholog sequences of the three core elements of the RNAi 
pathway from Genbank (DcR-2, Ago2 and R2D2) Additionally, we searched the pea aphid 
genome for orthologs of the Eri1-like nucleases and Sid-1 membrane proteins and identified 
these as well. Analysis of ApDcR-2 showed two amino-terminal DExH helicase domains, 
responsible for unwinding the dsRNA, a Dicer-DSRBD (double stranded RNA binding 
domain), a PAZ-domain which is thought to be involved in dsRNA binding, two RNase III 
domains, responsible for cleaving the target RNA and finally a carboxy-terminal DSRBD. 
This is the architecture that corresponds to Dcr-2 in most other insect species, as well as 
CeDcr-1. Only in TcDcr-2, a different domain architecture has been observed since the 
DSRBD was found missing. Overall however, this protein seems closer related to TcDcr-2 
than to DmDcr-2. This observation is supported by the fact that core RNAi machinery genes 
in another aphid, Aphis glycines, which were described recently (Bansal & Michel, 2013), 
also showed more similarity to the Tribolium set of RNAi genes than to the set in Drosophila. 
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In the pea aphid, we have found one Sid-1-like (sil) gene. Comparison with homologs from 
other species revealed no remarkable features. For some time, researchers have speculated 
whether the lack of a Sid-1-like (Sil) protein in Drosophila could be partly the reason why 
systemic RNAi was not observed in this dipteran insect. Indeed, in C. elegans, Sid-1 is the 
best characterized protein involved in systemic RNAi and is responsible for trans-membrane 
channel-mediated uptake of dsRNA (Winston et al., 2002; Feinberg & Hunter, 2003). The 
presence of three Sils in Tribolium in combination with its strong response to RNAi added 
support to this theory. However, in recent years it has become evident that the number of Sils 
should not be directly correlated with a strong systemic RNAi response. Indeed, in some 
insects where multiple Sils genes are found, there is no robust systemic RNAi response. An 
example is B. mori which carries three different Sils, yet does not show a strong systemic 
RNAi response. Additionally, in some species where multiple Sils are found and systemic 
RNAi is observed, the Sils have been shown to be unnecessary for this response to happen 
(Tomayasu et al., 2008; Luo et al., 2012). Furthermore, insect Sils show more similarity to the 
nematode Tag-30 protein, which has been shown to be unnecessary for systemic RNAi 
(Tomoyasu et al., 2008). These discrepancies raise the question whether the presence of these 
Sils can be linked to the presence or absence of systemic RNAi in insects and even whether or 
not the Sils have the same function in insects as they do in nematodes.  
 
4.2.2.2. Quantitative expression analysis of RNAi-related genes 
In order to examine whether or not the introduction of dsRNA into the species can elicit a 
response on the level of expression of these genes, an experiment was set up where aphids 
were injected with dsEcR and expression levels of dcr-2, ago2, r2d2, eri1 and sid-1 were 
monitored at certain intervals after injection (6h and 24h). These time points were chosen 
based on the observation that injecting dsRNA in caterpillars of Manduca caused an 
upregulation of these genes almost immediately after injection with a peak after 6 hours and a 
return to normal expression levels after 24 hours (Garbutt & Reynolds, 2012).  
Contrary to Manduca, no significant response of the expression of the RNAi machinery core 
genes DcR-2, Ago2 and R2D2 was seen in the pea aphid (Fig. 5.14A-C). Also the nuclease 
Eri1 showed no difference in expression pre- and post-injecion (Fig. 5.14D). Only for Sid-1 a 
very small difference in expression could be observed after 6 hours (Fig. 5.14E). However, it 
is unlikely that this difference has any biological relevance. The upregulations that were seen 
in other species for some of these genes were from a much higher magnitude. DcR-2 for 
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example showed an 80-fold and 8-fold increase in expression, respectively, in the M. sexta fat 
body 6 hours after injection. Expression in other tissues, such as the hemocytes and the 
midgut were even more strongly upregulated (362/395-fold higher, respectively). For Ago2, 
the observed upregulations 6 hours after injection in M. sexta were 8-, 22- and 27-fold in the 
fat body, hemocytes and midgut respectively. These kinds of responses were not observed in 
the pea aphid. 
 
Figure 5.13 Relative expression of RNAi-related genes in Acyrthosiphon pisum after injection with 50ng 
dsEcR. dsGFP was injected in the control population. After injection, the L2 nymphs were placed on faba 
bean leaves and samples were taken daily for RNA extraction (5 individuals) with the RNeasy kit (Qiagen). 
Afterwards, cDNA was synthesized and the expression of EcR was analyzed by real-time qPCR, using 
tubulin, RPL7 and actin as reference genes.  
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While a lack of upregulation of these RNAi machinery genes could be seen as a cause for the 
observed insensitivity of RNAi in some insects, it could also be seen as a symptom of some 
other problems, such as a lack of intracellular uptake or lack of a robust systemic transport 
system. Indeed, if dsRNA cannot reach the cytoplasm of the cells, it is probably also unable to 
elicit a response at the level of these RNAi core genes. One of the insects in which RNAi has 
the highest success rate is Tribolium. This beetle is known to have a robust systemic response 
following dsRNA introduction. In Drosophila however, systemic RNAi does not seem to 
occur (Roignant et al. 2003). The group of Yoshinoro Tomoyasu at Kansas State University 
has done research trying to figure out what exactly makes Tribolium respond so well to RNAi. 
In 2008, they searched the Tribolium genome for RNAi related genes and looked for 
differences between the sets of RNAi genes between this beetle and the sets in other species, 
including C. elegans and Drosophila (Tomoyasu et al., 2008). They found that even though 
the RNAi mechanism itself is conserved among species, the number and degree of 
conservation of its core genes can vary significantly. Even between insect species, 
considerable differences were found, resulting from lineage-specific losses and duplication 
events which can possibly explain the variation in RNAi efficiency between different insect 
species. Another conclusion was that the systemic response that is observed in Tribolium 
works through different mechanisms than in C. elegans since orthologs of certain important 
elements are missing in Tribolium, and in insects in general. RdRPs for example, which are 
responsible for the amplification of dsRNA in the nematode (Pak and Fire, 2007; Sijen et al., 
2007; reviewed in Röther and Meister, 2011), are not present in Tribolium.  
 
Since the inventories of genes involved in systemic RNAi and amplification did not show 
clear differences which could explain these observed differences in RNAi response between 
Tribolium and Drosophila, the authors also proposed the hypothesis that the core machineries 
in different species could work with different efficiencies. Genome-wide analyses of core 
genes showed several differences between both species. In Drosophila, only one Ago2 is 
expressed, while Tribolium has two, due to a lineage-specific duplication. Both TcAgo2s also 
seem to be involved in the RNAi pathway. Since the availability of different Ago proteins are 
known to affect RNAi efficiency in C. elegans (Yigit et al., 2006), the copy number of Ago2 
could allow a more efficient RNAi response in Tribolium compared to Drosophila. Another 
important difference between both species was the domain architecture of the Dcr-1 and Dcr-
2 proteins. DmDcr-1 for example is missing the conserved N-terminal helicase domain while 
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TcDcr-1 does possess this domain and hence is more similar to the C. elegans Dcr-1 gene. 
The authors hypothesize that TcDcr-1 could, in addition to TcDcr-2, be involved in the 
siRNAi pathway while in Drosophila, only DmDcr-2 is involved in the siRNA pathway and 
DmDcr-1 is a miRNA-specific element. Dcr-2 also exhibits some domain architecture 
differences in both species. DmDcr-2 exhibits a strongly reduced PAZ-domain while TcDcr2 
is missing the C-terminal dsRBD domain. 
The analysis of the RNAi core genes in A. glycines indicated that while the miRNA pathway 
in the pea aphid might have gone through a considerable expansion, the siRNA pathway 
shows a high degree of conservation and evidence of purifying selection (Bansal & Michel, 
2013). This observed conservation could be related to their function in viral defense as well. 
Aphids have undergone considerable gene losses in the immunodeficiency (IMD) pathway 
(The International Aphid Genomics Consortium, 2010; Gerardo et al., 2010), a signaling 
pathway involved in viral immune response (Avadhanula et al., 2009; Costa et al., 2009). 
Aphids are notorious vectors for plant viruses and are therefore constantly exposed to viral 
material which could mean that the RNAi machinery is under strong evolutionary pressure. 
Interestingly, the fact that aphids have such a high exposure to viruses might be an 
explanation for the observed lack of RNAi effect as well as the observation that the RNAi-
related genes seem to have a relatively high basal expression level, as if the genes are 
constantly ‘turned on’.  
 
Virus-mediated effects could in fact also explain the difference in sensitivity observed 
between different experiments in different laboratories, regardless of the experimental setup, 
the target genes or the delivery methods. Indeed, recently it came to light that latent, non-
pathogenic viruses can have an inhibitory effect on the the RNAi machinery either by the 
production of viral inhibitors of RNAi or through the accumulation of viRNAs that could 
saturate the RNAi machinery and prevent the access to Argonaute proteins of other siRNAs 
from exogenous origin (Li et al., 2002; Havelda et al., 2005; Flynt et al., 2008; Nayak et al., 
2010). 
. 
  
RNAi 
- 151 - 
 
5. Conclusion 
Initial attempts to silence EcR and USP turned out unsuccessful. No phenotypic effects could 
be observed and expression analysis on EcR after administration of dsEcR showed no effect 
on transcript level either. While RNAi efficiency has proven to be highly variable in many 
insects (Bellés, 2010; Terenius et al., 2011) this was nonetheless a bit of a surprise, given that 
other laboratories had already reported successful application of RNAi in the pea aphid (Mutti 
et al., 2006; Jaubert-Possamai et al., 2007; Whyard et al., 2009; Shakesby et al., 2009) 
Surprisingly, even attempts to reproduce two of these publications were unsuccessful. Other 
laboratories however appear to be struggling with the same problems as we were and are also 
having problems achieving RNAi in the pea aphid (personal communication, Angela Douglas; 
James Carolan). 
 
There are several factors which could influence RNAi efficiency in insects. First of all, the 
choice of target gene can be very important. Indeed, targeting genes which are mainly 
expressed in tissues such as the epidermis, which are known to be RNAi-insensitive, could 
prove to be difficult to achieve silencing (Terenius et al., 2011). Also, after making a choice 
concerning the target gene, the dsRNA-fragment design itself, especially the length, is 
important as well. More and more data seem to suggest that dsRNAs which are too short can 
cause a lack of silencing (Saleh et al., 2006; Mao et al., 2007; Huvenne & Smagghe, 2010; 
Bolognesi et al., 2012; Miller et al., 2012). Bolognesi et al. (2012) found that for silencing the 
DvSnf7 gene in Diabrotica the dsRNA fragment length had to be longer than 60bp. 
Interestingly, it turned out to be sufficient that 21bp of those 60 or more basepairs were target 
gene-specific. This suggests that the importance of the fragment length is not linked to the 
RNAi machinery itself but might be linked for example to the uptake of the dsRNA by the 
cells. 
 
A very important question is what happens with the dsRNA after delivery in insects. Is the 
dsRNA taken up quickly into the cells after delivery? Is there considerable degradation before 
the uptake happens? This depends first of all on the delivery method itself. Research thus far 
seems to indicate that dsRNA delivery by feeding is difficult in many species. Especially for 
non-gut genes, RNAi by oral dsRNA delivery seems to be very often ineffective. Another 
reason could be a very rapid degradation of dsRNAs in the digestive tract by nucleases or for 
example by chemical properties of the gut environment. Cellular uptake itself can also be an 
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important barrier. Two uptake mechanisms of dsRNA have been proposed in insects: a trans-
membrane channel-mediated uptake similar to the Sid-1 mechanism in the nematode C. 
elegans and a endocytosis-based uptake mechanism (Huvenne & Smagghe, 2010). We have 
found a possible homolog for the CeSid-1 gene in A. pisum, similar to the ones found in 
Tribolium, Bombyx, Spodoptera, Apis and Nilaparvata but whether or not these are involved 
in dsRNA uptake in insects is still debated (Winston et al., 2002; Gordon & Waterhouse, 
2007; Xu & Han, 2008; Tian et al., 2009; Zha et al., 2011). 
 
Our research also demonstrated that pea aphids are capable of dsRNA breakdown, both in 
saliva and in the haemolymph. A feeding bioassay was set up and the stability of the dsRNA 
in the artificial diet was investigated. After three days, it was clear that the aphids feeding on 
the artificial diet cause degradation of the dsRNA, likely due to nucleases which are present in 
the secreted salivary products during feeding. These results add support to those reported by 
other groups suggesting that the digestive tract of insects could be a dsRNA-unfriendly 
environment (Allen & Walker, 2012, Liu et al., 2013). It is known that the presence of 
nucleases, as well as gut pH are very variable over different species. In Lepidoptera for 
example, the gut is known to be very alkaline and the pH can go up to 12 in the midgut of 
caterpillars (Dow, 1992). Since RNA is known to be unstable in very alkaline environments, 
this could be a factor as well in the degradation of dsRNA after feeding in many insects. 
While not as extreme as in lepidopterans, the aphid midgut is alkaline as well, having a pH 
ranging from 7,5 to 8,5 (Cristofoletti et al., 2003).  
 
Another experiment, examining degradation of dsRNA in haemolymph demonstrated a rapid 
breakdown of dsRNA. After no more than three hours, almost all dsRNA was degraded. 
These results are similar to what has been discovered in the lepidopteran M. sexta where a 
similar dsRNA-degradation in haemolymph was observed as well as a variable RNAi 
efficiency (Garbutt et al., 2013). Observing such a rapid breakdown of dsRNA, the question 
we have to ask is whether or not enough dsRNA can be taken up by the cells in order to see an 
RNAi effect.  
 
In order to investigate whether or not the absence or lack of (upregulation of) expression of 
some core genes of the RNAi machinery could be linked to the observed lack of silencing, the 
expression of three of these core genes (DcR-1, Ago2 and R2D2) was examined after dsRNA 
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injection. No up- or downregulation of these genes was observed after dsEcR injection, 
contrary to observations in M. sexta and B. mori (Garbutt and Reynolds, 2012; Liu et al., 
2013). However, we did notice that the basal expression of these genes was relatively high 
compared to the reference genes which were used (RPL7, actin, tubulin) which would suggest 
that these genes are constantly sufficiently expressed. Since the siRNA pathway is considered 
to be an important line of defense against viruses (Galiana-Arnoux et al., 2006; van Rij et al., 
2006; Wang et al., 2006), this might not come as a big surprise, especially given the high 
exposure to (plant-)viruses to which aphids are subjected. Additionally, more and more 
evidence indicates that viruses can also have inhibiting effects on the RNAi machinery, either 
by the production of viral inhibitors of RNAi or through the accumulation of viRNAs that 
could saturate the RNAi machinery and prevent the access to Argonaute proteins of other 
siRNAs from exogenous origin (Li et al., 2002; Havelda et al., 2005; Flynt et al., 2008; 
Nayak et al., 2010). More research towards the effects of these non-pathogenic viruses on the 
RNAi machinery, also in other species than Drosophila will have to be conducted. 
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1. Nuclear receptors: diversity and conservation in Arthropoda 
The nuclear receptor (NR) protein superfamily is involved in a large range of critical 
biological processes in the animal kingdom. Since their discovery in Vertebrata during the 
1950s and 1960s, a lot of research has been done on their structure and function. Most of this 
research has been conducted towards vertebrate NRs however, given their importance as 
potential drug targets. With the Drosophila melanogaster genome project and the subsequent 
first identification of the NRs in an invertebrate genome, it became apparent that insects have 
a set of NRs which is distinct from vertebrates. Some elements, such as the DNA-binding 
domain and the ligand-binding domain sequences, as well as the 3D-structure, the 
mechanisms of dimerization and the mode of action of most NRs show a strong conservation 
in the entire animal kingdom. Nonetheless, diversity has been observed as well. Insects 
generally possess less than half the number of NRs compared to Vertebrata. In addition, they 
have developed a number of insect-unique NRs. This diversity has arisen mainly due to 
lineage-specific gene losses and duplications. Most of what was known about arthropod NRs 
at the start of this project was limited to the holometabolic insects. Information on NRs in 
hemimetabolic or non-insect arthropods was very scarce and usually limited to the NRs which 
form the ecdysone receptor heterodimer, namely EcR and RXR/USP. With the Acyrthosiphon 
pisum and Tetranychus urticae NRs, we presented the first complete sets of NRs for a 
hemimetabolic insect and chelicerate arthropod.  
 
The NRs in A. pisum, Bombus terrestris and T. urticae exhibit a high degree of evolutionary 
constraint in the conserved domains. At the same time, diversity between these taxonomic 
groups within the Arthopoda seems to be created by gene losses and duplications as well. The 
Acyrthosiphon NR set did not show that much difference compared to the holometabolic NR 
sets, including the NRs which are involved in the ecdysteroid cascade. This proves that within 
Insecta, the set of NRs is well conserved. The T. urticae NRs on the other hand did exhibit 
some remarkable differences. First of all, a large expansion of the NR1 group was observed 
due to multiple duplication events of HR96-like receptors, as well as the presence of a 
homolog of the recently discovered HR10 in Daphnia pulex. Making conclusions towards the 
implications of this expansion would be speculative, but the HR96 receptor seems to be 
involved in the xenobiotic response in Drosophila as well as in Daphnia (King-Jones et al., 
2006; Karimullina et al., 2012). One of these HR96s, namely HR96h/Tetur36g00260, has 
already been observed to be implicated in the adaptation of spider mites to a new host plant 
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(Dermauw et al., 2013). Functional research towards the other HR96s in T. urticae will have 
to elucidate whether they also have a role in the xenobiotic response. If this is the case, this 
expansion of HR96s could be linked to the extreme adaptation potential that these spider 
mites possess. It would also be interesting to investigate if HR96 plays a role in the 
ecdysteroid signaling cascade. Its capability to compete with EcR-USP in binding to the 
hsp27 response element has been documented in Drosophila (Fisk, 1995), but further 
information about its role in this important pathway is not available. Interestingly, while a 
HR96-like expansion was observed in T. urticae,  HR96 was found missing altogether in the 
pea aphid. Where exactly during evolution of this hemipteran insect HR96 was lost and 
whether its function had become redundant or its role has been taken over by other proteins or 
NRs will have to be investigated as well. 
 
The results of the annotation work, which was mainly in silico research, form the foundations 
for further functional research towards these NRs in insects. This includes research to 
elucidate the role of these NRs in key metabolic and developmental processes, to find out how 
they play their specific part in certain pathways and also how they cross-talk between 
different pathways. Most of what is known about NRs in insects comes from research on 
Drosophila. But given the divergence between the Mecopterida, to which Drosophila belongs, 
and other insects due to an increase in evolutionary rate, NRs could have different functions 
and properties in non-Mecopterida compared to Drosophila. For one NR, namely RXR/USP, 
it has already been demonstrated that this divergence can have important consequences when 
it became clear that many non-Mecopterida insects have no ligand binding pocket (LBP) 
while the Mecopterida USP contains a large LBP. Further research is also needed towards 
orphan receptors. Indeed, most NRs are still categorized as orphan receptor because the ligand 
is simply not known at this time. Finding ligands for these orphans could lead to new ways of 
thinking in NR research and could perhaps even deliver possible new pest control targets.  
 
2. Ponasterone A is the main ecdysteroid in T. urticae 
EcR and USP, which form the functional ecdysone receptor heterodimer are by far the most 
extensively described NRs. The main reason for this is that they are targets for an important 
class of insecticides, the diacylhydrazines. In this research, we have taken a closer look at 
both receptors in the three test species and presented the predicted structure of ApEcR and 
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TuEcR, as well as the docking of the models with ponasterone A (PonA) and 20-
hydroxyecdysone (20E). The most remarkable discovery in this context is the fact that two 
distinct RXR proteins are present in the two-spotted spider mite. This had thus far only been 
reported in the ixodid tick Amblyomma americanum (Guo et al., 1998). Whether this trait is 
specific to Acari, Arachnids or perhaps all Chelicerata will have to be investigated further. 
The divergence between both RXRs could suggest that the gene duplication happened long 
before the Acari branched off, but information on the RXRs from other Chelicerata are 
needed to prove this hypothesis. Additionally, functional research towards the role and 
expression of these two RXRs will have to be done in order to elucidate how these NRs work 
together and what their specific, unique role is. Since RXR is a heterodimerization partner for 
many NRs, it functions in many pathways and is thus involved in many biological processes.  
 
The ecdysteroid signaling cascade sets off after binding of the ecdysone receptor with its 
natural ligand. In most arthropods this hormone has been found to be 20-hydroxyecdysone 
(20E). In the decapod Crustacea, PonA was recently identified as a major moulting hormone 
as well, albeit coincidental with 20E (Chung, 2010). We have now demonstrated that PonA is 
the main moulting hormone in the two-spotted spider mite and docking of 20E with the 
predicted TuEcR-LBD structure seems to confirm this, as 20E did not seem to fit in the LBP. 
Whether or not this trait is shared in chelicerates is unknown and will have to be further 
investigated. But if this is the case, it seems that PonA could have been the original main 
ecdysteroid hormone of the common arthropod ancestor and has gradually been replaced by 
20E during the evolution of Crustacea and later insects.  
 
3. The pea aphid exhibits a low efficiency for RNAi 
Once the annotation of NRs was finished, a first attempt was made to start the functional 
analysis of a number of pea aphid NRs. RNA interference (RNAi) was chosen as the method 
for this functional genomics analysis since this technique has proven its worth in functional 
genomics research in many insects. Additionally, RNAi is more and more seen as a promising 
pest control strategy as well, mainly due to its possibilities for selectivity. Investigating 
double stranded RNA (dsRNA) delivery by feeding could contribute to that field as well. 
However, RNAi proved to be troublesome in this hemipteran insect. Both feeding as well as 
injection experiments with dsEcR, dsUSP, dsC002 and dsvATPase proved ineffective and 
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expression analysis after dsEcR injection also showed no silencing at transcript level. The 
possible causes for this lack of RNAi effect are many and have been discussed in this work. A 
number of important factors, such as degradation of the dsRNA by aphids and the presence 
and expression of the RNAi machinery core genes, have been investigated as well. 
 
The pea aphid haemolymph appears to exhibit rapid dsRNA digestion activity. dsRNA which 
was incubated in collected cell-free haemolymph was almost completely degraded after three 
hours. These results are similar to those recently observed in the lepidopteran insect Manduca. 
Contrary, the RNAi sensitive Blattella germanica showed no degradation of dsRNA in the 
haemolymph (Garbutt and Reynolds, 2012). Whether or not this degradation could explain a 
lack of silencing effect in the injection experiments would depend on the speed of dsRNA-
uptake by the insect cells and whether or not enough dsRNA molecules reach the cells to 
elicit a strong RNAi effect. Besides degradation in the haemolymph, degradation of dsRNA in 
the artificial diet on which aphids are feeding was observed as well, suggesting the aphid’s 
salivary secretions also contain a strong dsRNA-degrading activity. Whether or not this 
activity is as strong, or perhaps stronger, than that observed in haemolymph has to be 
investigated. Incubation experiments with salivary gland as well as gut extracts should be able 
to tell us whether or not delivery of dsRNA by feeding could be a suitable and efficient 
delivery method. If dsRNA turns out to be degraded too quickly in a certain species, other 
ways of oral delivery can be tested, such as feeding bacteria producing dsRNAs, nanoparticle-
mediated delivery and also virus-mediated delivery (virus-induced gene silencing; VIGS) 
(Tian et al., 2009; Zhang et al., 2010; Kumar et al., 2012). Furthermore, the cause of the 
degradation, the presence of nucleases and/or environmental conditions, should be 
investigated as well. Possible nucleases in the haemolymph and digestive system can be 
characterized. It would for example be interesting to see if addition of EDTA to the pea aphid 
plasma has any effect on the degradation, as it did in M. sexta (Garbutt et al., 2013). 
 
In order to directly investigate the fate and the stability of dsRNA in insects, quantitative PCR 
can be used (Garbutt & Reynolds, 2012). Total RNA, including the injected non-species 
specific dsRNA can be extracted and cDNA can be synthesized after a denaturing procedure. 
In this way, it would be possible to investigate the amount of intact dsRNA that remains 
present at certain time intervals after injection, both extra- and intracellular. Uptake 
experiments in cell lines using labeled dsRNA, similar to those conducted by Huvenne & 
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Smagghe (2010) could give us an idea whether or not these molecules are being taken up by 
cells from different tissues. A continuous cell line for aphids is however not yet available as 
far as we know. While the development of such a cell culture would be an interesting 
advancement for future research in itself, in the meantime primary cell cultures could perhaps 
be used for these kinds of experiments. 
 
Five RNAi-related genes in the pea aphid were examined and expression analysis after 
dsRNA-injection has been investigated, namely the RNAi machinery core genes dcr-2, ago2 
and r2d2, as well as the putative eri1 and sid-1 orthologs. All five were found to be present in 
the pea aphid genome and transcripts were present in the transcriptome. Analysis after 
injection with dsRNA did not show any change in the expression of these genes, contrary to 
what was reported in M. sexta recently (Garbutt et al., 2013). A lack of response to the 
introduction to dsRNA could imply that dsRNA is either not recognized by the aphid, or that 
these genes are constantly expressed at a significantly high level. The fact that aphids are 
constantly in contact with (plant)viruses and that the siRNA pathway plays an active role in 
insect response to viruses could be linked to this. Moreover, viruses could have a direct 
inhibitory effect on the RNAi machinery as well. Indeed, Li et al., (2002) showed that Flock 
House Virus (FHV) is capable of inhibiting the RNAi machinery in D. melanogaster. Since 
then, more reports of viral interactions with the RNAi machinery have been reported and two 
possible mechanisms have been proposed as well: 1) The production of a large amount of 
viRNA could cause competition for other dsRNA molecules in the DcR and RISC proteins 
and 2) viruses could produce proteins that act as inhibitors for the RNAi machinery (Havelda 
et al., 2005; Flynt et al., 2008; Nayak et al., 2010). More research towards the role of (non-
pathogenic) viruses, including plant viruses - for which aphids are a vector – on the RNAi 
machinery should be conducted. For example, a comparison between the RNAi response in 
virus-free populations and aphids which are infected with viruses would be very interesting. 
 
DcR-2, Ago2 and R2D2 are not the only proteins involved in the RNAi mechanism. More 
products have been identified and many are yet unknown as well. Furthermore, since the sets 
of RNAi-related genes as well as the RNAi response seem to differ so much between insect 
species, the situation in aphids could be radically different in Tribolium. High throughput 
analysis of candidate RNAi-related genes should be performed in order to identify the 
elements that play a role in this process. Tomayasu et al. (2008) developed an assay in 
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Tribolium with which the involvement of genes in the RNAi pathway can be investigated in 
vivo. Similar systems could be developed in other insects as well. Furthermore, the factor of 
the juvenile stage should also be investigated. Bansal & Michel (2013) for example have 
observed significant differences, up to a two-fold increase, in the expression of some of these 
core genes during different developmental stages.  
 
4. RNAi as a possible pest control strategy 
Because of its high specificity and potential activity, RNAi also offers great promise as a pest 
control strategy (Baum et al., 2007; Price & Gatehouse, 2008; Huvenne & Smagghe, 2010; 
Zhang et al., 2013). Finding a suitable delivery method for dsRNA is crucial in this context. 
The most realistic way to get dsRNA into the targeted pest animals, especially herbivorous 
insects, would be by feeding. This can be accomplished by the use of dsRNA-producing 
transgenic plants or for example by spraying the plants with dsRNA-solutions. The main 
advantage of transgenic plants is that insects would continuously be supplied with dsRNA. 
Especially given the possibility that dsRNA replication or amplification does not happen in 
insects contrary to nematodes, this continuous supply of dsRNA could be of great importance. 
The spraying of dsRNA might be an easier and cheaper method than the use of transgenic 
plants. However, the limited stability of dsRNA in certain conditions would be something that 
has to be addressed first. Research towards a good formulation which keeps dsRNA stable for 
some time in different outdoor circumstances should also be done.  
 
Several research papers have already demonstrated the possibility of enhanced resistance to 
insect pests in plants by specific dsRNA production (Baum et al., 2007; Mao et al., 2011; 
Pitino et al., 2011; Zha et al., 2011 ). Acyrthosiphon has been investigated in that context as 
well, by Whyard et al. (2009) who found that low concentrations of dsvATPase taken up 
orally were able to cause a high mortality. However, our attempt to reproduce this experiment 
showed no effect. For the sap-sucking Hemiptera, RNAi could be a useful addition in the 
scope of pest control methods. With the development of Bt (Bacillus thuringiensis) toxin-
based pesticides, an effective method to control lepidopteran and coleopteran pests has been 
achieved. Sap-sucking insects such as most Hemiptera however remain unaffected by this 
type of pesticides (Elaine et al., 2005; Liu et al., 2010, Walker & Allen, 2011). Therefore, 
new approaches to control these economically important phloem sap-sucking insects should 
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be examined. We believe that the use of RNAi as a method of pest control could be an 
important novel technique and could be integrated in pest management programs, together 
with other already existing methods. Many issues still have to be addressed however until we 
reach that point. The mode-of-action behind RNAi in insects and the reasons for the observed 
variability in RNAi effects should be cleared up first. Furthermore, the (bio)safety of plants 
producing these dsRNA molecules should be investigated as well. The choice of target gene 
as well as the chosen dsRNA fragment, will be of the utmost importance in order to avoid 
non-specific effects on non-target organisms, as well as effects on humans. Another important 
hindrance is the use of transgenic crops, which is still a highly controversial issue. Especially 
in Europe, where there is still a lack of acceptance for this technology from the majority of 
consumers, farmers and politicians due to a combination of health, biosafety and ethical 
considerations.  
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The nuclear receptors are an important protein superfamily. They are transcription factors 
regulating the expression of genes in a large array of biological processes. Their involvement 
in moulting and metamorphosis, embryonic development, cell differentiation and 
reproduction of insects is well documented. These proteins generally show a high degree of 
sequence conservation throughout the Animalia. Especially the DNA-binding domain of the 
nuclear receptors is highly conserved. At the same time, a large amount of diversity has arisen 
due to a less conserved ligand-binding domain which gave rise to a whole range of possible 
ligands and also due to a series of gene duplications and gene losses throughout evolution. 
 
This thesis consists of three main parts. In the first part, we investigated the diversity of 
nuclear receptors in the Arthropoda by annotating the complete sets of nuclear receptors in 
three different species, representing three distinct arthropod taxonomic groups. The pea aphid 
Acyrthosiphon pisum represents the hemimetabolous insects, the bumblebee Bombus 
terrestris represents the holometabolous insects and the two-spotted spider mite Tetranychus 
urticae belongs to the Chelicerata. Before the start of this research, no full nuclear receptor 
sets from hemimetabolous and chelicerate species were reported. In general, the sets of 
nuclear receptors showed a high degree of conservation within arthropods. Most nuclear 
receptors were found to be shared throughout this phylum. Nonetheless, some remarkable 
differences have been found as well. For example, the pea aphid is missing the HR96 and 
NR2E6 gene, both present in most holometabolic insects. Whether this is a trait shared by 
most Hemiptera or hemimetabolous species is unsure. In the case of HR96, it could be a 
recent lineage-specific loss, given that the HR96s are found in Crustacea and Chelicerata as 
well. Another surprising result was the large number of nuclear receptors (30) found in T. 
urticae compared to other insects (19-22). This was due to an expansion in the NR1 subfamily, 
mainly of the HR96 group. These HR96s could possibly be linked to the well documented 
adaptability towards host plants and pesticides that spider mites possess. Additionally, a 
homolog for HR10, which was recently discovered in Daphnia pulex and is not present in 
insects, was also found. 
 
Following the annotation work of all nuclear receptors, two of these receptors were also 
examined into more detail, namely the EcR and RXR/USP, which form the functional 
ecdysteroid receptor. The pea aphid EcR and USP showed high similarity to those found in 
other insect species. Protein modelling of the ligand binding domain revealed the canonical 
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structure consisting of 12 α-helices and 2 β-sheets. In T. urticae, we found that this chelicerate 
surprisingly possesses two RXRs and, based on in silico protein modelling and docking 
experiments, that TuEcR seems unable to bind with the main insect moulting hormone 20-
hydroxy-ecdysone (20E) while it does prove to be capable bind Ponasterone A (PonA). 
 
In Chapter 4, we investigated the Halloween genes in the pea aphid and the spider mite. These 
genes encode cytochrome P450 proteins which are responsible for the biosynthesis of 
ecdysteroids in Arthropoda. Surprisingly, the two-spotted spider mite seems to be missing one 
of these genes, namely phantom, encoding for a 25-hydroxylase responsible for the 
conversion of 2,22,25dE-ketodiol to 2,22dE-ketotriol. The main consequence of this loss 
would be that, instead of 20E, PonA would be synthesized in the spider mite as the main 
moulting hormone. Mass spectrometry analysis confirmed this hypothesis and showed that 
PonA is the main moulting hormone in this chelicerate. 
 
In the final chapter, we attempted to use the novel RNA interference (RNAi) technique as a 
way to start the functional analysis of these nuclear receptors. However, despite intensive 
attempts, RNAi in the pea aphid appears to be inefficient. Attempts to silence EcR and USP 
did not cause a phenotype, and expression analysis via real-time qPCR confirmed this 
observation. We then attempted to reproduce two experiments where RNAi has been reported 
to work in the pea aphid. However, no effect was seen here as well. As a result, we conducted 
a first investigation related to the factors that might determine RNAi success and efficiency. 
Two important factors were investigated in this thesis. We first took a look at the possible 
degradation of dsRNA by digestive secretions or in the haemolymph and found that a strong 
dsRNA-digesting activity was found. Second, we investigated the expression of a number of 
RNAi-related genes and examined whether administering dsRNA would have an effect on the 
expression of these genes. We found that the five genes, namely dcr-2, ago2, r2d2, eri1 and 
sid-1, were expressed at a relatively high level and that administering dsEcR did not have an 
effect on their expression levels. 
 
Since a large part of this work can be considered fundamental research, the annotation results 
presented in this thesis are mainly a basis for future research on nuclear receptors in 
Arthropoda. Further research will have to elucidate the role these nuclear receptors have in 
key metabolic and developmental processes, find out how they play their specific part in 
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certain pathways and also how they cross-talk between different pathways. Further research is 
also needed towards orphan receptors. Indeed, most nuclear receptors are still categorized as 
orphan receptors because the ligand is simply not known at this time. Finding ligands for 
these orphans could lead to new ways of thinking in nuclear receptor research and may also 
deliver possible new pest control targets.  
 
The work on RNAi highlighted that the observed variability in RNAi efficiency throughout 
the Class of Insecta also counts for the pea aphid. Factors which could be involved in this 
observed inefficiency, such as nucleases, lack of uptake or perhaps interference by viruses, 
should be further investigated, not only in the pea aphid, but also in other insects where RNAi 
has proven to be difficult to achieve. Given its selectivity, RNAi could become an important 
tool in pest control. Therefore, more research towards this mechanism in pest organisms is 
needed.
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De nucleaire receptoren vormen een belangrijke eiwit-superfamilie. Het zijn 
transcriptiefactoren die de expressie reguleren van genen die betrokken zijn in een breed scala 
aan biologische processen. Hun rol in vervelling en metamorfose, embryogenese, 
celdifferentiatie, en reproductie zijn goed gedocumenteerd. Deze eiwitten vertonen in het 
algemeen een hoge graad van conservering in het dierenrijk. Met name het DNA-
bindingsdomein van deze receptoren is heel sterk geconserveerd. Tegelijkertijd is er ook heel 
wat diversiteit te vinden binnen deze groep nucleaire receptoren. Enerzijds doordat hun 
ligand-bindingsdomein minder geconserveerd is en doorheen de evolutie gezorgd heeft voor 
een hele reeks aan verschillende liganden. Anderzijds is er ook diversiteit ontstaan door een 
reeks genduplicaties en -verliezen doorheen de evolutie in het dierenrijk. 
 
Deze thesis kan opgedeeld worden in drie grote delen. In een eerste deel hebben we de 
diversiteit van nucleaire receptoren binnen het fylum van de Arthropoda onderzocht via de 
annotatie van deze eiwitten in drie verschillende species binnen deze taxonomische groep. De 
bonenbladluis Acyrthosiphon pisum (Hemiptera) vertegenwoordigt de hemimetabole insecten, 
de hommel Bombus terrestris (Hymenoptera) vertegenwoordigt de holometabole insecten, en 
de spintmijt Tetranychus urticae hoort bij de cheliceraten. Bij de start van dit project was van 
geen enkele geleedpotig organisme buiten de holometabole insecten een volledige set 
nucleaire receptoren bekend. Zoals verwacht vertoonden de nucleaire receptoren een hoge 
graad van conservatie binnen de arthropoden. De meeste nucleaire receptoren worden gedeeld 
doorheen dit fylum. Anderzijds werden ook een aantal opmerkelijke verschillen opgemerkt. 
Bij de bladluis bijvoorbeeld ontbreken twee nucleaire receptoren, zijnde HR96 en NR2E6, die 
wel aanwezig zijn bij de meeste holometabole insecten. Het is op dit moment nog ongekend 
of dit ook het geval is bij andere Hemiptera of hemimetabole insecten. Maar in het geval van 
HR96 gaat het waarschijnlijk om een recent verlies aangezien deze nucleaire receptor wel 
teruggevonden is in Crustacea en Chelicerata. Een ander opmerkelijk resultaat was het grote 
aantal nucleaire receptoren dat werd gevonden in het T. urticae genoom (30) in vergelijking 
met insecten (19-22). De oorzaak hiervan was een expansie in de NR1 subfamilie, meer 
bepaald van de HR96 groep. Deze nucleaire receptoren lijken gelinkt te kunnen worden aan 
het welbekende vermogen van spintmijten om zich aan te passen naar verschillende 
waardplanten alsook pesticiden. Naast een expansie van de HR96 groep werd ook een 
homoloog gevonden van HR10, een nucleaire receptor die onlangs voor het eerst werd 
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ontdekt in de watervlo Daphnia pulex en dat vooralsnog niet aanwezig blijkt te zijn in 
insecten. 
 
Na het annoteren werden twee nucleaire receptoren, namelijk EcR en RXR/USP, verder in 
detail bekeken. Deze twee vormen de functionele ecdysteroïdreceptor en zijn een target voor 
een belangrijke klasse van insecticiden. De EcR en USP van de bonenbladluis A. pisum 
bleken een hoge graad van gelijkheid te vertonen met deze in andere insecten. Een in silico 
3D-model van het ligand-bindingsdomein van het eiwit werd gemaakt en dit vertoonde de 12 
α-helices en 2 β-sheets die typisch zijn voor de structuur van dit domein. Bij T. urticae 
vonden we verrassend genoeg twee RXRs en ook dat TuEcR niet in staat is om 20-hydroxy-
ecdysone (20E) te binden op basis van in silico eiwit modelering en docking experimenten. 
Wel bleek de receptor in staat te zijn om te binden met ponasterone A (PonA). 
 
In hoofdstuk 4 hebben we de Halloween genes in de bonenbladluis en de spintmijt onderzocht. 
Deze genen coderen voor cytochroom P450 eiwitten die verantwoordelijk zijn voor de 
biosynthese van ecdysteroïden in Arthropoda. Verrassend genoeg bleek dat één van deze 
genen, namelijk phantom, in de spintmijt niet aanwezig was. Het belangrijkste gevolg hiervan 
is dat het onmogelijk wordt om 20E te produceren, maar PonA zou in de plaats geproduceerd 
worden. Massaspectrometrische analyse bevestigde deze hypothese en we hebben kunnen 
aantonen dat PonA inderdaad het belangrijkste ecdysteroïde hormoon in de spintmijt is. 20E 
werd niet gevonden. 
 
In het laatste deel van deze thesis werd een poging gedaan om RNA interferentie (RNAi) te 
gebruiken om een functionele analyse van deze nucleaire receptoren te starten. Ondanks 
verschillende pogingen slaagden we er echter niet in om RNAi in de bladluis te doen slagen. 
Pogingen om de expressie van EcR en USP te verlagen veroorzaakten geen duidelijk fenotype 
en een analyse van de expressie met behulp van real-time qPCR bevestigden deze observatie 
op het transcriptniveau. Vervolgens hebben we ook getracht om twee reeds gepubliceerde 
succesvolle RNAi experimenten te herhalen. Ook hier werd echter geen effect gezien. Ten 
gevolge van deze observaties hebben we een onderzoek gestart naar de factoren die mogelijks 
het succes en de efficiëntie van RNAi kunnen bepalen. Twee belangrijke factoren werden in 
deze thesis reeds onderzocht. Eerst hebben we gekeken naar mogelijke afbraak van dsRNA 
door verteringssecreties of in de hemolymfe, en we vonden een sterke degradatie van het 
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dsRNA bij allebei. Vervolgens hebben we ook de expressie van een vijftal genen die 
betrokken zijn bij RNAi bekeken en onderzocht of het toedienen van dsRNA een effect zou 
hebben op de expressie van deze genen. We vonden dat de vijf genen, namelijk dcr-2, ago2, 
r2d2, eri1 en sid-1, op een redelijk hoog niveau tot expressie kwamen en dat het toedienen 
van dsEcR geen effect had op de expressieniveaus van deze genen. 
 
Aangezien dit onderzoek voor een groot deel als fundamenteel onderzoek kan omschreven 
worden, moeten deze resultaten vooral als een basis dienen voor verder onderzoek naar 
nucleaire receptoren in Arthropoda. Onderzoek naar de rol van deze nucleaire receptoren in 
belangrijke metabolische en ontwikkelingsprocessen, alsook onderzoek naar de specifieke rol 
binnen bepaalde pathways moet gevoerd worden. Verder onderzoek is ook nodig naar de 
zogenaamde weeskindreceptoren. Van heel wat nucleaire receptoren is het ligand namelijk 
nog steeds niet gekend. Het ontdekken van liganden voor deze wezen kan leiden tot nieuwe 
inzichten in de functies van nucleaire receptoren. Daarnaast kan het ook mogelijke nieuwe 
targets opleveren voor gewasbescherming. 
Het RNAi-werk toonde aan dat de variabiliteit in de efficiëntie van RNAi die in een groot 
aantal insecten is geobserveerd, ook geldt voor bladluizen. Factoren die mogelijks betrokken 
zijn bij deze inefficiëntie, zoals nuclease-degradatie, gebrek aan opname van dsRNA of 
mogelijks de invloed van virussen moeten nog verder onderzocht worden. Niet enkel in de 
bladluis, maar ook in andere insecten waar RNAi moeizaam blijkt te zijn. Gezien de 
selectiviteit die deze techniek biedt heeft ze zeker ook een toekomst in de gewasbescherming. 
Meer onderzoek naar dit mechanisme in plaagorganismen is daarvoor ook broodnodig. 
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